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Intrinsic characteristics of Pacific sardines were determined. The lipid content 

in sardines was initially low (6.79%) in the beginning of the season, increased to 

22.95% in mid-August, and decreased slightly by the end of September. An inverse 

correlation (R2 = -0.90) was found between lipid and moisture content. Analysis 

showed that 20:5n3 was the most abundant fatty acid in sardine oil followed by 16:0 

and22:6n3. 

Microbial Upases from Candida Rugosa (CR), Candida cylindracea (CC), 

Mucorjavanicus (MJ), and Aspergillus niger (AN) were used for enzymatic 

hydrolyses of sardine oil to concentrate n-3 polyunsaturated fatty acids (n-3 PUFAs). 

Hydrolysis with CR and CC Upases resulted in a two-fold increase of docosahexaenoic 

acid while MJ and AN were less effective in concentrating n-3 PUFAs. Thin layer 



chromatography analysis showed that triglycerides were the predominant fraction in 

the final products. 

A new oil extraction method involving isoelectric point (pi) adjustment was 

compared with the heat processing method in terms of lipid recovery and quality. Oil 

extracted by adjusting pH to pi using tartaric acid and citric acid showed the highest 

oil recovery, followed by calcium tartarate (Ca-TA) and calcium citrate (Ca-CA). The 

oil extracted by heat contained the lowest total fatty acids and resulted in the lowest 

total n-3 PUFAs. Oil extracted by the heat process showed the highest TBA (value 

12.24) on 0 day while the lowest thiobarbituric acid reactive substance values were 

found in the oil extracted with Ca-TA and Ca-CA. 

A study was conducted to develop an immobilized-enzyme system to entrap 

CR lipase in chitosan-alginate-CaCl2 beads for the purpose of concentrating n-3 PUFA 

from sardine oil. Lipase was immobilized by an ionotropic gelatin method. Scanning 

electron microscopy analysis revealed that lipase had a strong influence on bead 

structure. Optimum pH of immobilized lipase shifted to pH 6.0 from that of free 

lipase (pH 7.0), and immobilized lipase showed higher stability against pH and 

temperature changes. Both free and immobilized lipases increased total n-3 PUFAs 

from 38.13% to 65.00% after 90 min of repeated hydrolysis. Among different lipid 

fractions, the diglyceride fraction contained the highest n-3 PUFAs. 
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EXTRACTION AND PRODUCTION OF N-3 
POLYUNSATURATED FATTY ACID CONCENTRATE FROM 

PACIFIC SARDINES (SADINOPS SAGAX) 

CHAPTER 1 

INTRODUCTION 

The Pacific sardine (Sardinops sagax) is a coastal pelagic fish found from the 

Gulf of California to Southeastern Alaska (Hammann, 1998; Hammann et al., 1988; 

Schweigert, 2002). Pacific sardines have recently made a strong biological comeback 

in the Oregon and Washington (OR-WA) coastal area, with an increase in catch 

volume from 776 metric tons (mt) with 3 vessels in 1999 to over 45,000 mt in 2005 

with 20 vessels. The Pacific sardine fishery is concentrated at the mouth of the 

Columbia River and most of the fish are 3-5 years old (McCrae and Smith, 2006). 

Currently, the majority of the sardine catch is frozen whole and sold at very low ex- 

vessel prices to Asian markets for use as long-line bait in the tuna fishery. Although 

Pacific sardines have valuable nutritional qualities, they have yet to be exploited for 

human consumption, especially here in the U.S. 

Sardines contain high amounts of lipids as well as high levels of n-3 

polyunsaturated fatty acids (n-3 PUFA), particularly eicosapentaenoic acid (EPA) and 

docosahexaenoic acid (DHA). Consumption of n-3 PUFAs has been associated with a 

variety of health benefits, including reduced incidence of coronary heart disease and 

mental health disorders as well as partial remediation of diabetes and various types of 

cancers (Alasalvar et al., 2002; Nettleton, 1995; Nettleton and Katz, 2005). Recent 

work has also demonstrated positive effects of these fatty acids on the development of 

brain and nervous tissue in infants (Innis, 2003; Innis, 2004). 

In order to maximize utilization of Pacific sardines for human consumption, 

sardine oil recovery and subsequent production of n-3 PUFA concentrate was 

investigated over the course of four research projects presented here. In Project 1, the 

intrinsic characteristics of Pacific sardines were studied. Determination of intrinsic 

factors including proximate composition and fatty acid profiles is important because 

these factors include inherent chemical/physiological characteristics in fish species, 
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and capturing sardines at their peak physiological condition can result in maximum 

utilization and increased economic benefits. The objective of this project was to 

determine intrinsic characteristics in sardines harvested off the OR-WA coast during 

the 2004 season and track changes in these characteristics as the season progressed. 

In Project 2, oil extraction from sardines by a conventional method using heat 

(wet reduction method) and production of n-3 PUFA concentrate from extracted 

sardine oil were investigated. Among a variety of possible methods to concentrate n-3 

PUFA levels in sardine oils, lipase-catalyzed hydrolysis was selected because the 

reaction is relatively simple and faster than other available methods, such as 

interesterification (Mohapatra and Hsu, 1999). Commercially available microbial 

lipases (1,3-specific and non-specific) were evaluated for efficiency in concentrating 

n-3 PUFAs. The objectives of this project were: to recover oil from sardines by the 

wet reduction method; develop n-3 PUFA concentrate using lipase-catalyzed 

hydrolysis; and determine the optimal processing parameters for n-3 PUFA production. 

Traditionally, industrial fish oil extraction uses a wet reduction method, which 

includes high temperature treatments (Aidos et al., 2003; Chantachum et al., 2000). 

The high levels of PUFAs in sardine oil are susceptible to oxidation, and it is known 

that high temperatures facilitate lipid oxidation. Oil extraction with high temperatures 

results in decomposition of PUFAs, including EPA and DHA, and production of trans- 

isomers of these fatty acids, resulting in decreased nutritional value (Toyoshima et al., 

2004). In Project 3, a new method for oil extraction without the use of heat was 

investigated. The objectives were to develop a new oil extraction method using pH 

adjustment and compare the new oil extraction method with the conventional wet 

reduction method in terms of lipid recovery and quality. 

Typical n-3 PUFA concentrate production requires addition of organic solvent 

(typically ethanol) to inactivate water-solubilized free lipases in the reaction medium. 

However, recovery and reuse of these lipases after each application can be difficult. If 

the enzyme can be immobilized, a simple n-3 PUFA concentrate production method 

without the use of organic solvent can be developed, where the lipase can be easily 

removed by filtration from the reaction medium and reused in another hydrolysis 
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reaction.   A study was conducted to develop an inunobilized-enzyme system to entrap 

lipase from Candida rugosa in chitosan-alginate-CaCl2 beads for the purpose of 

concentrating n-3 PUFAs from sardine oil (Project 4). The objectives of this project 

were to develop a new n-3 PUFA concentrate production method using immobilized 

lipase; determine the characteristics of the immobilized-lipase system, such as 

hydrolytic activity; determine the efficiency of immobilized lipase in n-3 PUFA 

concentration; and compare these characteristics with a free lipase system. 

The over all objective was to increase sardine utilization for human 

consumption through oil extraction and modification for nutritional purposes. A 

better understanding of seasonal variation of sardines and developing extraction and 

production of n-3 PUFA concentrate will provide useful information for the growing 

sardine industry and assist its expansion into new markets. 



CHAPTER 2 

LITERATURE REVIEW 

2.1 METHODS FOR THE PRODUCTION OF N-3 POLYUNSATURATED 

FATTY ACID CONCENTRATE 

With growing public awareness of the clinical benefits of n-3 polyunsaturated 

fatty acid (n-3 PUFA), researchers have been developing a variety of techniques to 

produce n-3 PUFA concentrate from fish oil (Shahidi and Wanasundara, 1998). These 

methods include supercritical extraction with CO2 (Hsieh et al., 2005; Riha and 

Brunner, 2000), fractional solvent crystallization (Chen and Ju, 2000; Chen and Ju, 

2002; Ganga et al, 1998), urea complexation (Adachi et al., 1993; Guil-Guerrero and 

Belarbi, 2001; Hwang and Liang, 2001; Wanasundara and Shahidi, 1999), 

esterification (Akimoto et al., 2003; Haraldsson et al., 1997; Robles et al., 1999; 

Schmitt-Rozieres et al., 2000), hydrolysis (Linder et al., 2005; Rakshit et al., 2000; 

Sun et al., 2002; Ustun et al., 1997; Zheng et al., 2005), supercritical fluid and silver- 

resin chromatography (Alkio et al., 2000; Nieto et al., 1997), acidolysis (Adachi et al., 

1993; Garcia et al., 2000; Gonzalez Moreno et al., 2004; Ramirez Fajardo et al., 2003), 

and any combination of such methods (Adachi et al., 1993; Gamez-Meza et al., 2003; 

Ganga et al., 1998). A goal in concentrating fish n-3 PUP As from fish oil is to 

maximize the triglyceride (TG) moiety, which is considered to be more nutritionally 

favorable than methyl or ethyl esters of these fatty acids. Experimental results have 

shown impaired intestinal absorption of methyl or ethyl esters of n-3 PUFAs (as 

compared to TGs) in laboratory animals (Lawson and Hughes, 1998; Lin et al., 2006). 

Among the available methods for production of n-3 PUFAs concentrate in glyceride 

form, enzymatic processes using lipases, including interesterification and hydrolysis, 

have been extensively studied. 

Interesterification of glycerides involves rearrangement of fatty acids in TG 

with the addition of PUFA concentrate in the free fatty acid (FFA) form. This reaction 

is carried out in organic solvents where lipase stimulates acyl-group migration 
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between the individual glyceride molecules (Bomscheuer, 2000; Uhlig, 1998). 

Hydrolysis is a simple hydrolase-catalyzed reaction involving the enzymatic cleavage 

of specific fatty acids (Bomscheuer, 2000). This reaction results in a mixture of 

mono-, di-, triglycerides and FFAs depending on degree of hydrolysis. Both the 

interesterification and hydrolysis reactions are reversible and, under low water activity 

conditions, the enzyme functions 'in reverse', that is the synthesis of an ester bond 

rather than its hydrolysis (Miller et al., 1988; Shahidi and Wanasundara, 1998). 

The use of lipases as biocatalysts has considerable merits: superior efficacy 

under mild reaction conditions reduced environmental pollution, few side products, 

high availability from a wide range of sources, and high adaptability for modifications 

(Rakshit et al., 2000; Xuebing, 2000). Production of n-3 PUFA by utilizing lipases 

has advantages over traditional methods such as chemical hydrolysis and chemical 

interesterification since such methods involve high temperatures which may partially 

destroy the natural a\\-cis n-3 PUFA by oxidation and by cis-trans isomerization 

(Senanayake and Shahidi, 1999). Enzymatic reactions can be carried out under mild 

conditions such as neutral pH and low temperature, which could save energy and 

increase product selectivity. Also, use of lipase for n-3 PUFA concentration has a 

potential benefit in that the n-3 PUFA concentrates are in glyceride form. Therefore, 

the procedures have become popular and their industrial production is gaining 

momentum (Shahidi and Wanasundara, 1998). 

2.2 MICROBIAL LIPASES FOR N-3 POLYUNSATURATED FATTY ACID 

CONCENTRATE PRODUCTION 

Lipases (triacylglycerol acylhydrolases) are hydrolases that act on carboxylic 

ester bonds resulting in a separation of the fatty acid from the glyceride backbone 

(Houde et al., 2004). They posses the unique feature of acting at the aqueous and non- 

aqueous interface which distinguishes them from esterases (Vakhlu and Kour, 2006) 

Lipases can be obtained from either animals, plants or microbes; however, microbial 

lipases have gained much attention due to their multifold properties, easy extraction 
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procedures, virtually unlimited supply, thermostable nature, and ability to carry out 

reactions without use of a co-lipase (Xuebing, 2000). Microbial Upases can be divided 

into two categories: regiospecific (non-specific and 1,3-specific) and fatty acid 

specific (Gupta et al., 2003). Non-specific Upases show no specificity regarding the 

position of the ester bond in the glycerol molecule. Non-specific Upases cleave TG 

into FFA producing intermediate 1,2-, or 2,3-diglycerides (DG). Examples of 

enzymes in this category are Upases from the microorganisms Candida cylindracae 

and Candida rugosa. The 1,3-specific Upases possess stereospecificity with respect to 

positions 1 and 3 of the glycerol residue, resulting in 2-monoglyceride (MG) and a 

mixture of fatty acids (Uhlig, 1998).   This type of specificity is common among 

microbial Upases and is the result of the sterically-hindered ester bond at the 2- 

position, which is unable to enter the active site of the enzyme. These Upases can be 

obtained from Aspergillus niger, Mucor javanicus, and Rhizopus arrhizus (deMan, 

1999). Table 1 shows commercially available microbial Upases and their specificities 

(modified from Xuebing, 2000). Fatty acid specific Upases show specificity for 

particular fatty acids. This category includes lipase from C. rugosa, which has fatty 

acid chainlength selectivity, showing higher activity with relatively short chain fatty 

acids such as C18 or below (McNeill et al., 1996). In contrast, lipase from 

Geotrichum candidum possesses specificity for long chain fatty acids that contain a cis 

double bond in the 2- position of TG (deMan, 1999). 



Table 2.1 Commercially available microbial lipases for 
lipid modification. 

Lipase source Specificity 

Aspergillus niger 1,3 » 2 

Candida cylindcea non-specific 

Candida lipolytica 1,3 > 2 

Candida rugosa non-specific 

Mucorjavanicus 1,3 » 2 

Rhizomucor miehei 1>3 » 2 

Penicillium roquefortii 1,3-specific 

Rhizopus delemar 1,3 » 2 

Rh izopus javan icus 1,3 > 2 

Rhizopus japonicus 1,3 > 2 

Rhizopus niveus 1,3 > 2 

Pseudomonas fluorescens 1,3 > 2 

Rhizopus arrhizus 1,3 > 2 

2.3 INTERESTERIFICATION 

Interesterification can be defined as modifying the properties of a TG 

molecule by changing its fatty acid composition (Uhlig, 1998). Enzymatic 

interesterification systems consist of the lipase catalyst and a very small amount of 

water dispersed in a continuous organic phase comprising the reactants and an 

optional solvent such as hexane. Lipases bind at the interface between aqueous and 

organic phases and catalyze hydrolysis. In the presence of organic solvents, lipases 

catalyze the synthesis of new esters and modify lipid composition of the glycerides 

(Benjamin and Pandey, 1998). 

Interesterification can be broadly categorized into four groups involving 

exchange of acyl moieties between (1) an ester and an acid (acidolysis), (2) an ester 
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and a glycerol (glycerolysis), (3) an ester and an alcohol (alcoholysis), or (4) an ester 

and an ester (transesterification) (Nawar, 1996). 

2.3.1 Acidolysis 

Among the available methods to concentrate n-3 PUFAs, acidolysis is one of 

the most intensively studied applications. Acidolysis reactions generally consist of oil, 

lipase and an excess level of PUFA/n-3 PUFA concentrates or eicosapentaenoic acid 

(EPA)/docosahexaenoic acid (DHA) as FFAs. The use of an organic solvent, usually 

ethanol, propanol, octanol or glycerol, is common for this application. 

Lipase from Pseudomonas spp. is often used for acidolysis reactions, and it 

has been reported to be the most effective lipase for incorporation of n-3 PUFA into 

borage and evening primrose oil as compared to lipases from Mucor miehei and 

Candida Antarctica (Senanayake and Shahidi, 1999). The optimum conditions 

reported for lipase from Pseudomonas spp. were 278-299 U lipase per g oil at 42-430C 

with 24-26 h reaction time. According to the results, 35.5% and 33.6% EPA + DHA 

incorporation into borage and evening primrose oils were achieved, respectively. 

Rakshit (2000) studied acidolysis of hydrolyzed tuna oil using Pseudomonas 

fluorescens lipase and demonstrated that fatty acid specificity of the lipase is highly 

influenced by the alcohol used in the reaction, where long chain alcohols such as 

octanol showed the best result. This method resulted in a yield of 80%) for DHA and 

70% for EPA with an enrichment of 45% EPA and 11% DHA in the unesterified FFA. 

Adachi et al. (1993) reported that concentration of EPA and DHA from sardine oil was 

achieved by acidolysis with Pseudomonas spp. lipase. Acetone was more effective 

than n-hexane as a solvent for dissolving the reactants and concentrating EPA and 

DHA. The amount of lipase used was 10,000 U per g oil, and the total percent of EPA 

and DHA in the glycerides reached 65%. Enrichment of DHA in sardine oil from 

sardine cannery effluents using Lipozyme™ was studied and shown to be highly 

efficient for DHA enrichment (80%), whereas EPA was not concentrated significantly 

(Schmitt-Rozieres et al., 2000). In general, factors that affect acidolysis efficiency 

include use of different kinds of alcohols, the presence of water, temperature and 
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lipase concentration. Also, Tanaka et al. (1994) suggested two important factors for 

obtaining TGs rich in DHA: 1) the original TG has to be of high DHA, and 2) the 

DHA content of FFA used in the acydolysis reaction has to be high. 

2.3.2 Glycerolysis 

A typical glycerolysis reaction can be carried out with glycerol, PUFA 

concentrate, hexane, water and lipase. Optimum reaction conditions reported by 

Robles Medina et al. (1999) were 100 mg of lipase, 9 ml hexane, and a molar ratio of 

1.2 to 3 for glycerol and PUFA concentrate. PUFA concentrate obtained from cod 

liver oil was esterified with glycerol by Novozyme 435 with hexane. This reaction 

resulted in high levels of EPA and DHA (25.7% and 44.7% of total fatty acid, 

respectively) in TG form. 

Robles et al. (1998) also investigated lipase-catalyzed glycerolysis with n-3 

PUFA concentrate from winterized menhaden oil. The reaction was run with different 

organic solvents (hexane, isooctane, ethyl acetate, t-butanol, 2- propanol or 

chloroform), glycerol, winterized menhaden oil, water and lipase from Pseudomonas 

spp. Of all the organic solvents tested, hexane was selected as the most suitable. 

Optimum reaction conditions were reported to be T = 390C for 18 h in a reaction 

mixture containing 2 ml hexane, 1.5 ml glycerol (47.3%), 0.1 ml water, 0.1 ml lipase 

solution (1%» w/v) and 1 ml n-3 enriched oil {2% in hexane). The total concentrations 

of EPA and DHA in the final product were 20 and 15%), respectively. He and Shahidi 

(1997) also studied enzymatic synthesis of glycerides directly from glycerol and n-3 

PUFA concentrate prepared from sea blubber oil with organic solvent. Glycerolysis 

catalyzed by lipase from Chromobacterium viscosum resulted in the highest 

esterification rate. The highest glycerides synthesis reached 94.3%, where the DG 

fraction was the highest (43.1%) of all fractions. This fraction contained fairly high 

levels of EPA and DHA (25.25% and 49.71%, respectively). 

Esterification of hydrolyzed oil (FFA form) from sardine, tuna and herring oil 

with glycerol was studied using Rhizomucor miehei lipase (Halldorsson et al., 2003). 

While most of the study focused on increasing both EPA and DHA in the final product, 
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this study was rather unique in that EPA concentrate in glyceride form and DHA 

concentrate in FFA form were generated separately from the same hydrolyzed fish oil. 

The purpose was to meet a demand both for EPA concentrates with low DHA content 

for specific EPA-related health effects and DHA concentrates with low EPA content 

for infant formulas. The mechanism utilized the different kinetic resolutions of EPA 

and DHA, which occur during the esterification reaction when the rate constant for 

EPA is not equal to the rate constant for DHA. In the typical procedure, the mixture 

for glycerolysis consists of 1.0 g lipase, a 10.0 g mixture offish oil FFA and 1.59 g 

glycerol. It was reported that after 48 h of reaction with hydrolyzed tuna oil 

containing 5% EPA and 25% DHA (area %), the residual FFA contained 78% DHA 

and only 3% EPA with 19% DHA recovery, and the glycerides contained 6.7% EPA 

and 5.0% DHA with 90% EPA recovery. It was also suggested that the type offish oil 

and extent of conversion were highly important parameters in controlling the degree of 

concentration. 

In regards to production of structured lipids, several studies have reported 

incorporation of n-3 PUFA into plant oil such as palm oil and soybean oil. Ramirez 

Fajardo et al. (2003) reported that lipase-catalyzed acidolysis using a commercially 

available FFA mix along with organic solvent could result in the successful 

incorporation of n-3 PUFA into palm oil. Akimoto et al. (2003) was able to 

incorporate n-3 PUFAs into soybean oil with acidolysis using a commercially 

available immobilized R. miehei lipase and PUFA concentrate prepared from sardine 

oil. 

2.3.3 Alcoholysis 

Typically, an alcoholysis reaction consists of oil, lipase and alcohol, mainly in 

the form of ethanol (ethanolysis). The saturated fatty acid (SFA) and mono 

unsaturated fatty acid (MUFA) fractions can be converted to ethyl esters, while n-3 

PUFAs including EPA and DHA remain attached to the residual acylglycerides. In 

addition to acidolysis reactions, lipases from Pseudomonas spp. have been reported to 

be efficient catalysts in alcoholysis reactions. Production of EPA and DHA 
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concentrate from sardine oil has been investigated by ethanolysis with 17 different 

commercially available Upases (Haraldsson et al., 1997). In accordance with a typical 

ethanolysis procedure, 8500 U of lipase was added to a mixture of the sardine oil TG 

(5.0 g) and absolute ethanol (0.8 g), and the reaction was carried out at room 

temperature for a prolonged time. The study demonstrated that Pseudomonas Upases 

have the highest activity toward SFA and MUFA, and the lowest activity toward 

PUFAs. After 24 h at 20oC, there was a 50% conversion of SFA and MUFA into 

ethyl esters, while the n-3 PUFAs remained in the residual mixture in glyceride form, 

with 50% of total EPA and DHA content. In a study examining ethanolysis with 

lipase from P. fluorescenes, DHA and EPA were enriched to total of 74% in the 

glyceride mixture (Rakshit et al., 2000). 

2.3.4 Transesterification 

Transesterification for the production of n-3 PUFA concentrate from fish oil 

has not been as thoroughly studied as other methods discussed here. Lin et al. (2006) 

investigated enrichment of n-3 PUFAs of menhaden oil by transesterification using the 

1,3-specific lipase M. miehei and supercritical carbon dioxide as a solvent. Free n-3 

PUFA was prepared from menhaden oil by the urea inclusion method involving 

saponification, formation of the urea inclusion complex, and extraction of free n-3 

PUFAs. The resulting n-3 PUFA concentrate, which contained 71.2% EPA + DHA 

(wt/wt%), was subjected to transesterification withM miehei lipase and TG in 

menhaden oil. The optimum temperature for this process was determined to be 50oC. 

A positive effect was reported with a 10%) ethanol addition, and the n-3 PUFA content 

in TG was reported to increase from 35%) to 56%) (wt/wt%>). 

2.4 HYDROLYSIS 

In hydrolysis reactions, Upases catalyze the hydrolysis of fatty acid ester bond 

in the TG and release FFA (Sheldon, 1993). Factors that have been suggested to 

affect the reaction rates of Upases include: the positional specificity of the enzyme, the 

rate of the reverse reaction, the reactivity of lipase toward specific fatty acids, lipase 
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concentration, substrate concentration, temperature, pH and presence or absence of 

metallic ions (Sun et al., 2002; Tanaka et al, 1992; Uhlig, 1998; Uhlig, 1998). 

Concentration of n-3 PUFA utilizing lipases is based on the fatty acid specific 

mechanism of lipase toward the SFA and MUFA, leaving n-3 PUFAs intact on the 

glyceride moiety as shown in Fig. 2.1 (Wanasundara and Shahidi, 1998). The 

molecular conformations of cis carbon-carbon double bonds in PUFAs, particularly 

EPA and DHA, result in bending of the chains. This brings the terminal methyl group 

of these fatty acids close enough to the ester bond to cause a steric hindrance effect on 

lipase. Therefore, the lipase active site cannot interact with the ester linkage between 

these fatty acids and glycerol, protecting EPA and DHA from lipase-catalyzed 

hydrolysis. However, hydrolysis with lipase is not hindered in the case of the 

relatively straight chains of SFAs and MUFAs (Carvalho et al., 2002; Shahidi and 

Wanasundara, 1998). 

Lipase-catalyzed enzymatic hydrolysis holds significant advantages over 

competing methods in that hydrolysis reactions are generally faster and simpler than 

other reactions such as interesterification (Mohapatra and Hsu, 1999) which generally 

involve organic solvents (e.g. ethanol) as substrates in the reaction mixture, requiring 

increased caution with handling and discarding procedures. 

In general, enzymatic lipid hydrolysis systems consist of the oil, a lipase 

catalyst and a selected buffer at the optimum pH for the lipase (Fig. 2.2). After 

hydrolysis, lipase is inactivated by addition of alcohol or high heat treatment. FFA 

released by hydrolysis in the obtained oil are removed by neutralization, typically with 

potassium hydroxide, followed by liquid-liquid extractions using water and a solvent 

such as hexane. The hexane layer, which contains higher levels of n-3 PUFAs 

compared to the original unhydrolyzed oil, can be separated by separatory funnel, and 

an n-3 PUFA concentrated oil is obtained after the hexane is evaporated. In the case 

of immobilized lipase, a simple lipase removal by filtration can be carried out after the 

hydrolysis reaction, with no need for an organic solvent. 
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Figure 2.1 Reaction schemes for the lipase-catalyzed hydrolysis offish oil and concentration of n-3 PUFA. 
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Linder et al. (2005) extracted oil from salmon heads enzymatically using 

commercially available proteases, and recovered oil was hydrolyzed with lipase from 

Aspergillus oryzae (1,3-specific lipase) to concentrate n-3 PUFAs. A reaction mixture 

containing 1000 g oil, 200 Kilo Lipase Units, and 1000 ml of distilled water was 

incubated at 370C, pH 7.0 for 12 h. The resulting hydrolyzed oil was then subjected to 

membrane filtration in order to separate FFA from glycerides. The results show that 

the total PUFA levels increased by hydrolysis reaction followed by FFA removal from 

41.6% in the crude oil to 46.5% in refined oil, with increases in both DHA (from 9.9 

to 11.6%) and EPA (from 3.6 to 5.6%). 

Carvalho et al. (2002) investigated EPA and DHA enrichment from sardine oil 

by hydrolysis with four different microbial lipases. Enzyme (150 U of each) was 

reacted with 500 mg sardine oil in 3.5 ml potassium phosphate buffer (pH 7.0, 0.08 

M). The results showed that C. cylindracea (non-specific) lipase increased total levels 

of EPA and DHA from 25.5% in the original oil to 40.4% in the refined oil. Most of 

the enrichment took place with DHA, which experienced a 2-fold increase in 

concentration; EPA content, on the other hand, did not change significantly following 

hydrolysis. Non-specific lipases were reported to be more effective for the enrichment 

of DHA compared to 1,3-specific lipases, such as Aspergillus oryzae lipase, in 

agreement with other studies (Sun et al., 2002). Sun et al. investigated n-3 PUFA 

concentrate production from salmon viscera oil using lipase-catalyzed hydrolysis with 

6 different commercially available lipases. Hydrolysis reaction mixtures contained 4 g 

viscera oil, 3200 U lipase, and phosphate buffer, and the reaction was carried out for a 

prolonged period of time at 350C with constant agitation. The results demonstrated 

that non-specific lipases, such as those from Pseudomonas cepacia and C. rugosa, 

were the most effective of all lipases tested. After 12 h of hydrolysis, EPA content 

increased from 64 to 91 mg/g, and DHA content increased from 53 to 91 mg/g. 

Wanasundara and Shahidi (1998) also reported that hydrolysis with non-specific lipase 

was more effective in concentrating n-3 PUFA levels in marine oil (seal blubber oil 

and menhaden oil) among a number of commercial microbial lipases {A. niger, C. 

cylindracea, C. viscosum, G. candidum, M. miehei, Pseudomonas spp., Rhizopus 
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oryzae, and Rhizopus niveus). C. cylindracea was found to be the most effective at n- 

3 PUFA concentration, increasing total n-3 PUFAs from 20.18% to 43.50% in seal 

blubber oil and from 30.95% to 44.10% in menhaden oil after 40 h hydrolysis. 

Zhen et al. (2005) concentrated PUFAs in commercially available fish oil 

(species undefined) by hydrolysis with five commercially available lipases 

(Penicillium expansum, P. cyclopium, Candida lipolytica, A. oryzae and Pancreatic 

lipases). Lipase from A. oryzae showed the highest efficiency in regards to PUFA 

concentration, with increases in both EPA (from 3.0 to 9.0%) and DHA (from 4.3% to 

16.5%)) after a 24 h hydrolysis reaction. 
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3.1 ABSTRACT 

Intrinsic characteristics of sardines harvested off the Oregon-Washington coast 

were determined. Analyses included physical measurements, proximate composition, 

lipid composition and fatty acid profiles during the 2004 season. The average weight 

of sardines was 189.18 ± 33.26 g and length was 27.41 ± 1.76 cm (n= 230) throughout 

the season. The lipid content was initially low (6.79%) in the beginning of the season 

in June, increased to 22.95% in mid-August, and decreased slightly by the end of 

September. An inverse correlation (R = -0.90) was found between lipid and moisture 

content. Lipid composition analysis showed triacylglycerides as the predominant lipid 

fraction ranging from 78.62% to 80.93% while the phospholipids fraction was the 

lowest (1.83% to 2.13%)). Free fatty acid levels decreased slightly as the season 

progressed from 6.81%) to 5.05%. Analysis showed that 20:5n3 was the most 

abundant fatty acid in sardine oil followed by 16:0 and 22:6n3 fatty acids. The level 

of 20:5n3 fatty acid was slightly higher in August - September (ranging from 23.91% 

to 24.51%)) than earlier in the season (21.77% to 22.45%). 

Keywords: Sardine, lipid, proximate analysis, gas chromatography, thin layer 

chromatography 
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3.2 INTRODUCTION 

Sardines are subtropical species existing in areas of subarctic and tropical 

ocean mixing, where they constitute some of the most voluminous fisheries species in 

the world (Leonardis and Macciola, 2004; Lluch-Belda et al., 1991). They are 

gregarious plankton-eating fish that live in large schools in the open sea and are 

usually found in the upper trophic levels of the ocean (Leonardis and Macciola, 2004). 

The Pacific sardine {Sardinops sagax) is a coastal pelagic fish found from the Gulf of 

California to southeastern Alaska (Hammann, 1998; Hammann et al., 1988; 

Schweigert, 2002). Pacific sardines were first landed commercially in the Pacific 

Northwest during the 1935-36 season and continued to be a very active fishery until 

collapsing in the early 1940s (Emmet et al., 2005). The abrupt decline in abundance 

of Pacific sardines is largely related to ocean temperature changes linked to climate or 

ocean regime changes that vary over periods of about fifty years (Chavez et al., 2003). 

A new Pacific sardines fishery began in the Oregon-Washington (OR-WA) 

coastal area in 1999 and the catch volume increased from 776 metric tons (mt) in 1999 

to over 45,000 mt in 2005 (Fig. 3.1) (McCrae and Smith, 2006). Sardine landings 

generally begin in June and peak in August-September depending on catch rates and 

fishery quotas (Emmet et al., 2005). 
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Figure 3.1 Changes in sardine landing&ajid vessels targeting sardines 
from 1999 to 2005 in Oregon-Washington coastal area. 



20 

Sardines and other pelagic fish are often termed fatty fish with lipid content 

that can reach levels in excess of 20% but can also drop below 4%, depending on time 

of year (Caponio et al., 2004). This variability depends on several factors including 

seasonality, metabolic function, food availability and type, sea water temperature, 

maturity, spawning and geographic location (Aidos et al., 2002; Leonardis and 

Macciola, 2004). Sardines contain high levels of lipids and high amounts of long- 

chain n-3 polyunsaturated fatty acids (LC-PUFA) including 20:5n3 and 22:6n3, also 

known as eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA), respectively. 

These fatty acids play important physiological roles in fish as components of 

membrane phospholipids and as precursors of biologically active eicosanoids 

(Rodriguez et al., 2004). 

The nutritional importance of fish oil for human nutrition is well known and is 

mainly associated with EPA and DHA. These fatty acids have been shown to exhibit 

several beneficial effects on human health including reduction of coronary heart 

disease, partial remediation of diabetes, delay of the onset of Alzheimer's disease, and 

inhibition of various types of cancers (Alasalvar et al., 2002; Holub and Holub, 2004; 

Nettleton and Katz, 2005). Recent work also has demonstrated positive effects of 

these fatty acids in the development of brain and nervous tissue for infants (Innis, 

2003; Innis, 2004). It has been reported that n-3 PUFAs are effective in reducing the 

risk of behavioral and learning disorders including attention deficit hyperactivity 

disorder, dyslexia, dyspraxia and autism (Ruxton et al., 2004) as well as mental illness 

such as depression, suicidal tendencies and other violent behaviors (Hibbeln and 

Salem, 2001). Studies suggest that intake of n-3 PUFAs has beneficial effects on 

symptoms of Alzheimer's disease such as short-term memory loss, depressed mood, 

and inability to sleep, as well as end-stage Huntington's disease (Haag, 2003; 

Tiemeier et al., 2003). 

Although the sardine biomass for the U.S. fishery stretches along the West 

Coast from Mexico to Alaska, the fishing activity is concentrated at the mouth of the 

Columbia River, which borders WA and OR. Sardine schools are located by fixed- 

wing airplane and harvested by large purse seining vessels (25-40 m) which can 
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capture 20-40 mt each set. The fish are pumped directly from the nets into refrigerated 

seawater holds on board the vessels and rapidly cooled to < 4°C (Dion, 2003). The 

fish are normally harvested in the afternoon and off-loaded at processing plants within 

8 h of capture, graded by size, packed into 10 kg boxes and frozen. This allows for 

rapid turnover from harvests to final product and helps maintain a very high quality. 

However, most landings at Astoria, OR (located near the mouth of the Columbia River) 

have been processed as bait for the overseas long-line tuna fishery with low ex-vessel 

prices of approximately $100-120/metric ton. Sardines landed in Astoria tend to be 

relatively large in size, with average weights of about 150-180 g. While this has 

caused some concern in the bait-fish industry, which prefers smaller sardines (130-150 

g), it does provide opportunities for developing new products and directing these 

sardines toward human consumption. 

The objective of this study was to determine intrinsic characteristics in 

sardines harvested off the OR-WA coast during the 2004 season and track changes in 

these characteristics as the season progressed. A better understanding of seasonal 

changes that occur in the proximate composition and other parameters of sardines will 

provide useful information for the growing sardine industry and assist its expansion 

into new markets. 

3.3 MATERIALS AND METHODS 

3.3.1 Fish and sample preparation 

Sardines (Sardinops sagax) were harvested off the OR-WA coast by 

commercial purse seiners and samples were collected and analyzed between June 8 

and September 23, 2004. The sardines were pumped from the seine nets directly into 

refrigerated sea water holds aboard the vessels and rapidly cooled to < 40C. The 

sardines were off-loaded within 8 h of capture at local processing plants in Astoria, 

and separated into three different size groups. Seven of the smallest-, middle- and 

largest-sized sardines were randomly chosen, packed in ice and delivered to the 

laboratory on the day of catch. Analysis of the sardines began the following day and 

physical measurements (weight and length) were taken. The head, viscera and 
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backbone were removed from each fish, and skin-on fillets were obtained. The fillets 

from all three sizes were mixed together and minced by a vertical-cutter/mixer 

(Stephan Food Processing Technology, West Germany) for 2 min and kept in vacuum- 

sealed bags at -30oC for further analysis. In a separate set of experiments, sardines 

were separated by weight (150-199.9 g and 200-249.9 g) during the period of July to 

August to determine if sardine size had an effect on total lipid content. 

3.3.2 Proximate analysis 

Moisture analysis was carried out according to Association of Official 

Analytical Chemists (AOAC) method 934.01 (1998). Total nitrogen content was 

determined by Kjeldal method according to AOAC method 940.25 (1998) and 

multiplied by 6.25 to estimate the crude protein content. Ash content was 

gravimetrically determined using a muffle furnace by heating at 5150C to constant 

weight according to AOAC method 938.08 (1998). Total lipid content was 

determined by hydrolyzing the sample with hydrochloric acid in 100oC water bath and 

extracting the lipid fraction with diethyl ether and petroleum ether. The lipid was 

obtained after heating on 100oC hot plate and in an oven to remove the ether layers 

according to AOAC method 948.15 (1998). 

3.3.3 Thin-layer chromatography separation 

Extracted sardine lipids were subjected to thin layer chromatography (TLC) 

separation for lipid composition determination. Lipids were separated into 

triacylglyceride (TG), monoacylglyceride (MG), diacylglyceride (DG), free fatty acid 

(FFA), and phospholipids (PL). Samples were dissolved in hexane (10% solution, 

v/v), and an aliquot of 5 (j.1 sample mixture was loaded onto the silica plate (K6 silica 

gel 60, 200x200x0.25 mm, Whatman Inc., Brentford, UK). The developing solvent 

was hexane:diethylether:acetic acid (60:40:2, volume basis). Spots were visualized by 

spraying 5% sulfuric acid solution followed by drying at 100oC on the hot plate for 30 

min. Quantification was done by densitometory ChemDoc with Quantity One software 

(Bio-Rad, Hercules, CA). Commercially available TLC standard (Cat. No. 18-1A and 
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18-5 A, Nu Check Prep, Inc., Elysian, MN) was used for qualification, and fraction 

levels were expressed as wt/wt%. 

3.3.4 Determination of fatty acid composition by gas chromatography 

Fatty acids in sardine oil were converted into fatty acid methyl esters (FAME) 

according to AOAC method 991.39 (1998), and their composition was determined by 

gas chromatography (GC). A Hewlett-Packard 5890 Series II gas chromatograph 

(Palo Alto, CA) equipped with a flame-ionization detector and capillary column (EC- 

wax, 30 m X 0.25 mm i.d; split ratio, 100:1; Alltech, Deerfield, IL) was used for 

analyzing FAME. Parameters of the GC system were set as follows: injector and 

detector temperatures 250oC and 270oC, respectively; the column temperature was set 

to 50oC and gradually heated to 180oC at a rate of 50C/ min, then slowed to a rate of 

0.8oC/ min until it reached 220oC; helium was used as a carrier gas. The fatty acid 

concentrations were calculated by comparison of their retention times with those of 

the reference standards (Supelco, Bellefonte, PA). 

3.3.5 Statistical analysis 

The results were presented as average and standard deviations of each 

experiment with triplicates. Statistical comparisons were made between treatments by 

ANOVA and Tukey's test; linear regression analyses were applied using S-PLUS 

software package. The results were presented in terms of p values, with significant 

mean differences at thepO.OS level. 

3.4 RESULTS AND DISCUSSION 

3.4.1 Physical measurement 

The weight and length of sardines collected for this study in Astoria during 

2004 are shown in Fig. 3.2 and 3.3, respectively. The average (ave) weight was 

189.18 ± 33.26 g, and the ave length was 27.41 ± 1.76 cm (n= 230) throughout the 

fishing season. This is within the range reported by Oregon Dept. of Fisheries and 

Wildlife for the same season (31.3 g - 293.6 g, ave 154.4 g) (McCrae and Smith, 2005). 
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Fish size depends on the year-class of the fish being harvested and the large sardines 

are associated with five-year old fish. Sardines from the Astoria area were larger in 

size compared to reports in regions such as Japan (Sardinops melanostictus), with a 

weight range of 30.6-90.7 g and length range of 12.2-19.7 cm (Shirai et al., 2002); 

Turkey, with a range of 60-80 g in weight and 14-16 cm in length (Serdaroglu and 

Felekogglu, 2005); and Brazil {Sarinella sp), with weight range of 48.6 g to 98.4 g and 

length of 14.6 cm to 19.1 cm (Luzia et al., 2003). Pacific sardines from the Gulf of 

California, a similar specie as those in the present study, were also smaller, ranging 

from less than 12 cm to 22 cm (Cisner Os-Mata and Nevarez-Martinez, 1995). The 

sardines in this study showed consistent weight and length measurements early in the 

season and gradually showed a broader weight range. Emmett (2005) also reported 

that large- (>18 cm) and medium- (14-16 cm) sized sardines were found in June 

offshore near Astoria, while small sardines (< 14 cm) appeared with high density in 

the Astoria area in September 2004. It is thought that mature sardines migrate north 

early in the season and appear in the Astoria area after spawning, as oppose to the 

juveniles, which migrate later in the season. Mature sardines are thought to migrate 

south to California during the winter and generally arrive to Pacific Northwest coastal 

feeding grounds when sea surface temperatures exceed 120C (June-July). Small 

sardines in contrast, do not appear to migrate but over-winter in near shore coastal 

waters, including the Columbia River estuary and Willapa Bay (Emmet et al., 2005). 
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Figure 3.2 Weights of sardines collected in the Oregon-Washington coastal area from 
June to September 2004. 

E 

c 

6/12     6/22     7/2     7/12     7/22     8/1      8/11    8/21     8/31     9/10    9/20     9/30 

Date 

Figure 3.3 Lengths of sardines collected in the Oregon-Washington coastal area 
from June to September 2004. 

3.4.2 Changes in proximate composition 

The composition of several fish species varies from season to season due to 

natural cycles, maturity, spawning, geographic location, and food availability. Pelagic 

fish, such as mackerel, bluefish (Imre and Saglik, 1998), salmon (Katikou et al., 2001), 
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herring (Aidos et al, 2002) and sardines (Gokodlu et al., 1998), typically contain 

relatively high levels of lipid, and go through a natural cycle showing considerable 

variations in lipid content and composition. Ground fish such as sole (Gokce et al., 

2004), whiting (Morrissey and Sylvia, 2004), deep-sea cod, black dogfish, sharks 

(Okland et al., 2005), and halibut (Olsson et al., 2003) contain low levels of lipid but 

will still show some seasonal variation. 

Sardine proximate composition was measured every 14 days and is shown in 

Table 3.1. The lipid and moisture content of sardine samples analyzed more 

frequently throughout the season are shown in Fig. 3.4. In fatty fish, such as sardines, 

most of the lipid reserves are found in the flesh while non-fatty species carry most of 

their lipid reserves in their livers (Love, 1997). In general, lipids are mobilized during 

the spawning cycle and are at their lowest post-spawning. The lipid content in sardines 

was lowest in June (6.97%), and gradually increased through the season, reaching its 

highest level (22.95%) in mid-August. By the end of the season in September, the 

lipid content decreased slightly to 18.68%. The maximum level of lipid content in 

August may be explained by an enhanced feeding activity due to higher sea water 

temperatures and increased day length, both of which have a positive influence on 

appetite (Gokce et al., 2004). 

The two main spawning grounds for Pacific sardines are areas off southern 

California and Baja California, and spawning occurs both in the spring and fall. The 

area between Point Conception and Ensenada is the major spawning area (Hernandez- 

Vazquez, 1994); however, spawning has also occurred on the southern Oregon coast 

in recent years with the expansion of the biomass geographical area (Schweigert, 

2002). The low lipid content of sardines at the beginning of the season (June) is most 

likely due to the spawning season in the previous months resulting in fat mobilization 

associated with gametogenesis (Hardy and Keay, 1972). Studies have also shown that 

lower content of lipid in fish can be observed in the reproductive season of the species 

since reduced feeding level and sexual maturation contribute to reduced lipid levels 

during winter (Gokce et al, 2004). 



Table 3.1 Changes in proximate composition of Pacific sardine over summer 2004.  

 6/24 7/7 7/23 8/3 8/18 9/7 9/23 

Moisture    68.58±0.25a 66.21±0.07b      61.53±0.19d        60.01±0.19f 60.52±0.22ef        60.94±0.35de        62.6(^0.43° 

Protein      17.70±0.26abc        17.81±0.13ab      18.33±0.48a 17.04±0.26cde       16.64±0.07de 16.32±0.27e n.\S±0.25cd 

Lipid        13.73±0.21a 13.30±0.34a       18.60±0.34b 19.87±0.18d 21.02±0.38e I938±0.l9ai        18.68±0.08bc 

Ash 1.68±0.03ab 1.60±0.11ab       1.63±0.06ab 1.76±0.11b 1.67±0.01ab 1.50±0.09a 1.63±0.01ab 

Values are % mean ± S.D. of twenty-one homogeneous samples consisting of seven sardines from each size category 
(100-150g, 150-200g and 200-250g). The values in the same row labeled with a different superscript letter are significantly 
different (p<0.05). 
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Lower lipid content of sardines at the end of season could be explained by a sexual 

maturation period towards the winter season and lipid migration from the flesh to the 

gonads. 

Changes in moisture content were proportional to lipid content, and the highest 

moisture level was found in June (72.50%) while the lowest (59.80%) was in August 

(Fig. 3.4). Protein analysis showed the sardines contained 16.32% to 18.33% crude 

protein, indicating sardines are a good source of protein. Ash content showed only a 

slight variation from 1.50% to 1.16%. Results of proximate analysis were generally 

similar to other studies using Sardina pilchardus (Castrillon et al., 1997; Gokodlu et 

al., 1998; Nunes et al., 1992; Serdaroglu and Felekogglu, 2005). Protein and ash 

content remained constant though out the season, accounting for approximately 18- 

20% of the total composition. The protein levels tend to be constant since they are 

mobilized from the flesh late in the depletion process and the first to be restored after 

the completion of spawning due to their structural importance (Love, 1997). 

An inverse correlation (R2= -0.90) was found between lipid and moisture 

content (Fig. 3.5), which is in agreement with other sardine studies such as Sardina 

pilchardus (Nunes et al., 1992) and Sardinops melanosticta (Sato et al., 1978). This 

correlation has also been found in other fish species including albacore tuna {Thunnus 

alalunga) (Wheeler and Morissey, 2003) and hoki (MacDonald et al., 2002). It has 

been suggested that lipid content is inversely proportional to moisture content in most 

pelagic species (Castrillon et al., 1997; Love, 1997). A simple linear regression 

equation was developed that shows the relation between lipid and moisture content as: 

H {lipid I moisture} =35.23+ Pi (- 0.32) moisture %. 
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Figure 3.5 Correlation between lipid and moisture content of Pacific sardines. 
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3.4.3 Changes in lipid composition 

Changes in the lipid composition of sardines are shown in Table 3.2. Neutral 

lipids ranged from 97.43% to 98.56% with TG being the predominant fraction varying 

from 78.62% to 80.93%. The lipid composition levels remained constant throughout 

the season except FFA which increased from 5.05% to 7.15% with the highest 

occurring towards the end of July (p<0.05). DG and MG content ranged from 4.30% 

to 5.54% and 2.02%) to 2.76%), with relatively constant levels during the season. PL 

fractions existed in very low levels varying slightly from 1.83%) to 2.13%. It has been 

suggested that fatty and lean sardines have different lipid composition, and PLs can be 

considered structural lipids whereas neutral lipids act mainly as reserve lipids 

(Bandarra et al., 1997; Leonardis and Macciola, 2004). These researchers showed that 

fatty fish had higher amounts of TG lipids compared to lean fish and lower amounts of 

free fatty acids, cholesterol and polar lipids. Leonardis and Macciola (2004) also 

reported different lipid composition in lean and fat sardines. PLs were quantitatively 

equal in both lean and fatty sardines (0.7 and 0.6 g/100 g sardines, respectively) where 

TG levels were significantly higher in fatty sardines (12.1 g/100 g sardines) compared 

to lean sardines (1.3 g/100 g sardine). They suggested that during hotter summer 

months, sardines accumulate reserve lipids, especially TG, which is metabolized for 

energy during the cold season. Fatty fish in the Bandarra et al. study (1997) contained 

96.35% neutral lipids, which agrees with our study except that their study showed 

higher TG levels (91.63%). The difference could be due to environmental and 

physiological differences including diet availability and the sexual maturity of 

sardines. Also, lipid content of lean fish in their study was 1.20%) which was 

considerably lower than the early season fish in this study. 



Table 3.2 Changes in lipid composition of Pacific sardines. 

6/24 7/7 7/23 8/3 8/18 9/7 9/23 

Neutral lipids 98.05 ± 0.29a 97.87 ±0.37a 98.14±0.40a 98.56±0.46a 97.43±0.78a 98.05±0.31a 97.93±0.27a 

TG 78.62 ±0.52a 78.62 ±0.24a 78.81 ±0.28a 78.25±2.21" 79.26±1.76a 79.80±1.40a 80.93±1.76a 

DG 4.84±0.39a 4.56 ±0.52a 4.87±0.61a 5.54±0.51a 4.52±0.60a 4.70±0.88a 4.30±0.78a 

MG 2.02±0.91a 2.19±0.19a 2.41±0.68a 2.76±0.90a 2.66±0.58a 2.63±0.43a 2.56±0.25a 

FFA 6.81±0.32ab 6.68 ±0.40abc 7.15±0.68a 6.41±0.56abc 5.83±0.99abc 5.34±0.09bc 5.05±0.77c 

Phospholipids 1.95±0.29a 2.13±0.37a 1.83±0.40a 1.83±0.52a 1.90±0.39a 1.95±0.31a 2.07±0.27a 

Values are % mean ± S.D. of twenty-one homogeneous samples consisting of seven sardines from each size category (100-150g, 150- 
200g and 200-250g). Values in the same row labeled with a different superscript letter are significantly different (p<0.05). 

to 
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3.4.4 Changes in fatty acid composition 

The fatty acid composition of sardine lipids between June and September is 

shown in Table 3.3. The major fatty acids in sardine lipids were 16:0, 16:ln7, 20:5n3, 

and 22:6n3 with 20:5n3 being the highest which is in agreement with several other 

studies (Bandarra et al., 1997; Beltran and Moral, 1991; Leonardis and Macciola, 2004; 

Shirai et al., 2002). The saturated fatty acid (SFA) fraction increased from 33.30% to 

38.63%) as the season progressed with 16:0 as the predominant fatty acid. Later in the 

season there were significantly higher levels of 16:0 (22.72%) compared to early 

season (20.41%), while other fatty acids such as 14:0 and 15:0 did not show 

significant differences as the season progressed. 

The monounsaturated fatty acid (MUFA) fraction ranged from 18.27%) to 

21.12%), with the predominant fatty acid being 16:ln7 followed by 18:ln9. Minor 

increases of these fatty acids were found as the season progressed. On the other hand, 

the levels of 20:ln9 and 22:ln9 decreased from June to September (3.60%) to 2.79%, 

and 1.33%) to 0.61%, respectively). As the highest fatty acid fraction, PUFA,fraction 

ranged from 41.69% to 46.23% with the lowest concentration in mid-August and the 

highest in early July. The PUFA fraction consisted mainly of n-3 PUT As (18:3n3, 

20:3n3, 20:5n3, 22:5n3, and 22:6n3) with high levels of 20:5n3 (range 21.77% to 

24.51%)) throughout the season. 

Sardines harvested off the OR-WA coast showed relatively higher amounts of 

n-3 PUFA levels compared to other species such as Sardina pilchardus W caught in 

Spain (23.21%) n-3 PUFAs) and Sardinops melanostictus caught in Japan (28.8%) to 

42.0% n-3 PUFAs) (Beltran and Moral, 1991; Shirai et al., 2002). A similar species 

(Sardinops sagas caeruleus) harvested in Mexican waters in the Gulf of California 

showed similar concentrations to our study of both 20:5n3 and 22:6n3 ranging from 

18.26% to 23.91% and 9.61% to 13.70%, respectively (Gamez-Meza et al., 1999). 

Our study also showed higher 20:5n3 levels than 22:6n3 throughout the season, and 

the same tendency was found by others (Bandarra et al., 1997; Kotb and Abu Hadeed, 

1991). 



Table 3.3 Changes in fatty acid composition (wt/wt%) of total sardine lipid. 

FFA 6/24 111 7/23 8/3 8/18 9/7 9/23 
C14:0 7.42±0.54a 7.09±0.04a 7.19±0.01a 7.33±0.09a 7.59±0.34a 7.57±0.42a 8.01±0.83a 

C15:0 0.41±0.03a 0.48±0.00a 0.39±0.00a 0.30±0.06a 0.33±0.09a 0.35±0.10a 0.35±0.11a 

C16:0 20.41±0.98a 20.90±0.10ab 21.40±0.03abc 2.50±0.11bc 21.84±0.35abc 22.03±0.46bc 22.72±1.01c 

C17:0 0.91±0.13a l.SgiO.Ol* 1.89±0.00bc 1.83±0.01b 1.89±0.04bc 1.86±0.04bc 2.02±0.08c 

C18:0 3.97±0.12a 4.36±0.01ab 5.34±0.02bc 5.81±0.07c S-lliO^S1"1 4.43±0.42ab 5.39±0.80bc 

C22:0 0.07±0.01a 0.05±0.00ab 0.05±0.00b 0.00±0.00c 0.04±0.00b 0.04±0.00b 0.05±0.01b 

C23:0 0.11±0.01a 0.11±0.00a 0.10±0.00ab O.OSiO.OO1 0.07±0.00c 0.07±0.00c 0.08±0.01bc 

SFA 33.30±1.42a 34.88±0.14ab se.seiO.oe^ 7.85±0.19cd 36.90±0.34bcd 36.34±0.39bc 38.63±1.16d 

C14:ln5 o.o4±o.or 0.04±0.00ab 0.03±0.00b 0.03±0.00b 0.03±0.00b 0.04±0.00ab 0.04±0.01ab 

C16:ln7 9.83±0.51ab 9.25±0.05a 10.06±0.01ab 10.43±0.07b 10.68±0.29b 10.29±0.39ab 10.49±0.84b 

C17:ln9 0.95±0.17a l.ll±0.01ab 1.34±0.00c l^SiO-Ol"0 1.33±0.03bc l^SdzCOS1"1 1.33±0.03c 

C18:ln9 3.90±0.07b 3.48±0.01a 4.58±0.00': 5.24±0.03d 4.53±0.08c 4.51±0.07c 4.45±0.23c 

C20:ln9 3.60±0.08a 2.84±0.01b 2.75±0.00b 2.31±0.02c 1.66±0.16d 1.66±0.03d 1.33±0.14e 

C22:ln9 2.79±0.22a 2.17±0.01b 1.87±0.00c 1.18±0.01d 0.90±0.02e 0.72±0.01ef 0.61±0.05f 

024:1 n9 0.03±0.00a 0.03±0.00a 0.02±0.00bc 0.02±0.00cd 0.02±0.00b<:d 0.03±0.01b 0.02*0.00°" 
MUFA 21.12±0.40a 18.90±0.05b 20.65±0.01a 20.45±0.09a 19.18±0.48b 18.47±0.45b 18.27±0.92b 

C18:2n6 1.84±0.03a 1.72±0.01b 1.50±0.00d 1.49±0.00d 1.49±0.01d 1.61±0.00c 1.69±0.02b 

C18:3n6 0.33±0.02ab 0.37±0.00c 0.38±0.00c 0.36±0.00c 0.36±0.00bc 0.32±0.01ab 0.31±0.03a 

C18:3n3 0.79±0.01a 0.74±0.02b 0.55±0.00c 0.50±0.01d 0.47±0.00e 0.52±0.02cd 0.50±0.01de 

C20:2n6 0.14±0.00a 0.12±0.00b 0.10±0.00d O.lOiO.OO"1 0.08±0.00e 0.10±0.00c 0.00±0.00f 

C20:3n6 0.20±0.01a 0.21±0.01a 0.17±0.01b 0.20±0.00ab 0.17±0.02ab 0.19±0.00ab 0.20±0.02ab 

C20:3n3 0.72±0.02a 0.71±0.07a 0.65±0.00ab 0.61±0.00b 0.65±0.02ab 0.72±0.04a o.esio.os3" 
C20:4n6 0.10±0.02a 0.03±0.01b 0.03±0.01b 0.06±0.01b 0.05±0.01b 0.05±0.01b 0.03±0.01b 

C20:5n3 22.02±0.54a 21.77±0.03a 22.45±0.00a 22.14±0.08a 24.51±0.27b 23.91±0.25b 24.18±0.87b 

C22:2n6 0.89t0.05a 0.93±0.01a 0.89±0.00a 0.87±0.01a 0.91±0.01a 0.88±0.02a 1.03±0.05b 

C22:5n3 4.96±0.34a 4.67±0.03a 5.06±0.01a 5.08±0.06a 5.14±0.12a 5.22±0.10a 4.90±0.42a 

C22:6n3 13.61±0.92b 14.96±0.10a 11.22±0.03cd 10.27*0.11^ 10.15±0.23dc 11.79±0.22c 9.58*0.77* 
PUFA 45.58±1.81ab 46.23±0.09a 42.9ftt0.06bc 41.69±0.27c 43.98±0.62abc 45.30±0.65ab 43.09±2.10bc 

n-3 42.09±1.82a 42.85±0.10a 39.93±0.05ab 38.61±0.26b 40.92±0.63ab 42.15±0.63a 39.83±2.09ab 

Values are % mean ± S.D. of twenty-one homogeneous samples consisting of seven sardines from each size category (100-150g, 
150-200g and 200-250g). Values in the same row labeled with a different superscript letter are significantly different (p<0.05). 

uo 
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However, some researchers reported higher 22:6n3 levels than 20:5n3 

in sardine lipid, such as: the Beltran and Moral study (1991) which showed 22:6n3 

levels of 11.30% and 20:5n3 of 9.44%; Castrillon et al. (1997), reporting 22:6n3 levels 

of 16.92% and 20:5n3 of 12.44%, and Leonardis and Macciola(2004), reporting 

22:6n3 levels of 11.3% and 20:5n3 of 6.5%. Researchers have suggested that the 

proportional changes of 20:5n3 and 22:6n3 can be influenced by the plankton species 

in their diet. In the post-spawning period when sardines start to feed eagerly, 20:5n3 

levels increase with a proportional decrease of 22:6n3, as the predominant fatty acid in 

plankton is 20:5n3 (Bandarra et al, 1997). 

Minor increases of 20:5n3 levels were found as the season progressed, from 

approximately 22% in June-August to 24% in August-September. A similar tendency 

has been observed in other studies and it was suggested that seasonal blooms of 

phytoplankton and spawning cycles could be the cause for these changes (Gamez- 

Meza et al., 1999). The relationship among 20:5n3 and 22:6n3, season and total lipid 

content was evaluated by multivariable linear regression using the model 20:5n3= P + 

Pi (days) + p2 (22:6n3) + Ps (lipid). Results (R2 = 0.67,/?<0.001) showed a positive 

correlation between season and 20:5n3 content (Pi= 0.03,/?<0.001) at constant 22:6n3 

and lipid content, showing an increase in 20:5n3 was associated with a statistically 

significant progression of season. In contrast, there were no significant relationships 

between 20:5n3 and 22:6n3 (p2= 0.24,p< 0.17), and 20:5n3 and lipid content (p3= 

0.18, p< 0.11). The impact of season, 20:5n3, and lipid content on 22:6n3 level was 

also evaluated with the model 22:6n3= p + Pi (days) + p2 (20:5n3) + p3 (lipid). The 

result (R2= 0.81,p<0.001) indicated an inverse correlation between 22:6n3 and lipid 

content (Pi= 0.03, jt?<0.001) where other factors were found to have no significant 

relationship with 22:6n3 level (pi= -0.024,p<0.06, $2= 0A3,p<Q.l7). 

Although the U.S. has not established official Recommended Daily Allowance 

guidelines for LC-PUF As, typical recommendations from other countries such as 

Canada, U.K., Australia, etc. are 1-2 g n-3 LC-PUF As/day (Siddiqui et al., 2004). The 

intake in the U.S. of the important LC-PUF As such as EPA and DHA is only ~ 0.1-0.2 

g/day which is far below the recommended levels (Kris-Etherton et al., 2000). The 
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recent 2005 USDA dietary guidelines as well as the American Heart Association 

(AHA) recommend that consumers should eat two servings of fatty fish, such as 

salmon, sardines, mackerel, etc., twice a week (Nettleton and Katz, 2005). This is 

equivalent to 0.3-0.5 g/day of 20:5n3 and 22:6n3, which is essential for healthy 

individuals to reap specific heart health benefits (Smith and Sahyoun, 2005). The 

AHA also suggests that individuals with heart problems should consume 1 g/day of 

EPA and DHA to decrease the chance of problems with coronary heart disease. This 

study showed that consumption of 100 g sardine provides sufficient levels of total n-3 

PUFAs, 20:5n3 and 22:6n3 fatty acids and even results in significantly higher levels of 

these fatty acids than recommendations. Our studies showed that approximately 60% 

of the total lipids were fatty acids and these contain about 40% n-3 LC-PUFAs. For 

Pacific sardines, a 100 g sardine meal at 15% lipid levels would convert to n-3 LC- 

PUFAs intake of 3.6 g per meal. 

3.4.5 The effect of sardine sizes on lipid and moisture content 

The relationship between % lipid and sardine size over the period of July 1st to 

August 9th is shown in Fig. 3.6. Sardines were separated into two size categories by 

weight (150.0-199.9 g and 200.0-249.9 g) with an ave weight of 220.8 g and 179.8 g, 

while lipid and moisture content were determined separately. There was a significant 

difference found in lipid content between these two size groups. The highest 

difference in lipid content was found in July, with the 200.0-249.9 g size group having 

higher lipid levels than 150.0-199.9 g size group. 
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Figure 3.6 Effect of sardine size on lipid and moisture content. 
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3.5 CONCLUSIONS 

This study showed seasonal differences in sardine composition during the 2004 

harvest season off the OR-WA coasts. With proportional decrease of moisture content, 

sardine lipid content increased from June to August and slightly decreased in 

September. The high lipid content resulting in high LC-PUFA levels in sardines 

suggests that sardines captured in August - September have higher potential for oil 

recovery and should be preferred as raw material for human consumption or 

development of nutraceuticals. The consumption of 100 g of sardine provides higher 

levels of n-3 PUFAs, in particular 20:5n3 and 22:6n3 fatty acids, than human daily 

requirements. 



39 

CHAPTER 4 

PRODUCTION OF N-3 POLYUNSATURATED FATTY ACID 

CONCENTRATE FROM SARDINE OIL BY 

LIPASE-CATALYZED HYDROLYSIS 

Tomoko Okada and Michael T. Morrissey 

Submitted to Journal of Food Chemistry 

Elsevier Science Ltd., Exeter, Devon, UK 



40 

4.1 ABSTRACT 

The production of n-3 polyunsaturated fatty acids (n-3 PUFAs) concentrate 

from oil extracted from Pacific sardines {Sardinops sagax) was studied using lipase- 

catalyzed hydrolysis. Sardines were obtained from a local fish plant in Astoria, OR, 

and the oil was extracted by wet reduction method (heat extraction) and refined by 

degumming, bleaching and deodorization. Commercially available microbial Upases, 

from Candida Rugosa (CR), Candida cylindracea (CC), Mucorjavanicus (MJ), and 

Aspergillus niger (AN) were used for enzymatic hydrolyses, run at 370C with constant 

stirring for 1.5, 3, 6, and 9 h. The highest degree of hydrolysis was shown by CR 

lipase (500 U) after 9 h (78.40%). Fatty acid composition analysis by gas 

chromatography showed that the refined unhydrolyzed oil contained 26.86% of 

eicosapentaenoic acid (EPA) and 13.62% of docosahexaenoic acid (DHA) (wt/wt%). 

CR lipase was the most effective in concentrating n-3 PUFA. Hydrolysis with 250 U 

CR lipase followed by free fatty acid removal increased EPA concentration to a 

relatively constant level of 33.74% after 1.5 h, with no further significant increases 

with time. DHA levels were also significantly increased after 1.5 h to 23.12% with 

250 U and 23.78% with 500 U. Hydrolysis with CC resulted in maximum levels of 

EPA (31.91%) and DHA (22.65%) after 1.5 h with 250 U. Compared to CR and CC 

Upases, MJ and AN Upases resulted in low n-3 PUFA concentration in the final 

products. Thin layer chromatography analysis showed that the original unhydrolyzed 

sardine oil contained 86.20% triglyceride (TG), 13.40% diglyceride, and 0.51% 

monoglyceride. TG levels in final n-3 PUFA concentrate decreased significantly as 

reaction time progressed. This study demonstrated that lipase-catalyzed hydrolysis is 

a viable method to concentrate n-3 PUFAs from sardine oil and has potential for use in 

the sardine industry. 

Keywords: n-3 polyunsaturated fatty acid, EPA, DHA, lipase, hydrolysis 
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4.2 INTRODUCTION 

Interest in fish consumption has been increasing recently due to the wide range 

of health benefits being discovered in long chain marine fatty acids, specifically 

eicosapentaenoic acid (EPA) and docosahexaenoic acid (DHA). There is general 

consensus about the beneficial effects of fish consumption and the reduction of 

coronary heart disease (CHD). These include studies from over two decades ago 

when epidemiologists observed the low rate of coronary heart disease among Alaskan 

and Greenland Eskimos who consumed large amounts offish (Nettleton, 1995). In 

both the U.S. and Europe, several studies have also confirmed the positive effects of 

fish consumption in reducing CHD among diverse populations (He et al., 2004; 

Mozaffarian et al., 2005). More recently a Japanese study involving more than 40,000 

individuals showed a 40% reduction in CHD among those who ate fish more than four 

times per week (Iso et al., 2006). The American Heart Association has recommended 

that all individuals should eat fish, especially fatty fish, twice a week and those with 

documented CHD should eat a fish diet or take fish oil supplements that supply 1 

g/day of EPA and DHA (Kris-Etherton et al., 2002). There has also been research in 

the last decade showing the positive effects of fish oils on cognitive development and 

vision enhancement in newboms as well as young children (Colombo et al., 2004; 

Daniels et al., 2005; Innis, 2003). The long chain fatty acids EPA and DHA have also 

been shown to contribute to the reduction of certain types of cancers, diabetes, mental 

health disorders and asthma (Alasalvar et al., 2002; Nettleton and Katz, 2005). 

Kalmijn et al. (2004) showed that consumption of fatty fish high in EPA and DHA 

reduced the risk of impaired cognitive function in a study of middle-aged Europeans, 

while Morris et al. (2003) showed that elderly study participants had 60% less risk of 

developing Alzheimer's disease if they consumed fish one or more times per week. 

With growing public awareness of the clinical benefits of EPA and DHA, 

various types of products and supplements have been developed. Sales offish oil 

supplements have grown almost 10-fold over the last decade, reaching sales of $310 

million in 2004 (Fiorillo, 2005). Most of these represent fish oil capsules made from 
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various seafood sources including fish byproducts. Consumption of EPA and DHA in 

a concentrated form may be more effective than general fish oil itself because these 

concentrates contain less saturated fatty acid (SFA). Lipase-catalyzed enzymatic 

production of EPA and DHA concentrate from fish oil has shown potential in 

producing a high quality product due to the mild conditions (e.g., neutral pH and low 

temperatures) of the process (Breivik et al., 1997; Sun et al., 2002). A consistently 

available source of high quality raw material is critical for production of n-3 

polyunsaturated fatty acid (n-3 PUFA) concentrate. A new sardine (Sagax sardinops) 

fishery off the Oregon-Washington coast could provide a sustainable supply of the 

necessary raw material. In 2005 alone, 45,000 metric tons of sardines were landed in 

Oregon, the majority of which was sold for non-human food uses (McCrae and Smith, 

2006). Previous study has shown that during peak harvest months these sardines have 

high lipid content (15-23%) with concomitant high levels of EPA and DHA (Chapter 

3). The objectives of this study were to: recover the lipids from sardines, develop 

EPA and DHA concentrates using lipase-catalyzed hydrolysis, and determine the 

optimal processing parameters for production of a fish oil concentrate. 

4.3 MATERIALS AND METHODS 

4.3.1 Sample preparation 

Sardines were harvested by purse-seine fishing boats and pumped directly 

from the nets into refrigerated seawater holds on board the vessels followed by rapid 

cooling to 0 to 40C. The area of catch was approximately 40 kilometers offshore from 

the mouth of Columbia River. Sardines were off-loaded at a processing plant in 

Astoria and transported to Oregon State University Seafood Laboratory in ice on the 

same day of capture. The head, viscera and backbone were removed from each fish, 

and skin-on fillets were obtained. The fillets were mixed together, minced by a 

vertical-cutter/mixer for 2 min and kept in vacuum-sealed bags at -30oC for further 

analysis. 
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4.3.2 Extraction and purification of sardine oils 

Sardine oil was extracted from minced sardines followed by bleaching and 

deodorization according to Sathivel et al. (2003) with some modifications. Deionized 

water was added to the minced sardine in a 1:1 ratio, and the mixture was heated at 

850C for 30 min. The lipid phase was removed from other particles by centrifuging at 

5000 rpm for 30 min and was then stored as a crude oil at -80oC until tested. The 

crude oil was refined by filtrating it under vacuum followed by neutralization with 

KOH. The extracted oils were bleached by adding 4% activated carbon, and the oil 

was heated in a water bath at 70oC for 10 min. The activated carbon and impurities 

were removed by centrifugation at 5000 rpm for 30 min. After deodorization at 100oC 

for 30 min under vacuum (5 mm Hg), tertiary butyl hydroquinone (200 ppm) was 

added to oils as an antioxidant with constant agitation with N2. The oil was collected 

in 5 ml vials, the air in the vials was replaced by N2 and the vials were stored at -80oC 

until further use. The initial amount of sardine flesh was 16.38 kg and the yields of 

crude and refined oils were 1.54 kg and 1.18 kg, respectively. 

4.3.3 Determination of enzyme activities 

Four commercially available microbial lipases were used for testing: Candida 

Rugosa (CR) lipase (Sigma-Aldrich Co., St. Louis, MO.), Candida cylindracea (CC) 

lipase (Fluka Chemie AG, Buchs, Switzerland), Mucorjavanicus (MJ) lipase (Aldrich 

Chemical Company, Inc., Milwaukee,WI), and Aspergillus niger (AN) lipase (Aldrich 

Chemical Company, Inc., Milwaukee, WI). The characteristics of these lipases are 

shown in Table 4.1. CR and CC lipases were non-specific lipases and MJ and AN 

lipases were 1,3-specific lipases. Enzyme activities were determined by the Japanese 

industrial standard method substituting sardine oil for olive oil (JIS, 1995). Free fatty 

acid (FFA) released by the hydrolysis reaction (20 min) were titrated against 0.5 N 

sodium hydroxide and the pH changes were monitored by adding 1% methanolic 

phenolphthalein solution. One unit of enzyme activity (U) was defined as the amount 

of enzyme that liberated 1 (amol of fatty acid per min at 370C. 



Table 4.1 Microbial Upases and their characteristics. 

Enzyme origin        Abbreviations     Optimum temp. Optimum pH Specificity Activity (U/g lipase) 

Candida rugosa CR 30-50 0C 7.0 

Candida cylindracea CC 30-50 0C 6.5 

Mucor javanicus MJ 30-45 0C 7.0 

Aspergillus niger AN 30-50 0C 6.5 

None 

None 

1-, 3-»2- 

1-, 3-»2- 

10355 

34436 

2352 

4741 

4^ 
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4.3.4 Hydrolysis reaction 

The hydrolysis of sardine oil by microbial lipases and separation of the n-3 

PUFAs enriched fraction were carried out according to a modified procedure of Sun et 

al. (2002). Enzyme powder representing 250 U and 500 U per g oil of lipase with 8 

ml of 0.1 N phosphate buffer at the optimum pH of each enzyme were mixed with 

refined sardine oil (2 g) and placed in a 25 ml flat-bottomed flask. The air in the flask 

was replaced by N2, and the flask was capped with a glass lid covered by parafilm to 

minimize lipid oxidation. The mixture was agitated with a magnetic stir bar at 500 

rpm. The hydrolysis reaction was maintained at 370C for 1.5, 3, 6, and 9 h, and lipase 

was inactivated by addition of 10 ml of 95%. A previously determined amount of 

KOH necessary to neutralize FFA released by hydrolysis was added to the mixture. 

Aliquots of 100 ml hexane and 50 ml deionized water were added to remove 

neutralized FFA with two additional water extractions. The hexane layer, including 

mono-, di- and triglycerides (MG, DG, and TG, respectively) with n-3 PUFAs, was 

collected and filtered through a bed of anhydrous sodium sulfate. Hexane was 

removed by a rotary evaporator at 450C for 30 min, and final n-3 PUFA concentrate 

was flushed with N2 and stored at -80oC until further use. 

4.3.5 Determination of degree of hydrolysis 

Degree of hydrolysis (DH) was determined by measuring the acid value of 

both unhydrolyzed and hydrolyzed oil at different treatment times (1.5, 3, 6, and 9 h) 

and concentrations as well as saponification value of unhydrolyzed oil according to 

American Oil Chemists' Society (AOCS) methods (AOCS, 1998). Blanks (no 

enzyme) were determined at each treatment. DH was calculated according to the 

following equation. 

_TT .„..          acid value (hydrolyzed oil - blank at each condition^ ..„ 
DH(%):=       ^         x 100 

saponification value (original oil) - acid value (original oil) 
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4.3.6 Determination of fatty acid composition by gas chromatography 

Fatty acids in original sardine oil and final n-3 PUFA concentrate were 

converted into fatty acid methyl esters (FAME) according to AOCS method 991.39 

(AOCS, 1998), and their composition was determined by gas chromatography (GC). 

A Hewlett-Packard 5890 Series II gas chromatograph (Hewlett-Packard, Palo Alto, 

CA), equipped with a flame-ionization detector, capillary column (EC-wax, 30 m x 

0.25 mm i.d.; split ratio, 100:1; Alltech, Deerfield, IL) was used for analyzing FAME. 

GC parameters were set as follows: injector and detector temperatures set at 250oC 

and 270oC, respectively; column temperature set at 50oC, with gradual heating to 

180oC at a rate of 50C / min, followed by slow heating to 220oC at a rate of 0.8oC / min; 

and helium was used as a carrier gas. The fatty acid concentrations were calculated by 

comparison of their retention times with those of the reference standards (Supelco, 

Bellefonte, PA). 

4.3.7 Thin-layer chromatography separation 

The original sardine oil and final n-3 PUFA concentrate were separated into 

MG, DG, and TG fractions by thin layer chromatography (TLC). Samples were 

dissolved in hexane (10% solution, v/v) and an aliquot of 5 |a.l hexane-sample mixture 

was loaded onto a silica plate (K6 silica gel 60, Whatman Inc., Florham Park, NJ). 

Solvent development was applied with hexane/diethylether/acetic acid (60:40:2, 

volume basis), and the spots were visualized by spraying 5% sulfuric acid solution 

followed by drying at 100oC on the hot plate for 30 min. Quantification was carried 

out according to a modified method from Helmerich and Koehler (2003). TLC plates 

with dark brown spots were scanned (CanoScanLide 30, Canon U.S.A., Inc., Lake 

Success, NY), converted to a bitmap file (8 bit gray scale, 100 dpi) and analyzed by a 

picture evaluation program (Image J: http://rsb. info.nih. gov/ii/) to obtain the 

chromatograph chart from each fraction. The standard curve was made by using 

commercially available TLC standard (Cat. No. 18-3A, Nu Check Prep, Inc., Elysian, 

MN), and each measurement was made by comparison with the standard. 
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4.3.8 Statistical analysis 

Each hydrolysis reaction was run in duplicate and all analyses were run in 

triplicate. The results were presented as average and standard deviations. Statistical 

comparisons were made between treatments by analysis of variance (ANOVA) and 

Tukey's test, and linear regression was applied using S-PLUS software. The results 

were presented in terms of p values (p < 0.05). 

4.4 RESULTS AND DISCUSSION 

4.4.1 Fatty acid composition in extracted sardine oil 

Fatty acid compositions of crude and refined unhydrolyzed oil (wt/wt%) are 

shown in Table 4.2. The SFA fractions of crude and refined oils were 32.95 and 

36.87%, respectively. The predominant fatty acid in both oils was 16:0, accounting 

for approximately 67% of each SFA fraction. The monounsaturated fatty acid (MUFA) 

fraction was 18.34% and 19.27% for crude and refined oil, respectively, with the 

predominant fatty acid being 16:ln7 followed by 18:ln9. The PUFA fractions of 

crude and refined oils were 48.29 and 43.17%o, respectively. Total n-3 PUFAs (18:3n3, 

20:3n3, 20:5n3, and 22:6n3) accounted for 96% of the PUFA fractions of both crude 

and refined oil, with high levels of 20:5n3 (EPA) and 22:6n3 (DHA). A study by 

Shirai et al. (2002) using Sardinops melanostictus caught in Japan showed SFA 

fractions of 34.3-41.4%, MUFA fractions of 15.1-22.4%, and PUFA fractions of 37.3- 

49.4%). These levels were in agreement with the present study, except that Shirai et al. 

(2002) reported a higher DHA concentration compared to EPA. Sardines caught in 

California (Sardinops sagax caeruleus) showed a similar ratio of EPA to DHA as in 

the present study; however, the California sardines had lower overall levels of EPA 

and DHA (Gamez-Meza et al., 1999). Sardines caught near Astoria showed higher 

amounts of n-3 PUFAs compared to other species such as Sardina pilchardus W 

caught in Spain (Beltran and Moral, 1991) and Sardinops melanostictus caught in 

Japan (Shirai et al., 2002). 

A certain amount of n-3 PUFAs may be lost due to oil refining processes that 

involve high temperature treatments, such as bleaching and deodorization. A study by 
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Table 4.2 Fatty acid profiles of crude and refined sardine oil (wt/wt%). 

Fatty acid Crude Refined 

C14:0 6.34±0.41a 7.38±0.15b 

C16:0 22.22 ±0.51a 24.97 ± 0.28b 

C17:0 0.33±0.01a 0.36 ± 0.00b 

C18:0 4.06 ± 0.15a 4.16±0.03a 

Total SFA 32.95a 36.87b 

C16:ln7 9.58±0.52a 10.68 ±0.12a 

C18:ln9 5.23 ± 0.09a 5.27 ± 0.06a 

C20:ln9 2.87 ± 0.04a 2.77±0.03a 

C24:ln9 0.66±0.05a 0.55 ± 0.02a 

Total MUFA 18.34a 19.27a 

C18:2n6 1.03±0.03a 0.29±0.01b 

C18:3n6 0.33 ± 0.02a 0.34 ± 0.02a 

C18:3n3 0.57±0.01a 0.62±0.01a 

C20:2n6 0.22±0.01a 0.20 ± 0.00a 

C20:3n6 0.20±0.01a 0.20 ± 0.00a 

C20:3n3 0.78±0.01a 0.77±0.01a 

C20:4n6 0.28 ± 0.04a 0.27 ± 0.04a 

C20:5n3 28.20 ±0.17a 26.86 ±0.17b 

C22:6n3 16.68 ±0.68a 13.62 ±0.16b 

Total PUFA 48.29a 43.17b 

Total n-3 PUFA 46.23a 41.87b 

Values in the same row labeled with a different superscript letter are 
significantly different (p<0.05). 

Sathivel et al. (2003) reported an approximate 19% reduction in the n-3 

PUFAs of catfish viscera after oil refining processes including degumming, 

neutralizing, bleaching and deodorization. Most of the reduction occurred at the 

deodorization step. In the present study, the fraction of total n-3 PUFAs decreased 
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significantly by 9.43% following the refining steps. The greatest reductions in the 

PUFA fraction were observed with DHA (-3.06%) and EPA (-1.34%). There were 

slight increases in 14:0, 16:0 and 17:0 in the refined SFA fraction compared to the 

crude fraction and no significant difference in fatty acid composition of the MUFA 

fraction. 

4.4.2 Enzyme activity and degree of hydrolysis (DH) 

CC lipase showed the highest enzyme activity (34436 U/g lipase) among all 

lipases followed by CR lipase (10355 U/g lipase), while AN (2352 U/g lipase) and MJ 

(4741 U/g lipase) lipases showed much lower levels (Table 4.1). These results 

demonstrated that the non-specific lipases used in this study had higher activity than 

the 1,3-specific lipases in the presence of sardine oil. 

DHs of sardine oils from different lipases, concentrations and reaction times 

are shown in Fig. 4.1. Sardine oil was hydrolyzed rapidly during the initial 1.5 h for 

all treatments except AN 250 U. Afterwards, hydrolysis was more gradual, and only 

minor increases were shown throughout the 3, 6, and 9 h time periods. The highest 

DH (78.40%) was shown by CR 500 U lipase treatment at 9 h followed by CR 250 U 

(69.70%) and CC 250 U (69.33%) at 9 h. The lowest DH (12.68%) was shown by 250 

U AN lipase after 9 h of hydrolysis. In general, the DH was higher in oil hydrolyzed 

by non-specific lipases (CR and CC) compared with 1,3-specific lipases (AN and MJ), 

which is in agreement with other studies on cod liver oil, salmon viscera oil and 

menhaden oil (Hoshino et al., 1990; Sun et al., 2002; Wanasundara and Shahidi, 1998). 

Wanasundara and Shahidi (1998) showed that the DH of seal blubber oil treated with 

200 U CC lipase after 9 h was greater than 70%, while menhaden oil showed a lower 

DH. They reported that the difference was due to the presence of higher amounts of 

PUFA in menhaden oil than seal blubber oil. However, refined unhydrolyzed sardine 

oil in the present study had a higher DH and had higher amounts of EPA and DHA 

(26.86% and 13.62%, respectively) than seal blubber oil (4.66% EPA and 7.58% DHA) 

and menhaden oil (2.40% EPA and 10.06% DHA). 
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Figure 4.1 Degree of hydrolysis (%) of hydrolyzed sardine oil by Upases at 370C 
(individual incubations for each lipase at each reaction time). O : CR 250 U, # : CR 
500 U, O : CC 250 U, ♦ : CC 500 U, A: MJ 250 U, ▲ : MJ 500 U, □ : AN 250 U, 
■ : AN 500 U. 

4.4.3 Fatty acids profiles after hydrolysis 

All Upases caused changes in fatty acid composition, but in varying amounts. 

Ideally, enzymatic activity followed by FFA removal will increase EPA and DHA 

concentrations while reducing SFA and MUFA. Fig. 4.2 shows the changes in 16:0, 

16: ln7, EPA, and DHA content in the final product obtained after lipase-catalyzed 

hydrolysis followed by FFA removal with neutralization. Linear regression analysis 

showed that EPA content was affected by enzyme and enzyme concentration, while 
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Figure 4.2 Changes in C16:0, C16:ln7, EPA, and DHA concentration in final n-3 PUFA concentrate with Upases from (a) 
CR, (b) CC, (c) MJ and (d) AN during hydrolysis at 370C. O : C16:0 with 250 U, ♦ :C16:0 with CR 500 U, O : C16:l with 
250 U, • : C16:l with 500 U, □ : EPA with 250 U, ■ : EPA with 500 U, A : DHA with 250 U, A : DHA with 500 U. 
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DHA content was affected by enzyme and reaction time. With CR 250 U, EPA 

content significantly increased from 26.87 to 33.74% after 1.5 h and remained at 

relatively constant levels after 3, 6 and 9 h (33.45, 34.45 and 33.17%, respectively). A 

similar tendency was observed with CR 500 U except that EPA was present at slightly 

lower levels, ranging from 30.69 to 33.06%. DHA levels also increased significantly 

after 1.5 h, from an original of 13.63% to 23.12% with 250 U and to 23.78% with 500 

U. Minor increases in DHA concentration from 24.27% to 28.02% with 250 U and 

26.87% to 29.94% with 500 U occurred as hydrolysis continued to 9 h, although there 

was no significant difference between 1.5 h and longer reaction times. The highest 

total n-3 PUFA fraction (63.86%) was found in the oil hydrolyzed with 250 U CR for 

6 h (data not shown). The 16:0 content decreased significantly from 24.99%) to 

17.07% after 1.5 h and gradually decreased to 13.24% after 6 h with CR 250 U; the 

same pattern was observed with CR 500 U. Also, levels of 16:ln7 decreased 

significantly after 1.5 h from 10.68% to 5.11% and 5.78% with 250 U and 500 U, 

respectively; however the levels remained relatively constant for the rest of the 

hydrolysis reaction time (up to 9 h). 

Hydrolysis with CC lipase also resulted in high concentrations of n-3 PUFAs 

in the final products. EPA content increased significantly after 1.5 h to 31.91% and 

31.19% with 250 U and 500 U, respectively. DHA content also increased 

significantly after 1.5 h to 22.65% and again after 6 and 9 h (to 26.16% and 26.54%, 

respectively) with 250 U O<0.05). With 500 U, DHA increased significantly to 

21.14% after 1.5 h and then increased significantly at 9 h (26.32%). These EPA and 

DHA changes were concomitant with significant decreases of both 16:0 and 16:ln7 

after 1.5 h (from 24.99% to 17.19% and 10.68% to 6.03% with 250 U, and 24.99% to 

19.08% and 10.68% to 6.15% with 500 U, respectively). 

AN lipase was found to be less effective at increasing n-3 PUFA 

concentration compared with CR and CC lipases. Oil hydrolyzed by AN lipase 

exhibited only a minor increase in DHA content and no significant changes in EPA 

content. This result was in agreement with Hoshino et al. (1990). Although the 

changes in DHA concentration were much smaller than changes resulting from either 
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CR or CC lipases, DHA levels did increase slightly from 13.63% to 18.46% with 250 

U after 1.5 h and to 18.72% with 500 U after 3 h. However, at 6 and 9 h, DHA levels 

remained relatively constant with no significant differences. Minor decreases in 16:0 

content were observed after 1.5 h with 250 U (20.41%) and after 3 h with 500 U 

(20.88%). There were also reductions in 16:ln7 levels after 9 h with 250 U (8.44%) 

and after 3 h with 500 U (9.11%)). Despite the low activity of AN lipase in 

concentrating n-3 PUFAs in sardine oil, it did cause slight changes in levels of other 

fatty acids, such as 18:2n6, which increased from 0.19% to 1.06% and 1.11% (250 U 

and 500 U, respectively) after 1.5 h. The 20:3n3 content also increased slightly after 9 

h, going from 0.78%) to 0.92% (data not shown). 

Among all lipases, MJ lipase showed the lowest effect on n-3 PUFAs 

concentration. No significant increases were found in EPA content by treatment with 

either 250 U or 500 U of this lipase. Only minor increases in DHA were observed 

after 1.5 h (21.34%) with 250 U and there was no significant change in DHA content 

with 500 U. Levels of 16:0 and 16:ln7 decreased slightly with 250 U after 1.5 h, from 

24.99% to 19.70% and from 10.68% to 8.45%, respectively; however, there were no 

significant differences with 500 U. 

This study showed that lipase-catalyzed hydrolysis, especially with CR and CC 

lipases, resulted in successful concentration of both EPA and DHA with different rates 

and efficiencies depending on conditions. In general, there were significant increases 

in levels of both EPA and DHA after 1.5 h of hydrolysis with just slight increases 

afterwards, suggesting 1.5 h of reaction time may be sufficient enough to achieve 

fairly high levels of n-3 PUFA concentration in the final product. A further benefit is 

in the reduction of SFA as well as MUFA fractions, particularly 16:0 and 16:ln7. 

This indicates an ability of the CR and CC lipases to discriminate SFAs and MUFAs 

from EPA and DHA in fish oils, most likely due to the reduced steric hindrance 

observed with SFAs and MUFAs when linked to a glycerol backbone (Gamez-Meza et 

al., 2003). 
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The molecular conformation of cis carbon-carbon double bonds in PUFAs, 

particularly EPA and DHA, causes steric hindrance and subsequent bending of the 

fatty acid chains, bringing the terminal methyl groups very close to the ester bonds. 

Because of this steric hindrance effect, enzymatic active sites cannot reach the ester- 

linkages of these fatty acids with their glycerol backbones, thereby protecting EPA 

and DHA from lipase-catalyzed hydrolysis. However, this does not occur with the 

relatively straight chains of SFAs and MUFAs, and therefore hydrolysis is not 

hindered (Carvalho et al., 2002; Shahidi and Wanasundara, 1998). Also, it has been 

suggested that TGs without EPA and DHA are hydrolyzed in the first phase, and TGs 

with EPA and DHA are hydrolyzed later, indicating that the lipase recognizes the 

whole molecular structure, not only its ester bonds (Hoshino et al., 1990). 

In this study, non-specific Upases showed a higher ability to concentrate EPA 

and DHA than 1,3-specific Upases, which is in agreement with other studies (Carvalho 

et al., 2002; Sun et al., 2002). One reason for the high efficiency of the non-specific 

CR lipase in the production of an n-3 PUFA concentrate may be found in its 

chainlength selectivity. CR lipase is known to possess fatty acid chainlength 

selectivity, showing higher activity with relatively short-chain fatty acids such as C18 

or below (McNeill et al., 1996). Additional possible reasons for higher efficiency of 

non-specific Upases might be lipase regiospecificity and/or original fatty acid profiles 

offish oil (Hoshino et al., 1990; McNeill et al., 1996). Preferential fatty acid 

hydrolysis could also depend on fish species, which may have varied positional 

arrangements of PUFAs. For example, the non-specific CR and CC Upases were not 

able to increase EPA content in salmon oil (Linder et al., 2005), salmon viscera oil 

(Sun et al., 2002) or Brazilian sardine oil (Carvalho et al., 2002), but did cause an 

increase in EPA content in seal blubber oil (Wanasundara and Shahidi, 1998) and in 

Pacific sardine oil (present study). Also, 1,3-specific lipase, which was found to be 

ineffective at n-3 PUFA concentration from sardine oil in this study, increased EPA 

and DHA levels in anchovy oil (Ustun et al., 1997). 

In the case offish oil, the second position of the glycerol moiety is usually 

more enriched with n-3 PUFAs (Bomscheuer, 2000), although this may vary 



55 

depending on species (Gamez-Meza et al., 1999). For example, stereospecific analysis 

has revealed that EPA is preferentially located in position 3 of the glycerol backbone 

in sardine oil (Ando et al., 1996). The 1,3-specific Upases possess stereospecificity 

with respect to the 1- and 3-positions of the acylglycerides, hydrolyzing the fatty acids 

at these positions easier than at the 2- position, resulting in 2-MGs and a mixture of 

DGs and fatty acids (Uhlig, 1998). If the 2- position is high in EPA and DHA, 1,3- 

specific lipase should be more effective at concentrating n-3 PUFAs; however, if SFA 

or MUTA are located at the 2-position and PUFAs are located at the 1- and 3-positions 

of triglycerides, hydrolysis with 1,3-specific lipase would most likely result in low n-3 

PUFA levels in the final product (Sun et al., 2002). This could partially explain why 

1,3-specific lipase was less effective at n-3 PUFA concentration compared to non- 

specific lipases in this study. 

4.4.4 Changes in mono-, di- and triglyceride distribution and acid values after 

hydrolysis 

The changes in levels of MG, DG, and TG as well as acid values are shown in 

Figs. 4.3 and 4.4. The unhydrolyzed, refined sardine oil contained 86.20% TG, 

13.40% DG, 0.51% MG, and had an acid value of 2.06. TG levels were significantly 

less in all final n-3 PUFA concentrate compared to the original sardine oil. TG levels 

were significantly reduced from 86.20% to 70.46% with 250 U after 1.5 h and 

gradually decreased to 65.94% after 9 h, although there was no significant difference 

between 1.5 h hydrolysis and longer reaction times on TG levels. CR lipase at 500 U 

showed a similar trend as at 250 U, and TG levels decreased to 70.31% at 1.5 h. DG 

levels increased from 13.40% to 26.89% after 1.5 h and again (to 32.33%) after 9 h 

hydrolysis (p<0.05). MG levels also increased after 1.5 h treatment from 0.51% to 

2.08%) at 250 U, with constant levels at longer reaction times. Acid values of oil 

hydrolyzed with CR lipase increased from 2.06 to 83.61 and 92.11 after 1.5 h and 

gradually increased to 108.22 and 122.15 after 9 h by CR lipase at 250 U and at 500 U, 

respectively. With CC lipase, TG levels were significantly reduced from 86.20% to 

66.09% after 1.5 h by 250 U and the levels gradually decreased to 63.38% at 9 h. DG 
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levels increased from 13.40% to 30.67% after 1.5 h and again increased to 3335% 

after 9 h with 250 U, and the same tendency was observed with 500 U. MG levels 

increased from 0.51% to 3.75% after 1.5 h and remained constant for the rest of the 

hydrolysis time with 250 U. Acid values also increased from 2.38 to 48.92 after 1.5 h 

and gradually increased up to 104.83 after 9 h. Hydrolysis with 500 U showed similar 

acid values as with 250 U (61.58 after 1.5 h, with a gradual increase up to 100.71 after 

9h). 

In the case of the MJ lipase, TG levels decreased significantly to 70.90% after 

1.5 h and again to 60.57% after 6 h, with an increase in DG content after 1.5 h 

(24.53%) and after 9 h (33.75%), as well as an increase in MG levels after 1.5 h 

(4.22%) and after 9 h (5.7%). The acid values increased from 2.06 to 70.66 and 61.99 

after 9 h (250 U and 500 U, respectively), and were much lower than in oils 

hydrolyzed with non-specific lipases. 

With AN lipase at 250 U, changes in fatty acid fractions showed somewhat 

different patterns and had the lowest acid values among all treatments. However, acid 

values did increase somewhat, going from 2.06 to 26.11 and to 31.26 (at 250 U and 

500 U, respectively) after 1.5 h. TG fractions decreased slightly, with an increase in 

DG and MG fractions, but fewer changes were observed compared to treatments with 

all other enzymes. 
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4.5 CONCLUSIONS 

Non-specific lipases used in this study were significantly better than 1,3- 

specific lipases at concentrating n-3 PUFAs from sardine oil. Hydrolysis with CR 

lipase and CC lipase followed by FFA removal resulted in improved total n-3 PUFAs 

while AN and MJ lipases had little effect on concentrating n-3 PUFAs in sardine oil. 

It should be noted that n-3 PUFA levels increased significantly after 1.5 h, after which 

point only slight increases were observed. Thus, for commercial production runs, 

which depend on efficiency and through-put, 1.5 h might be the optimum reaction 

time for producing n-3 PUFA concentrates. The majority of the concentrated product 

had a relatively high amount of TG fraction even after 9 h hydrolysis. Overall, 

analysis showed that 250 U of lipase performed equal or better than 500 U of lipase, 

maintaining high TG levels and increasing n-3 PUFAs content in the final 

concentrated products. Sardines caught in the Oregon-Washington coastal area were 

shown to be a good source offish oil, containing high levels of n-3 PUFAs, and 

lipase-catalyzed hydrolysis was demonstrated to be a feasible method for 

concentration of n-3 PUFAs from sardine oil for use in nutraceuticals and other 

products. 
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CHAPTER 5 

RECOVERY AND CHARACTERIZATION OF SARDINE 

OIL EXTRACTED BY pH ADJUSTMENT 

Tomoko Okada and Michael T. Momssey 



61 

5.1 ABSTRACT 

Sardine oil contains high amounts of n-3 polyunsaturated fatty acids (n-3 

PUP As), which have great potential applications in nutraceuticals and value-added 

products. A new oil extraction method involving pH adjustment was developed and 

compared with the conventional heat processing method in terms of lipid recovery and 

quality. Sardine oil was obtained either by traditional heat extraction methods or by 

adjusting pH to the pi of sardine muscle (pH 5.5) using HC1 or food-grade organic 

acids. The effect of calcium addition on oil recovery and quality was also evaluated. 

Use of the pH adjustment method with addition of tartaric acid (TA) and citric acid 

(CA) resulted in the highest oil recoveries (73.73% and 72.24%), respectively), while 

heat processing resulted in the lowest percent oil recovery (52.95%). pH adjustment 

in conjunction with HC1 treatment resulted in 59.65% oil recovery. Addition of 

calcium tartarate prior to pH adjustment with TA (Ca-TA) and addition of calcium 

citrate prior to pH adjustment with CA (Ca-CA) showed high oil recoveries (68.92% 

and 68.84%), respectively). Color analysis showed that oil extracted by Ca-CA had the 

lowest haze value (4.58), suggesting high purity in the final product. Oil extractions 

using TA and CA resulted in the highest levels of triglyceride (TG) followed by Ca- 

TA and Ca-CA treatments, with the lowest TG levels in oil extracted by heat. Fatty 

acid analysis showed that heat-extracted oil contained the lowest total fatty acids 

(513.49 mg/g oil) and resulted in the lowest total n-3 PUFAs (207.40 mg/g oil). The 

oil extracted by pH adjustment contained higher levels of n-3 PUFAs, ranging from 

215.01 to 251.04 mg/g oil. The heat-extracted oil had the highest protein 

contamination, at 448 jig protein/g oil.   Heat-extracted oil had high thiobarbituric acid 

(TBA) values as well as the highest levels of conjugated dienes and trienes, illustrating 

the effects of heat on lipid oxidation. This study demonstrated that a new oil 

extraction method by direct acidification to the pi can result in increased oil recovery 

and improved quality compared to the conventional heat extraction method. 

Keywords: Sardines, oil extraction, isoelectric point, n-3 PUFA, TBARS 
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5.2 INTRODUCTION 

The need for high quality fish oils is increasing due to growing nutraceutical 

markets as well as increased demand in the aquaculture industry. A number of 

methods, such as physical fractionation, low temperature solvent fractionation and 

supercritical fluid extraction, have been used to produce fish oils. However, wet 

reduction, which includes cooking, pressing and/or centrifiigation, is the traditional 

method used to produce fish oil (Aidos et al., 2003; Chantachum et al., 2000). The 

processing of pelagic fish is normally carried out by cooking the fish in large 

continuous cookers to temperatures of 95-100oC for 15-30 min (FAO, 1986; Sobstad, 

1992). This causes coagulation of the fish muscle proteins, thereby facilitating 

mechanical separation of liquids and solids (FAO, 1986), and it disrupts fat cells, 

resulting in the release of oil into the liquid phase (Bimbo, 1990). 

The chemical and physical properties of edible oils depend primarily on the 

composition of original materials and processing temperatures (Rudan-Tasic and 

Klofutar, 1999). The crude oil obtained by traditional heat processing tends to be dark 

in color and contain a large amount of impurities. Therefore, refining steps including 

degumming, neutralization, bleaching, and deodorization are necessary (Bimbo, 1990). 

However, the high temperatures and chemical treatments utilized during the refining 

steps may cause isomerization of PUFAs such as eicosapentaenoic acid (EPA: 20:5n3) 

and docosahexaenoic acid (DHA: 22:6n3), producing trans-isomers and resulting in 

decreased nutritional value (Toyoshima et al., 2004). It is generally recognized that 

temperature influences fish oil deterioration (Aidos et al., 2002; Luten et al., 2003), as 

high temperatures can accelerate lipid oxidation offish oil (Al-Saghir et al., 2004). 

When fish oils oxidize, they produce unstable intermediary compounds, such as free 

radicals and hydroperoxides, which are susceptible to further decomposition into 

products such as aldehydes and ketones. These decomposition products adversely 

affect flavor, taste, nutritional value, and the overall quality offish oils. Volatile 

compounds such as pentanal can also develop, resulting in strong fishy odors in the 

final product (Aidos et al., 2002; Eymard et al., 2005). 
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The aims of oil processing are to maximize yield while maintaining high 

quality and to produce highly stable oils by eliminating undesirable compounds 

(Hidalgo and Zamora, 2006). The high levels of PUFAs in sardine oil are subject to 

rapid and extensive oxidation by exposure to air, light or heat during processing 

(Alamed et al, 2006). Oil extraction by non-heat processes would be expected to 

result in higher quality compared to heat-based extraction by minimizing the 

decomposition of PUFAs and the formation of various oxidation products. The 

objective of this study was to develop an oil extraction method using pH adjustment to 

isoelectric point (pi) and to compare this method with the heat processing method in 

terms of oil recovery and quality. The use of acids in pH adjustment, as well as 

addition of calcium, was also investigated. 

5.3 MATERIALS AND METHODS 

5.3.1 Fish and sample preparation 

Sardines {Sardinops sagax) were harvested off the Northwest Oregon coast in 

September 2004 by commercial purse seiners. The sardines were pumped from the 

seine nets directly into refrigerated seawater holds aboard the vessels and rapidly 

cooled to < 40C. The sardines were off-loaded within eight hours of capture at a local 

processing plant in Astoria, OR. Sardines were randomly chosen, packed in ice and 

delivered to the Oregon State University Seafood Laboratory on the day of catch. The 

head, viscera and backbone were removed from each fish, and skin-on fillets were 

obtained. The fillets were mixed together and minced with a vertical-cutter/mixer 

(Stephan Food Processing Technology, West Germany) for 2 min and kept in vacuum- 

sealed bags at -30oC for further analysis. Lipid content of sardine mince sample was 

determined according to Association of Official Analytical Chemists (AOAC) method 

934.01 (1998). 
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5.3.2 Determination of isoelectric point (pi) of sardine muscle 

Citrate-phosphate buffers of varying pH (5.0-5.9) were prepared using 0.1 M 

citric acid (CeHgOy • H2O, J.T. Baker Chemical Co., Phillipsburg, NJ) and 0.2 M 

dibasic sodium phosphate (NaaHPCXj • 7H2O, Matheson Coleman & Bell, East 

Rutherford, NJ). Sardine mince (5 g) was mixed with citrate-phosphate buffers at 

varying pHs and the final volume of homogenates was brought to 25 ml. The mixture 

was centrifuged at 20,000 x g at 40C for 30 min, and three layers were obtained: the 

supernatant lipid fraction in the upper layer, an aqueous fraction in the middle and a 

residue fraction in the bottom layer. Soluble protein concentration in the aqueous 

layer was determined by the Bradford dye binding method using Bio-Rad Protein 

Assay kit (Bio-Rad Laboratories, Hercules, CA). The absorbance was measured at 

595 nm (UV-VIS Spectrophotometer; UV 2401 PC, Shimadzu Corp., Kyoto, Japan) 

using bovine albumin as the standard. 

5.3.3. Oil extraction 

Sardine mince was mixed with deionized water (1:3, v/v), and the pH was 

adjusted to the pi of sardine muscle protein with 2.0 M hydrochloric acid (HCl), 2.0 M 

tartaric acid (TA) or 2.0 M citric acid (CA). It has been reported that Ca++ ions 

facilitate the separation of the oil and water phases in fish mince. To test this, a 

separate set of mince samples were treated with either calcium tartarate (1.5% of vol.) 

followed by TA (Ca-TA) or calcium citrate (1.5% of vol.) followed by CA (Ca-CA) 

for pH adjustment. The mixtures were maintained at 50C for 2 h and oils were 

separated by centrifiigation at 10,000 x g for 20 min. After centrifugation, the upper 

and middle layers containing oil and aqueous fractions, respectively, were transferred 

to a separatory funnel and the oil was removed and weighed. In the control group, 

sardine mince was heated with deionized water (1:3, v/v) at 950C for 30 min and then 

centrifuged at 10,000 x g for 20 min. The resulting supernatant was transferred to a 

separatory funnel and the oil was removed and weighed. All extracted oils were 

filtered under vacuum with hardened ashless filter paper (type 542, Whatman Inc., 
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Brentford, UK) to remove contaminants and particles from the final products. Oil 

recovery (%) was determined by dividing the removed oil in the different phases by 

the total lipid content in sardine muscle. Six replicates were run, and the extracted oils 

were stored under nitrogen at -80oC until further analysis. Oil content in the 

precipitated residue after oil extraction was determined by AOAC method 934.01 

(1998) to measure the oil retained in the centrifuged residues. The oil content (%) in 

the emulsion layer was calculated by subtracting the sum of the recovered oil and 

precipitated residue oil from 100%. 

5.3.4 Color analysis 

Color analysis of extracted oils was carried out using a spectrophotometer 

(Hunter lab Color Quest, Hunter Associates Laboratory, Inc., Reston, VA). The color 

of oils was determined based on 10° standard observation and D 65 illuminants. 

Values were expressed as L, a, b and haze. L value indicates lightness (100: White, 0: 

Black), a value indicates either redness (+) or greenness (-), and b value indicates 

either blueness (+) or yellowness (-). Haze represents cloudiness of the products 

possibly as a result of particles such as pigments or contaminants. Hue angle, which 

represents spectral distribution (actual color), and chroma, which evaluates intensity of 

the color, were also calculated. 

5.3.5 Thin-layer chromatography separation 

Extracted sardine oils were subjected to thin layer chromatography (TLC) 

separation for lipid composition determination. Lipids were separated into 

triacylglyceride (TG), monoacylglyceride (MG), diacylglyceride (DG), free fatty acids 

(FFA), and phospholipids (PL). Samples were dissolved in hexane (10% solution, 

v/v), and an aliquot of 5 p.1 sample mixture was loaded onto the silica plate (K6 silica 

gel 60, 200 x 200 x 0.25 mm, Whatman Inc., Brentford, UK). The developing solvent 

was hexane: diethylether: acetic acid (60:40:2, volume basis). Spots were visualized 

by spraying 5% sulfuric acid solution followed by drying at 100oC on a hot plate for 
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30 min. Quantification was carried out with densitometory ChemDoc with Quantity 

One software (Bio-Rad, Hercules, CA) using a commercially available TLC standard 

(Cat. No. 18-1A and 18-5A, Nu Check Prep, Inc., Elysian, MN), and each fraction 

level was expressed as wt/wt%. 

5.3.6 Determination of fatty acid composition by gas chromatograpby 

Fatty acids in sardine oils were converted into fatty acid methyl esters (FAME) 

according to AOAC method 991.39 (1998), and their composition was determined by 

gas chromatography (GC). A Shimadzu GC-2010 (Shimadzu Corp., Kyoto, Japan) 

equipped with a flame-ionization detector, capillary column (Omegawax™ 250 

capillary column, 30 m x 0.25 x 0.25 jim film thickness, Supelco, Bellefonte, PA) was 

used for analyzing FAME. Injector and detector temperatures for the GC system were 

set at 250oC and 270oC, respectively. The column temperature was set at 170oC with 

8 min of hold time and gradually heated to 2450C at a rate of 10C/ min with 2 min of 

hold time. Helium was used as a carrier gas. The fatty acid concentrations were 

calculated by comparison of their retention times with those of the reference standards 

(Supelco, Bellefonte, PA). 

5.3.7 Protein content determination in extracted oils 

Extraction of protein from oils was carried out according to a modified method 

of Zitouni et al. (2000). A volume of 2 ml of 50 mM phosphate-buffered saline 

solution was added to 5 g of extracted sardine oils and the mixture was maintained at 

60oC for 24 h. After centrifugation at 1500 x g for 15 min, 2 ml aqueous layers were 

collected and dialyzed (dialysis membrane with 12,000 to 14,000 Dalton MW; 45 mm 

flat; 20 (im wall thickness; Fisher Scientific, Pittsburgh, PA) against deionized water 

for 24 h. The protein concentration was determined with the Lowry method (Lowry et 

al., 1951) using bovine albumin as the standard. 
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5.3.8 Conjugated diene and triene determination 

Conjugated dienes and trienes were measured as indicators of free radical 

production. The progress of the peroxidation reaction was estimated by measuring 

absorbance (Abs) at 234 nm for conjugated dienes and 268 nm for conjugated trienes 

using a spectrophotometer (UV 2401PC, Shimadzu Corp., Kyoto, Japan). Abs was 

measured using 10 mm pathlength quartz UV cuvettes with reference readings made 

on spectroscopic-grade n-hexane with a 1% oil dilution. 

5.3.9 Thiobarbituric acid measurement 

Degree of oxidation based on a secondary oxidation product (malonaldehyde) 

was determined by the thiobarbituric acid (TBA) method (Sinnhuber and Yu, 1977). 

Extracted oils (approximately 0.05 g) in antioxidant solution were mixed with 3 ml of 

TBA reagent, and the mixture was heated in boiling water for 30 min. After cooling, 5 

ml of chloroform was added and the mixture was shaked vigorously. Next, the 

mixture was centrifuged at 3500 rpm for 10 min and the absorbance of the upper layer 

was measured at 535 nm by spectrophotometer (UV 2401PC, Shimadzu Corp., Kyoto, 

Japan). TBA values were determined at day 0 and then every two weeks over an eight 

week time period. The results were expressed as mg of malonaldehyde per kg of 

sardine tissue. 

5.3.10 Statistical analysis 

All analyses were run in triplicate, and the results were presented as averages and 

standard deviations. Statistical comparisons were made between treatments by 

analysis of variance (ANOVA) and Tukey's test using SPSS software. The results 

were presented in terms ofp values (p < 0.05). 
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5.4 RESULTS AND DISCUSSION 

5.4.1 pi of sardine 

Solubility of sardine protein at pH 5.0 to 5.9 is shown in Fig 5.1. Solubility 

ranged from a high of 5.22 mg/g sardine tissue (pH 5.0) to a low of 3.77 mg/g sardine 

tissue (pH 5.5), indicating a pi of 5.5 for sardine muscle protein. In general, the pi of 

fish muscle ranges between pH 4.5 to 5.5 depending on species (Huss, 1995). Several 

other studies have shown similar pis for fish muscle protein. Pacific whiting and 

rockfish muscle protein had a pi of 5.0 (Choi and Park, 2002; Yongsawatdigul and 

Park, 2004), and mackerel and cod muscle protein had a pi of 5.5 (Park et al., 2003; 

Stefansson and Hultin, 1994). 

The pH shift method has been shown to be a feasible process for recovering 

protein from various fish species including sardines (Hultin and Kelleher, 1999). By 

this method, protein is first solubilized at extreme pH and then precipitated at the pi 

and removed by centrifugation. It was expected that this method might also be 

practical for oil recovery from sardines. However, preliminary experiments showed 

that pH shifting to either extreme acid or alkaline endpoints (pH 2-3 or 10-11, 

respectively) resulted in lower oil recovery due to a presence of white membrane-like 

emulsions formed at the oil-water interface. This was perhaps due to high emulsifier 

effects of partially denatured proteins exposing both hydrophilic and hydrophobic 

amino acid sequences. By going directly to the pi, electrostatic charges can be 

minimized and the proteins quickly aggregate and begin to precipitate out of solution, 

thereby limiting emulsion-type interactions (Damodaran, 1996; Pace et al., 2004). 

Because the emulsion capacity of sardine protein is minimal at the pi, separation of the 

oil and water phases was greatly facilitated in the present study by adjusting a sardine 

mince: water slurry to pH 5.5 without first solubilizing the proteins. This method 

resulted in high recovery and quality of sardine oil. 
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Figure 5.1 Changes in solubility of sardine muscle protein at different pH values. 

5.4.2 Oil recovery and lipid distribution 

The oil recoveries (%) of different extraction methods are shown in Fig. 5.2. 

The oil extracted by adjusting pH to pi of sardine muscle protein with TA and CA 

showed the highest recovery (73.73% and 72.24%, respectively) followed by Ca-TA 

and Ca-CA. Furthermore, oil separation after adjusting pH to pi with organic acid, 

with or without calcium, was notably easier than in the heating process due to fewer 

particles and contaminants at the oil-water interface. This may be due to effective 

removal of emulsifiers including PL and protein residues in the pH adjustment method, 

demonstrating advantageous effects on emulsion breaking and clear separation of the 

oil and water phases. 

Emulsified oil can be localized, with particle-like aggregations of compatibly 

charged molecules existing in an incompatible aqueous phase. Substances in the 

slurry such as amphiphilic proteins and phospholipids can act as aids in forming 

emulsions. Coagulants including metal salts have been used for removal of emulsified 
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oil from large amounts of oily wastewater generated by various industries (Suzuki and 

T., 2005). Likewise, it was reported that addition of calcium ions in the presence of 

organic acid greatly facilitated removal of PLs from cod muscle homogenates (Liang 

and Hultin, 2005). In order to achieve high oil recovery, emulsifiers including PLs 

should be removed. If emulsions are already formed, addition of cations, including 

organic acid and calcium, as emulsion-breaking agents can disrupt the charge 

attraction of the hydrophobic molecules and coagulate oil droplets via charge 

neutralization, resulting in fewer emulsions at the oil-water interface (EPA, 2000). 

This was most likely the reason that pH adjustment methods demonstrated effective 

removal of emulsifiers including PL and protein residues, facilitating separation of the 

oil and water phases and allowing for higher oil recovery compared to heat extraction. 

In contrast, oil extraction by heat resulted in more emulsion layers at the oil-water 

interface, and the lowest oil recovery (52.95%) was observed. Heating the slurry 

causes coagulation of the sardine muscle proteins, and the liquids and solids must be 

mechanically separated (FAO, 1986). 

100% 

80% 

60% 

40% 

20% 

0% 

□ % lipid in emulsion 

□ % lipid in residue 

O % recovery 

Heat       HC1 TA      Ca-TA     CA     Ca-CA 

Figure 5.2 Percent oil recovery from sardine mince and lipid distribution 
in centrifuge residues and emulsions. 
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The results of lipid analysis of centrifuged residues also suggest increased 

efficiency of oil removal with pH adjustment methods. Centrifuged residues from 

heat extraction contained the highest amount of lipid (31.83%)) followed by residues 

from HC1 treatment (27.36%) whereas pH adjustment methods with organic acids 

resulted in lower lipid in the residues, ranging from 21.87%) to 25.90%. Lipid content 

in the emulsion layer also showed significantly higher levels in heat-processed oil 

(15.22%) as well as in oil extracted with HC1 (12.99%) compared to oils extracted by 

pH adjustment with organic acids (range 4.04-5.89%)). 

5.4.3 Color analysis 

The color of oil is a factor in determining quality because dark-colored oils 

require high-cost processing to achieve an acceptable light-colored product (Low et al., 

1998). Color analysis (Table 5.1) indicated that all sardine oils had high L values, 

suggesting light color characteristics of the products. All oils had a negative a value, 

indicating a slight greenish color, and a positive b color, indicating yellowish colors. 

Chroma represents intensity of the color and also showed similar values among 

treatments. Hue angle values were in the range of 98.33 to 99.02°, which implies 

greenish-yellow color of the products. 

There were significant differences found in haze values among treatments. 

Haze represents cloudiness of the oils, perhaps as a result of particles such as pigments 

or contaminants. The lowest haze value (4.58) was recorded for the oil treated with 

Ca-CA, suggesting that this treatment results in a relatively high quality product. 
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5.4.4 Lipid composition 

Lipid compositions (TG, DG, MG, FFA and PL) of extracted oils are shown in 

Fig. 5.3. Oil extracted by heat showed significantly higher levels of FFA, DG, MG, 

and PL (7.29%, 3.41%, 0.99% and 1.33%, respectively) with a lower level of TG 

(86.98%) compared to oils extracted by pH adjustment. This is in agreement with a 

study on oil separation from precooked and raw skipjack tuna heads (Chantachum et 

al., 2000), which showed that oils prepared at high temperatures had high resulting 

FFA levels. The high levels of FFA as well as DG and MG in oil extracted by heat 

suggest that hydrolysis of the ester bonds of TGs might have occurred during the heat 

extraction process, as oil can undergo hydrolysis in the presence of moisture and heat. 

There were no significant differences found in TG levels among the pH adjustment 

methods, and the levels were significantly higher than those in heat extraction, ranging 

from 90.92% to 92.24%. PL was non-detectable in oil extracted with Ca-CA, showing 

efficient removal of PL from the final products. 

Cationic salts, such as calcium chloride, aluminum sulfate and ferric chloride, 

are used extensively by wastewater treatment plants for the removal of phosphorus 

(Galameau and Ronald, 1997; Georgantas and Grigoropoulou, 2005). Calcium ions 

have also been used for whey protein purification by promoting the aggregation and 

precipitation of phospholipoproteins that originate from fat globule membranes in 

cheese whey (Liang and Hultin, 2005). Cations are known to form precipitates with 

phosphorus, creating an insoluble material (EPA, 2000; Zvomuya et al., 2006). A 

study on membrane sedimentation from acid-solubilized cod protein also showed that 

significant amounts of membrane PL were removed from muscle homogenates by 

adding Ca   in the presence of CA prior to solubilization at pH 3 (Liang and Hultin, 

2005). This observation was similar to results of the present study, and a possible 

mechanism suggested was that the polycarboxylic groups of CA induce membrane 

removal, while Ca2+ ions allow for close contact between the vesicles through the 

formation of anhydrous calcium- phospholipid complexes (Liang and Hultin, 2005). 



100.0 

95.0 

90.0 

74 

85.0 

Heat HCl TA        Ca-TA       CA       Ca-CA 

fflTG    0FFA    EDO    IMG    DPL 

Figure 5.3 Lipid compositions of sardine oils extracted by heat and pH adjustment 
methods. 

5.4.5 Fatty acid profiles 

GC analysis showed that oil extracted from sardines harvested off the OR-WA 

coast had high levels of n-3 PUFAs. PUFAs represented the highest oil fraction, 

ranging from 219.19 mg/g oil to 264.40 mg/g oil, followed by the saturated fatty acid 

(SFA) fraction, which ranged from 185.70 mg/g oil to 219.95 mg/g oil (Table 5.2). 

The major fatty acids in sardine oils were 16:0, 16:ln7, 20:5n3, and 22:6n3, with 

20:5n3 being the highest, in agreement with several other studies (Bandarra et al., 

1997; Leonardis and Macciola, 2004; Shirai et al., 2002). These results show 

relatively similar amounts of fatty acids in all extracted oils in terms of wt/wt%; 

however, there were differences found in terms of fatty acid mg per g oil. Oil 

extracted by heat and HCl showed the lowest levels of total fatty acids (513.49 mg/g 

oil and 515.02 mg/g oil, respectively) and n-3 PUFAs (207.40 mg/g oil and 209.54 

mg/g oil, respectively). The pH adjustment procedure with CA, TA, Ca-CA and Ca- 

TA showed higher amounts of total fatty acids, ranging from 530.36 to 597.54 mg/g 
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oil, with n-3 PUFAs ranging from 221.18 to 361.62 mg/g oil. Oil extracted with Ca- 

CA contained the highest levels of 20:5n3 and 22:6n3 (146.75 mg/g oil and 63.12 

mg/g oil, respectively), whereas oil extracted by heat showed significantly lower 

levels of 20:5n3 and 22:6n3 (123.09 mg/g oil and 50.58 mg/g oil, respectively), 

demonstrating reduced purity of heat-extracted oil. 

Edible oils are complexes of glycerides and other minor components, including 

hydrocarbons, waxes, sterols, alcohols, vitamins (tocopherols), pigments, terpenic 

acids and other contaminants such as proteins and phenols. Each of these components 

can alter the texture and/or flavor of the oil (Ruiz-Gutierrez and Perez-Camino, 2000; 

Sobstad, 1992). The higher total fatty acids content, and therefore lower contaminant 

levels, found in oil extracted by pH adjustment with organic acids, especially with Ca- 

CA, suggests higher oil quality. 
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5.4.6 Protein content in extracted oils 

Protein content of sardine oil extracted by both heat and pH adjustment 

methods are shown in Fig. 5.4. Oil extracted by heat showed the highest protein 

content (448 |^g/g oil) followed by oil extracted with HC1 (151 jag/g oil). The lowest 

protein content was found in oil extracted with CA (43 (xg/g oil) and Ca-CA (47 jxg/g 

oil) followed by oil extracted with TA and Ca-TA (80 |ig/g oil and 73 jig/g oil, 

respectively). Traditionally, minor oil components, such as proteins, have been 

considered impurities (Hidalgo and Zamora, 2006). Other nitrogen-containing 

intermediates including trimethylamine oxide, a hydrolysis product of phospholipids, 

have been identified in the oils. These intermediates react with hydroperoxides, 

giving formaldehyde and dimethylamine, which are responsible for fishy odors 

(Debruyne, 2004). In order to achieve high quality oil recovery from sardines, protein 

contaminants should be removed during the extraction process; however, during 

conventional oil extraction processes, partial proteins derived from original material 

(sardine mince) can be solubilized and still remain in the final product. Protein 

content in refined/crude oil ranges from 0.1 ug to 148 ug/g oil depending on the nature 

of the source and the processing method (Hidalgo and Zamora, 2006). It was 

demonstrated that extraction with CA and Ca-CA could result in high quality oils with 

less impurities, as supported by low levels of protein contamination in the final 

products. 

400 ■ 

-£- 

300 

200 - 

100 • 
r-n       r—-i 

0 • 
Heat HCI TA Ca-TA CA Ca-CA 

Treatments 

Figure 5.4 Protein content in sardine oils extracted by heat and pH adjustment 
methods. 
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5.4.7 Conjugated dienes and trienes determination 

Results of conjugated diene and triene measurements are shown in Table 5.3. 

Conjugated dienes and trienes are typically generated during initial oxidation 

processes, when cis-methyl interrupted double bonds are converted into conjugated 

double bonds (Vaya and Aviram, 2001). These conjugated double bonds have strong 

UV absorption at 234 nm and 268 nm, and therefore relative levels of conjugated 

dienes and trienes can be determined by measuring the Abs of the samples at these 

wavelengths. 

Conjugate dienes were found to be the highest in oil extracted by heat (Abs 

1.52). Among the oils extracted by pH adjustment, the lowest values were found in oil 

extracted with TA (Abs 1.06) followed by oil extracted with CA (Abs 1.24). In the 

case of conjugated trienes, the highest value was also found in oil extracted by heat 

(Abs 0.25) followed by HC1 (Abs 0.23), and the lowest was in oil extracted with TA, 

corresponding to the results for conjugated diene levels. 

Table 5.3 Absorbance of conjugated dienes and trienes in oil 
extracted by heat or pH adjustment methods. 

Conjugated dienes Conjugated trienes 
Heat 1.522 0.253 
HC1 1.304 0.231 
TA 1.065 0.128 
Ca-TA 1.447 0.209 
CA 1.245 0.206 
Ca-CA 1.415 0.163 

Abs at 234 nm Abs at 268 nm 

5.4.8 TBA values 

At day 0, the oil extracted by heat showed the highest TBA value (12.24), 

while the lowest TBA value was found in the oil extracted by Ca-TA (8.50) followed 

by Ca-CA (9.40) (Fig. 5.5). Moreover, TBA values of oil extracted by heat steadily 
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increased with storage time and reached the highest level at day 42 (18.87). On the 

other hand, TBA values of oil extracted by pH adjustment remained low throughout 

the storage period. TBA values were significantly reduced with the addition of 

calcium in both the CA and TA treatments. 

Organic acids including CA and TA interact with metals, such as copper, iron, 

magnesium and calcium, to form a wide range of metallic salts that exhibit antioxidant 

properties in oils (Gil et al., 2000) by reducing metal-catalyzed oxidation through 

chelation of trace metals such as iron (Debruyne, 2004; Mattey and Kristiansen, 1999). 

Approaches to inhibit oxidation offish oil include maintaining minimal temperatures 

during processing and retaining natural antioxidants by avoiding conditions that 

destroy them (Hultin, 1994). Fish oil contains natural antioxidants, such as a- 

tocopherol, which is known to play an essential role in protecting PUFAs against 

oxidation by trapping free radials (McGuire et al., 1997). Radicals trapped by a- 

tocopherol are extremely stable, making it a highly efficient antioxidant (Berges, 

1996). a-tocopherol can be destroyed by processing conditions including heat, 

freezing temperatures and the presence of oxygen, iron, chlorine, and/or mineral oil. 

Cooking of minced channel catfish resulted in a 40% loss of tocopherol content after 5 

min of heating at 1770C (Erickson, 1992). A time-course study of the TBA value of 

meat and the effect of tocopherol in preventing oxidation demonstrated that tocopherol 

levels of 4.4 g/kg meat reduced TBA values by approximately 80% following a 3 

month storage period (Faustman et al., 1989). The significantly high TBA values 

observed in oils extracted by heat in the present study might be due to partial 

decomposition of endogenous antioxidants such as tocopherol in sardine oil. 
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Figure 5.5 Changes in TBA values of sardine oil extracted by heat and pH adjustment 

methods over the storage period. 

5.5 CONCLUSIONS 

This study showed that oil extraction by pH adjustment followed by 

centrifugation can result in higher recovery and increased oil quality as compared to 

heat extraction. Oil extracted with Ca-CA showed the best quality, along with good 

recovery, the lowest haze value, and the highest n-3 PUFA content. All oils extracted 

by pH adjustment exhibited high stability against oxidation with fewer impurities 

compared to the heat process. There was a significant beneficial effect of calcium 

addition prior to pH adjustment in terms of lipid oxidation stability and color of the 

final products. The pH adjustment method is a novel process for oil extraction and a 

promising method that can be utilized for high-oil pelagic species such as sardines. 
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CHAPTER 6 

PRODUCTION OF N-3 POLYUNSATURATED FATTY ACID 

CONCENTRATE FROM SARDINE OIL BY IMMOBILIZED CANDIDA 

RUGOSA LIPASE IN ALGINATE-CHITOSAN-CaCb BEADS 

Tomoko Okada and Michael T. Morrissey 
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6.1 ABSTRACT 

A study was conducted to develop an immobilized-enzyme system to entrap 

lipase in chitosan-alginate-CaCh beads for the purpose of concentrating n-3 

polyunsaturated fatty acids (n-3 PUFAs) from sardine oil. The objectives were to 

determine the characteristics of the system, hydrolytic activity and efficiency for n-3 

PUFA concentration compared with a free lipase system. Lipase was immobilized by 

an ionotropic gelatin method, and beads composed of alginate-chitosan, alginate-CaC^, 

and alginate-chitosan-CaCh were analyzed for characteristics including mechanical 

strength and morphology. Immobilized lipase beads composed of alginate-chitosan- 

CaCb were analyzed for lipase loading efficiency, optimum pH and temperature and 

fatty acid profiles following hydrolysis. 

Lipase-immobilized beads prepared with alginate-chitosan-CaCl2 showed the 

highest mechanical strength. Scanning electron microscopy analysis revealed that 

lipase had a strong influence on bead structure. Optimum pH of immobilized lipase 

shifted from 7.0 to pH 6.0 and immobilized lipase showed higher stability against pH 

and temperature changes. Original sardine oil contained 38.13% n-3 polysunsaturated 

fatty acids (PUFAs) (25.20% 20:5n3 and 7.2% 22:6n3) and the concentration was 

significantly increased to 65.32% (40.24% 20:5n3 and 15.46% 22:6n3) with free 

lipase and to 64.77% (39.64% 20:5n3 and 15.33% 22:6n3) with immobilized lipase 

after 90 min of repeated hydrolysis. Fatty acid of the free fatty acid (FFA) fraction of 

hydrolyzed oil showed that lipase preferably hydrolyzed 16:0, 16:ln7 and 18:0 

accounting for 76.56% and 69.51% of total FFAs (after first and second hydrolysis, 

respectively). Among different lipid fractions, the diglyceride fraction contained the 

highest n-3 PUFAs. This study shows that use of immobilized lipase systems for 

increasing n-3 PUFA concentration in sardine oil provides new process opportunities 

for the industry. 

Keywords: sardine oil, chitosan, sodium alginate, enzyme immobilization, lipase 
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6.2 INTRODUCTION 

With growing public awareness of the clinical benefits of n-3 polysunsaturated 

fatty acids (PUFAs), researchers have been developing techniques for production of n- 

3 PUFA concentrate via a variety of methods. These methods include supercritical 

extraction with CO2 (Hsieh et al., 2005; Riha and Brunner, 2000), fractional solvent 

crystallization (Chen and Ju, 2000; Chen and Ju, 2002; Ganga et al., 1998), 

urea-complexation (Adachi et al., 1993; Guil-Guerrero and Belarbi, 2001; Hwang and 

Liang, 2001; Wanasundara and Shahidi, 1999), esterification (Akimoto et al., 2003; 

Haraldsson et al., 1997; Robles et al., 1999; Schmitt-Rozieres et al., 2000), hydrolysis 

(Linder et al., 2005; Rakshit et al., 2000; Sun et al., 2002; Ustun et al, 1997; Zheng et 

al., 2005), chromatography techniques such as supercritical fluid chromatography and 

silver-resin chromatography (Alkio et al., 2000; Nieto et al., 1997), acidolysis (Adachi 

et al., 1993; Garcia et al., 2000; Gonzalez Moreno et al., 2004; Ramirez Fajardo et al., 

2003), and any combination of such methods (Adachi et al., 1993; Gamez-Meza et al., 

2003; Ganga et al., 1998). 

The use of lipases as biocatalysts has considerable merits, including superior 

efficacy under mild reaction conditions, reduced environmental pollution, high 

availability from a wide range of sources, and high adaptability for modifications 

(Xuebing, 2000). Due to its promising advantages, lipase-catalyzed enzymatic 

hydrolysis has received increasing attention as a currently available method for n-3 

PUFA concentrate production. Hydrolysis reactions are generally faster compared to 

other concentration methods such as esterification and interesterification (Mohapatra 

and Hsu, 1999). Also, the process outlined in this study is relatively simple, can be 

carried out under mild conditions of pH and temperature, and no organic solvent is 

required. 

The majority of studies on production of n-3 PUFA concentrate from fish oil 

by lipase-catalyzed hydrolysis utilize commercially available free lipases derived from 

microorganisms such as Candida, aspergillus, mucor species and others (Hoshino et al., 

1990; Linder et al., 2005; Rakshit et al., 2000; Sun et al., 2002; Wanasundara and 

Shahidi, 1998; Zheng et al., 2005). However, use of enzymes in chemical and 
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biochemical reactions, as well as their disposal following each application can be 

costly. Also, the recovery and reuse of enzymes from the reaction medium can be 

difficult. For these reasons, enzyme immobilization has attracted a wide range of 

interest from fundamental academic research to industrial applications (Betigeri and 

Neau, 2002). 

Immobilized enzymes have several known advantages over free enzymes: 1) 

the enzyme can be reused, 2) the process can be readily controlled, 3) enzyme 

properties (activity and thermostability) can be favorably altered, 4) the process is 

more cost effective, and 5) immobilized enzyme has more adaptability to a variety of 

engineering designs (Benjamin and Pandey, 1998; Hayashi and Ikada, 1991). 

Entrapment of enzymes can be defined as the coupling of enzymes to the lattices of a 

polymer matrix or enclosing them in semi-permeable membranes tight enough to 

prevent the leakage of enzymes while allowing the diffusion (mass transfer) of 

substrates and products (Benjamin and Pandey, 1998). 

Enzymes can be immobilized by a variety of methods broadly categorized as 

either physical (weak interactions between support and the enzyme) or chemical 

(covalent bonds between support and the enzyme) (Berger et al., 2004). The 

ionotropic gelatin method (or coacervation) is a physical enzyme immobilization 

technique (Krajewska, 2004). It is a simple procedure carried out under mild 

conditions and without the often-toxic auxiliary molecules (e.g., glutaraldehyde) used 

in the covalent crosslinking method (chemical method) (Berger et al., 2004). This 

technique is carried out by preparing an enzyme-containing anionic polyelectrolyte 

solution prior to gelation, and then adding the solution dropwise to a cationic 

polyelectrolyte solution. Consequently, the enzyme is immobilized by inclusion in the 

interior of the beads/capsules (Krajewska, 2004). This method has been successfully 

used for the immobilization of enzymes and cells, encapsulation of nutraceuticals and 

for controlled drug release (Dumitriu et al., 1994; Il'ina and Varlamov, 2005; Shahidi 

etal., 1999). 

It has been reported that the amino groups of chitosan, when present in 

solutions in a cationic polyelectrolyte form, are capable of interacting with an anionic 
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polymer that has carboxylic groups, such as sodium alginate, by ionic binding (Coppi 

et al., 2002; Il'ina and Varlamov, 2005). The mechanism of lipase immobilization by 

an ionotropic gelatin method utilizing alginate and chitosan is depicted in Fig. 6.1. 

Chitosan is a natural polymer that has gained tremendous interest for use in 

immobilization technologies (Krajewska, 2004). It is nontoxic (food grade), available 

at low costs and in different forms (powder, gel, fibers and membranes), easy to 

handle, easily derived, and has high protein affinity (Gomes et al., 2004; Pereira et al., 

2003). Chitosan, (l-^4)-2-amino-2-deoxy-P-D-glucan, is commercially produced 

from chitin, the second most abundant polysaccharide in nature, by alkali 

deacetylation. The presence of amino groups in chitosan causes the molecule to be a 

cationic polyelectrolyte (pKa ~ 6.5) and ultimately gives rise to unique properties 

amenable to chemical modifications (Baxter et al., 2005; Krajewska, 2004; Lopez- 

Caballero et al., 2005). 

Anionic polyelectrolyte solution 
(sodium-alginate) containing lipase 

Cationic 
polyelectrolyte 
solution 

Crosslinking 
between carboxyl 
group of a-L- 

gluluronic acid and 

© Negative charge of alginate 
© Positive charge of chitosan 
— Chitosan polymer (pH< 6.0) 

Figure 6.1 Lipase immobilization by an ionotropic gelatin method utilizing chitosan 

and alginate. 

In addition to chitosan, alginate is a widely utilized polymer for enzyme 

immobilization (Hari et al., 1996). It is non-toxic, common food additive and 
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commercially available in a variety of sodium salt forms. Alginate is a seaweed 

extract composed of chains of alternating a-L-gluluronic acid and P-D-mannuronic 

acid residues. Alginate encapsulation has been reported to be suitable for many 

biological compounds due to advantages including mild (room temperature) 

encapsulation conditions and high gel porosity allowing for rapid diffusion rates of 

macromolecules (Srivastava et al., 2005). Because alginate has a pKa of 3.8, it is 

negatively charged at neutral pH and has high affinity for polycations (Breguet et al., 

2005). Therefore, a strong ionic network can be developed in the presence of Ca2+ or 

other multivalent cations at neutral pH (Hari et al., 1996). 

Previously reported immobilized enzymes utilizing both alginate and chitosan 

include lipase (Won et al., 2005), p-galactosidase (Taqieddin and Amiji, 2004), urease 

(DeGroot and Neufeld, 2001), tannase (Boadi and Neufeld, 2001; Yu et al., 2004), 

rhodanese (De Riso et al., 1996), aminoacylase (Lee et al., 1992), invertase (Gomez et 

al., 2006), and amylase (Shukla and Jajpura, 2005). However, no studies have been 

published investigating production of n-3 PUFA utilizing immobilized lipase in 

chitosan-alginate-CaC^ beads. 

This paper presents the development of an immobilized-enzyme system to 

entrap lipase in chitosan-alginate-CaC^ beads for the purpose of concentrating n-3 

PUFAs from sardine oil. Lipase from Candida rugosa (CR lipase) (Amano Enzyme, 

Aichi, Japan) was used because a prior study showed high efficiency in concentrating 

n-3 PUFA using the free form of the lipase (Chapter 4). The objectives were to 

determine the characteristics of the system, hydrolytic activity and efficiency for n-3 

PUFA concentration compared with a free CR lipase system. The effect of repeated 

hydrolysis with first (1st) and second (2nd) hydrolysis was also studied. 

6.3 MATERIALS AND METHODS 

6.3.1 Sample preparation and oil extraction 

Sardines (Sardinops sagax) were harvested off the Northwest Oregon coast in 

September 2005 by commercial purse seiners. The sardines were pumped from the 

seine nets directly into refrigerated seawater holds aboard the vessels and rapidly 
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cooled to < 40C. The sardines were off-loaded within 8 hr of capture at a local 

processing plant in Astoria. Sardines were randomly chosen, packed in ice and 

delivered to the laboratory on the day of catch. The head, viscera and backbone were 

removed from each fish, and skin-on fillets were obtained. The fillets were mixed 

together and minced using a vertical-cutter/mixer (Stephan Food Processing 

Technology, West Germany) for 2 min. The minced sardines were mixed with 

deionized water (3:1, v/v), and pH was adjusted to the isoelectric point of sardine 

muscle protein (5.5) by 2.0 M citric acid with addition of calcium citrate (1.5% of vol.) 

prior to pH adjustment. The mixture was kept at 50C for 2 h, transferred to a 

separatory funnel after centrifugation at 10,000 * g for 20 min, and then oil was 

recovered and filtered under vaccum with hardened ashless filter paper (type 542, 

Whatman Inc., Brentford, UK). Tertiary butyl hydroquinone (200 ppm) was added to 

the extracted oil as an antioxidant with constant agitation with N2. The oil was 

collected in 5 ml vials and the air in the vials was replaced by N2. The vials were 

stored at -80oC until further use. 

6.3.2 Preparation of immobilized Upases 

Immobilized lipases were prepared by an ionotropic gelatin method. Alginate 

solution was prepared with different concentrations of sodium alginate (0.5, 1.0, 1.5, 

and 2.0%) in deionized water (w/v). The amount of 350 U CR lipase (0.07 g) was 

selected for use according to the results of a preliminary experiment. CR lipase was 

dissolved in 7 g of 2.0% alginate solution and solubilized by constant agitation for 

approximately 15 min. Chitosan solution (0.5%) was prepared by dissolving high 

molecular weight (MW) chitosan (degree of deacetylation (DD): >85%, MW: 1.0 x 

106, Kyowa, Tokyo, Japan) in 3.0% acetic acid solution. The alginate solution 

containing CR lipase was added dropwise into chitosan solution with/without 1.0 or 

2.0% CaCh. For alginate-CaCh beads, CR lipase-containing alginate solution was 

added dropwise into either 1.0 or 2.0% CaCh solution. After rapid curing, the lipase- 

immobilized beads were obtained by filtration and immediately used for further 

analysis. 



89 

6.3.3 Measurement of mechanical strength of immobilized Upases 

The mechanical strength of lipase-immobilized beads made with alginate- 

chitosan, alginate-CaCb, or alginate-chitosan-CaCh was determined by a texture 

analyzer (TA.XT.Plus, Scarsdale, NY) equipped with a 50 kg load cell (Khan et al., 

2000). Solutions containing 0.5% alginate, 0.5% chitosan and either 1.0% or 2.0% 

CaCh were used for this assay. Each bead was held between two clamps separated by 

a distance of 2 cm. The beads were pulled by the top clamp at a rate of 1 mm/s, and 

the force (g) was measured when the beads were broken. 

6.3.4 Scanning electron microscopy analysis 

Scanning electron microscopy (SEM) analysis of the surface and cross-sections 

of the dried beads prepared with alginate-chitosan, alginate-CaCb, or alginate- 

chitosan-CaC^ with/without lipase was performed with an AMR - 3300 SEM (Amray 

Instruments, Bedford, MA). All samples were chemically dried according to Nation 

(1983) by transferring alginate beads for 5 min to 1.0% glutaraldehyde in 0.1 M 

cacodylate buffer (pH 7) followed by washing in deionized water for 5 min. Beads 

were dehydrated with ethanol solutions of 70%, 85%, 95% and 100% for 5 min each, 

then immersed in hexamethyldisilazane for 5 min, followed by air drying at room 

temperature. 

6.3.5 Determination of lipase loading efficiency 

Effect of alginate concentration (0.5, 1.0, 1.5, and 2.0%) on lipase loading 

efficiency (percent of total lipase entrapped) was investigated. Immobilization of 

lipase in alginate-chitosan-1.0% CaC^ beads was selected for further analysis based 

on its high mechanical strength as well as high efficiency in concentrating n-3 PUFAs 

(data not shown). CR lipase (350 U) was immobilized in alginate-chitosan-1.0% 

CaCl2 beads at different alginate concentrations, and loading efficiency was 

determined by measuring protein content in beads and chitosan solution by the Lowry 

method (Lowry et al., 1951) using bovine albumin as a standard. 
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6.3.6 Determination of lipase activities at different pH values and temperatures 

Free and immobilized lipase hydrolytic activities were measured according to 

the Japanese Industrial standard method (JIS, 1995) at different pH values in the range 

of 2.0 to 10.0 at 370C. The effect of temperature on both free and immobilized lipase 

activity at optimum pH values (pH 7.0 for free lipase, and pH 6.0 for immobilized 

lipase) was also determined within a temperature range of 20-60oC at 50C intervals. 

Results were expressed as relative activities where the highest original activities were 

defined as 100%. 

6.3.7 Hydrolysis reaction 

A 20 ml aliquot of phosphate buffer (0.1 M) and 2 g extracted sardine oils 

were added to a flask along with either free or immobilized lipase. The hydrolysis 

reaction was run at the pre-determined optimum temperatures and pHs of free or 

immobilized lipase (350 U/g sardine oil). Following hydrolysis, deionized water (10- 

fold), potassium hydroxide and 1.0% methanolic phenolphthalein solution were added 

to the flask. The potassium hydroxide was added for neutralization of free fatty acids 

(FFA) released by hydrolysis, and the 1.0% methanolic phenolphthalein solution was 

added to monitor pH. The final n-3 PUFA concentrate was obtained after 

centrifugation at 14,000 rpm for 5 min. After the 1st hydrolysis for 30, 60 or 90 min, 

immobilized lipase was removed via filtration, and was reused for the 2nd hydrolysis 

(30, 60 or 90 min). Unrecoverable free lipase was discarded with the water phase; 

therefore, fresh free lipase was added to the new oil -buffer solution after removing 

FFA fractions for a 2nd hydrolysis reaction. 

6.3.8 Determination of fatty acid composition by gas chromatography 

After the 2nd hydrolysis, the fatty acids in original sardine oil and final n-3 

PUFA concentrate were converted into fatty acid methyl esters (FAME) according to 

American Oil Chemists' Society method 991.39 (AOCS, 1998), and their composition 

was determined by gas chromatography (GC). A Shimadzu GC-2010 (Shimadzu 

Corp., Kyoto, Japan), equipped with a flame-ionization detector and capillary column 
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(Omegawax™ 250 capillary column, 30 m x 0.25 x 0.25 jxm film thickness, Supelco, 

Bellefonte, PA) was used for analyzing FAME. GC system parameters were set as 

follows: injector and detector temperatures of 250oC and 270oC, respectively; column 

temperature of 170oC with 8 min hold time; gradual heating to 2450C at a rate of 10C/ 

min with 2 min hold time; and helium as a carrier gas. The fatty acid concentrations 

were calculated by comparison of their retention times with those of the reference 

standards (Supelco, Bellefonte, PA). 

6.3.9 Thin-layer chromatography separation 

Original sardine oil and final n-3 PUFA concentrate were subjected to thin 

layer chromatography (TLC) separation for lipid composition determination. Lipids 

were separated into monoglyceride (MG), diglyceride (DG), and triglyceride (TG) 

fractions. Samples were dissolved in hexane (10% solution, v/v), and an aliquot of 5 

|xl sample mixture was loaded onto a silica plate (K6 silica gel 60, Whatman Inc, Park, 

NJ). The developing solvent was hexane: diethylether: acetic acid (60:40:2, volume 

basis). Spots were visualized by spraying 5% sulfuric acid solution followed by 

drying at 100oC on a hot plate for 30 min. Quantification was carried out with a 

densitometory ChemDoc with Quantity One software (Bio-Rad, Hercules, CA) using a 

commercially available TLC standard (Cat. No. 18-1A and 18-5A, Nu Check Prep, 

Inc., Elysian, MN), and each fraction level was expressed as wt/wt%. Fatty acid 

profiles in FFA fraction recovered from oil hydrolyzed by CR lipase (after both the 1st 

and 2nd 90 min hydrolyses) were also determined to investigate which fatty acids were 

favorably hydrolyzed by immobilized CR lipase. To determine which lipid fraction 

contained the highest levels of n-3 PUFAs, different lipid fractions (TG, DG, and MG) 

of final n-3 PUFA concentrate treated with immobilized CR lipase (after 2nd 

hydrolysis of 90 min) were separated by TLC and visualized with iodine vapor. Each 

fraction was removed from the TLC plates and converted into FAME, and fatty acid 

profiles in each fraction were determined by GC. 
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6.3.10 Statistical analysis 

All analyses were run in triplicate, and the results were presented as average 

and standard deviations. Statistical comparisons were made between treatments by 

ANOVA and Tukey's test using SPSS software package. The results were presented 

in terms ofp values (p < 0.05). 

6.4 RESULTS AND DISCUSSION 

6.4.1 Mechanical strength of immobilized Upases 

As shown in Fig. 6.2, lipase-immobilized beads prepared with alginate- 

chitosan had the lowest breaking force (2.90 g). The low mechanical strength of these 

beads was most likely due to their liquid core. Because the liquid core was too weak 

to support the integrity of the capsules against mechanical stress during the hydrolysis 

reaction, alginate-chitosan beads were deemed unsuitable for use in batch production 

of n-3 PUFA concentrate. Alginate-CaCh beads showed higher breaking force value 

than alginate-chitosan beads; however, their mechanical strength was not strong 

enough and they were easily broken down during the hydrolysis reaction when 

constant agitation resulted in leakage of the lipase. Among the different preparations, 

lipase-immobilized beads prepared with alginate-chitosan-CaCb had the highest 

breaking force (3.35g). The addition of CaC^ to alginate-chitosan beads might have 

induced gelling of the liquid core, thereby increasing the breaking force of the beads 

(Gasered et al., 1998). The results showed that gel strength was not increased by a 

change of CaCh concentration from 1.0% to 2.0%, suggesting that addition of Ca2+ 

ions above a certain level does not strengthen the formation of gel-like networks. 

These findings are in agreement with previous reports (Won et al., 2005). 
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Figure 6.2 Mechanical strength of the CR lipase-immobilized beads prepared with 
0.5% alginate-0.5%chitosan (Al-Ch), 0.5% alginate-1.0% CaCfc (Al-CaCfe 1%), 0.5% 
alginate-2.0% CaCb (Al-CaCh 2%), 0.5% alginate-0.5% chitosan-1.0% CaCh (Al- 
Ch-CaCh 1%) or 0.5% alginate-0.5% chitosan-2.0% CaCh (Al-Ch-CaCh 2%). 

6.4.2 Morphology of the beads 

SEM images of beads prepared with alginate-chitosan, alginate-CaC^ or 

alginate-chitosan-CaCU with/without lipase are shown in Fig. 6.3. In general, the 

beads were about 1-2 mm in size and relatively ovoid or egg-shaped. However, the 

alginate-CaCl2 beads were very spherical in shape. Alginate-CaCh beads also had a 

distinct surface image that was clear and smooth compared to the mesh-like surface of 

chitosan-coated beads. In general, the shape of the beads changed to a spherical disc 

with a collapsed center after chemical drying. According to previous reports, calcium 

alginate beads usually have a heterogeneous structure with a dense surface layer and 

are loosely cored due to the heterogeneous gelation mechanism, which results in the 

collapse of beads during the drying process (Sankalia et al., 2005). 

Alginate-chitosan beads posses a highly porous core, resulting from drying of 

liquid alginate (Taqieddin and Amiji, 2004), and a uniform chitosan layer unlike other 

beads. 
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Figure 6.3 SEM micrographs of alginate beads prepared with (a) 2.0% alginate + 0.5 
% chitosan, (b) 2.0% alginate + 1.0% CaCh (c) 2.0% alginate + 0.5% chitosan + 1.0% 
CaCh, (d) 2.0% alginate + 0.5% chitosan +1.0% CaCh + CR lipase. 
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On the other hand, all other preparations formed a semi-solid gel core, shown 

as a compact dense structure surrounded by a chitosan layer (Fig. 6.3b, c and d). 

Lipase seemed to have a strong influence on bead structure. The structure of the 

alginate-chitosan-CaC^ bead without lipase (Fig. 6.3c) was more compact than the 

structure of alginate-chitosan-CaCl2 bead with lipase (Fig. 6.3d). This implies that 

lipase increases the porosity of the complex, which is in agreement with Magnin et al. 

6.4.3 Lipase loading efficiency 

Because immobilized lipase prepared with alginate-0.5% chitosan-1.0% C&Ch 

exhibited the highest mechanical strength, this mixture was selected for lipase loading 

efficiency tests. Different alginate concentrations (0.5 to 2.0%) were used in order to 

find an optimum alginate concentration. Lipase loading efficiency was determined by 

measuring the percent lipase retained in the beads and the percent lost into the 

chitosan solution (Fig. 6.4). The results showed that percent lipase loading increased 

as alginate concentration increased. However, alginate concentrations higher than 

2.0% are not practical for use in lipase immobilization because they cause strong 

gelation resulting in solutions that are too thick to stir. The highest percent lipase 

loading (87.41%) was found in beads prepared with 2.0% sodium alginate. Alginate 

anions are cross-linked to Ca   cations and chitosan, and it was expected that an 

increase in alginate concentration would make it difficult for CR lipase (MW= 5.7 x 

104) to leak out of the gel network, as suggested by a similar study (Won et al., 2005). 

Furthermore, a preliminary experiment showed that resulting levels of n-3 PUFA 

concentrate were higher when 2.0% alginate was used compared to 1.0% or 1.5% 

alginate concentration; therefore, immobilized lipase prepared with 2.0% alginate was 

used in all further analyses including determination of optimum pH, temperature, and 

hydrolysis reaction. 
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Figure 6.4 Percent lipase retained in alginate-chitosan-CaC^ beads and percent 
released into chitosan solution. 

In general, the main disadvantage to enzyme immobilization is the low 

retention yield (about 60%) of enzymes successfully loaded into beads (Dumitriu and 

Chomet, 1997). Alsarra et al. (2002) reported that lipase loading efficiency ranged 

from 23.9% to 44.3% depending on the DD and MW of the chitosan used, and that 

higher DD and MW provided a higher lipase loading efficiency. It was suggested that 

this was because chitosan samples with higher DD would have more positively- 

charged amine groups upon being dissolved in the acetic acid solution; therefore, more 

positive charges would be available to interact with negatively-charged ions, leading 

to the formation of more ionic bonds and a more complex intricate network than that 

of lower DD chitosan. This might be the reason for the high lipase loading efficiency 

shown in this study as the chitosan used possesses not only high DD (>85%) but also 

high MW (1.0 x 106). Lipase loss of only 12.59% was found in the bead prepared 

with 2.0%) alginate concentration. Enzyme loss during the immobilization process has 

been reported by other studies, and it generally varies from 33%) to 10% depending on 

immobilization conditions (Betigeri and Neau, 2002). 
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6.4.4 Optimum pH of free and immobilized Upases 

The effect of pH on the hydrolytic activity of free and immobilized lipase is 

depicted in Fig 6.5. The optimum pH of free lipase was 7.0, in agreement with 

another study (Pereira et al., 2001) as well as a supplier's report (Amano Enzyme, 

Aichi, Japan). Although initial enzyme activity of free lipase was higher than that of 

immobilized lipase, the results showed that relative activities of immobilized lipase 

possessed higher stability against pH changes. The decreased activity of immobilized 

lipase might be due to interactions between the lipase and Ca2+ ions (Lee et al., 1993). 

Optimum pH of immobilized lipase (pH 6) shifted slightly from that of free lipase (pH 

7.0). This was in agreement with other studies (Gomes et al., 2004; Pereira et al., 

2003), and it has been suggested that this is most likely due to the positively-charged 

amino groups of chitosan (pKa=6.5). Immobilized lipase maintained high levels of 

relative activity even at extreme pH values (approximately 60% relative activity at 

both pH 2 and 10), whereas activity of free lipase was significantly decreased at pH 

lower than 4.0 and higher than 8.0 (6.55% and 1.33%, respectively). According to the 

results, lower pH values (less than 4.0) should be avoided in the free lipase system: the 

pi of CR lipase is at about 4.5, and the pH of the aqueous phase should be maintained 

above 5.5 to prevent serious desorption of the enzyme in the free lipase system 

(Minovska et al., 2005). By maintaining activity over a wide pH range, the 

immobilized lipase provides a significant advantage over the free lipase system for the 

large-scale concentration of n-3 PUFAs. 
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Figure 6.5 Effect of reaction pH values on hydrolytic activities of free lipase and immobilized lipase. The highest original 
activity of each system was defined as 100%. 
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6.4.5 Optimum temperature of free and immobilized Upases 

The temperature dependence of the hydrolytic reaction with free and 

immobilized lipase is shown in Fig. 6.6. Within the temperature range measured (20- 

60oC), immobilized lipase showed higher stability than free lipase, especially as 

temperatures increased: at 60oC, the relative activity of immobilized lipase was 84%, 

compared to 46% relative activity of free lipase. The optimum temperature range of 

immobilized lipase was broader (35-40oC), and temperature changes had less 

influence on the immobilized lipase compared with that of free lipase throughout the 

temperature range measured. According to these results, the immobilization 

procedure results in higher temperature stability. Ability to operate under a wide 

temperature range is a highly desirable property within the food industry: higher 

optimum temperatures reduce the risk of microbial contamination, while lower 

temperatures require less energy input (Minovska et al., 2005) 

6.4.6 Fatty acid composition of oils after 1st and 2nd hydrolysis 

The original sardine oil contained 23.06% 16:0, 12.01% 16:ln7, 25.21% 

20:5n3 and 7.18% 22:6n3, with 38.13% total n-3 PUFAs. The levels of 16:0 and 

16: ln7 in sardine oil after hydrolysis followed by FFA removal were significantly 

decreased as reaction time progressed with both free and immobilized lipase (Fig. 6.7a, 

b). Levels of 20:5n3 in the final n-3 PUFA concentrate were significantly increased 

(Fig. 6.7c,) after the 1st free lipase hydrolysis at 30 min (30.2%) and 90 min (37.23%). 

After two 30 min free lipase hydrolyses, the same EPA levels were achieved as with 

one 90 min free lipase hydrolysis. The levels were significantly increased after 60 and 

90 min (38.71% and 40.24%, respectively) of the 1st hydrolysis. After the 1st 

immobilized lipase hydrolysis follwed by FFA removal, 20:5n3 content was 

significantly increased to 32.02% and 35.76%) after 60 min and 90 min, respectively 

(Fig. 6.7d). In the 2nd hydrolysis 20:5n3 content increased to 31.01%, 37.00% and 

39.64%) after 30, 60, and 90 min reaction times, respectively. 
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Levels of 22:6n3 also increased significantly (to 9.25%) after the 1st 30 min 

free lipase hydrolysis and increased again to reach a maximum of (15.02%) after 90 

min. In the immobilized lipase hydrolysis, 22:6n3 content increased to 9.50% after 30 

min and reached 14.09%) after 90 min. There was only a slight difference in 22:6n3 

content between the 1st and 2nd hydrolyses with both free and immobilized lipases; 

however, a repeated hydrolysis (2nd hydrolysis) resulted in significantly higher levels 

of n-3 PUFAs, which increased from 61.97%) to 65.32%) with free lipase and from 

59.18%) to 64.77%) with immobilized lipase. This was mainly due to an increase in 

22:6n3 and other n-3 PUFAs. Although the final fatty acid concentrations were 

similar for both free and immobilized lipase after a 90 min hydrolysis, the rate of 

changes in fatty acid composition, including levels of 20:5n3 and 22:6n3, was 

relatively slower with the immobilized lipase system than with the free lipase system. 

The effect of repeated hydrolysis on enrichment of PUFA in tuna oil using 

lipase from Geotrichum candidum was reported by Shimada et al. (1994). The study 

indicated that a 2nd hydrolysis did not show a significant effect when the reaction was 

continued with the same amount of lipase without removing FFA from the final 

product; however after removing FFA, degree of hydrolysis was increased by lipase 

addition, in agreement with this study. From the results, it should be noted that 

removal of FFA released by hydrolysis after reaching the maximum level of n-3 

PUFA level is essential for achieving a higher n-3 PUFA concentration. This could be 

due to an inhibitory effect of FFA on lipase activity. 
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Figure 6.7 Changes in 16:0 and 16:ln7 in final n-3 PUFA concentrate hydrolyzed (1st 

and 2n hydrolysis) with (a) free lipase or (b) immobilized lipase, and 20:5n3 and 
22:6n3 in oils hydrolyzed (1st and 2nd hydrolysis) by (c) free lipase or (d) immobilized 
lipase 

6.4.7 Fatty acid composition in free fatty acid fraction of hydrolyzed oil 

Fatty acid composition in the FFA fraction of hydrolyzed oil with immobilized 

lipase (90 min reaction time for both 1 st and 2nd hydrolyses) was investigated in order 

to determine which fatty acids were hydrolyzed preferably by CR lipase (Table 6.1). 

The FFA fraction was obtained by TLC after hydrolysis without neutralization, and 

the fatty acids were converted to FAME. With the 1st hydrolysis, the result suggested 

that the saturated fatty acid (SFA) fraction was the highest (61.29%) containing 
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34.19% 16:0, 16.55% 18:0 and 8.79% 14:0, in the FFA fraction of hydrolyzed oil. 

The total monounsaturated fatty acid (MUFA) fraction was 36.58%, containing 

25.82%) 16:ln7 and 10.02% 18:ln9. Compared with these fractions, the PUFA 

fraction showed significantly low levels (2.12%), with 18:2n6 being the highest 

(0.88%)) followed by 18:3n6 (0.58%). A similar tendency was found after the 2nd 

hydrolysis, with the SFA fraction becoming significantly higher (71.44%) and 16:0 

being the most prevalent (37.04%), while the MUFA fraction levels were found to be 

lower than that in oil obtained from the 1st hydrolysis. Levels of 22:6n3 and 22:5n3 

increased slightly from 0.35%) to 0.55% and 0.06% to 1.29%), respectively, with an 

overall increase in total PUFAs (2.12% to 4.26%) in the FFA fraction of oil after a 2nd 

hydrolysis. These results show that n-3 PUFAs, such as 22:5n3, that are present at 

low levels could possibly be hydrolyzed with prolonged hydrolysis reactions. Taken 

together, the results from Fig. 6.7 and Table 6.1 show that enrichment of n-3 PUFAs 

was accompanied by a reduction in fatty acid levels in the SFA and MUFA fractions, 

particularly in the case of 16:0, 16:ln7 and 18:0. A possible reason for the initial 

reduction of SFA and MUFA may be that TG without n-3 PUFAs is hydrolyzed in the 

first phase, and TG with n-3 PUFAs is hydrolyzed later. This indicates that the lipase 

recognizes the whole molecular structure, not only the ester bonds as suggested by 

Hoshino et al. (1990). 
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Table 6.1 Fatty acid profile of free fatty acid fraction 
of sardine oils hydrolyzed with immobilized CR lipase. 

Hydrolyzed oil3 

Fatty acid wt/wt% 
1st hydrolysis 2nd hydrolysis 

14:0 8.79 ±0.03 15.51 ±0.08 
15:0 0.19 ±0.01 0.12±0.11 
16:0 34.19 ±0.42 37.04 ±0.12 
17:0 0.45 ±0.19 0.25 ± 0.04 
18:0 16.55 ±1.39 16.57 ±0.59 
SFA 61.29 ±2.27 71.44±1.31 

16:ln7 25.82 ±0.54 15.90 ±0.28 
17:ln9 0.38 ±0.01 0.17 ±0.01 
18:ln9 10.02 ±0.35 7.36 ±0.27 
20:ln9 1.27 ±0.78 2.91 ±0.09 
22:ln9 0.00 ± 0.00 0.28 ± 0.01 
MUFA 36.58 ±1.96 24.30 ±1.89 
18:2n6 0.88 ±0.00 0.34 ±0.00 
18:3n6 0.58 ±0.02 0.57 ±0.02 
18:3n3 0.06 ± 0.00 0.37 ±0.14 
20:2n6 0.07 ± 0.00 0.10 ±0.00 
20:3n6 0.09 ± 0.00 0.04 ± 0.00 
20:3n3 0.05 ± 0.00 0.46 ± 0.01 
20:5n3 0.20 ± 0.00 0.15 ±0.01 
22:5n3 0.06 ± 0.02 1.29 ±0.04 
22:6n3 0.35 ±0.00 0.55 ±0.03 
PUFA 2.12 ±0.37 4.26 ±0.58 

FFA content 147 mg/ g 151mg/g 

Glycerides obtained after 90 min hydrolysis (1st and 2n ) 
by immobilized CR lipase 
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6.4.8 Lipid composition of oils obtained after 1st and 2nd hydrolysis 

Changes in the lipid composition (MG, DG, and TG levels) after the 1st and 2nd 

hydrolyses with (a) free lipase or (b) immobilized lipase followed by FFA removal are 

shown in Fig. 6.8. Prior to the 1st hydrolysis, the oil contained 89.47% TG, 5.89% DG, 

and 0.75% MG. With the free lipase system, TG content decreased significantly after 

30 min to 67.55% with increases of DG and MG (30.13% and 2.32%, respectively) 

after the 1st hydrolysis followed by FFA removal. A prolonged reaction time (90 min) 

resulted in slight changes in lipid composition (TG 64.35%, DG 32.40% and MG 

3.24%). In the 2nd hydrolysis, the TG content in final n-3 PUFA concentrate was 

reduced (61.77%), while the DG and MG levels increased and remained constant 

throughout the rest of the reaction time. On the other hand, after a 30 min reaction 

time in the 1st immobilized lipase hydrolysis, TG content decreased to 77.74% and DG 

and MG levels increased to 19.20% and 3.05%, respectively. Changes in lipid 

composition during the immobilized lipase hydrolysis were rather slow compared to 

those observed in the free lipase hydrolysis. However, TG content decreased 

continuously to 67.15% after the 1st hydrolysis and 65.23% after the 2nd hydrolysis, 

resulting in relatively similar levels with that of free lipase system after 90 min. The 

slower changes in TG, DG and MG by immobilized lipase compared with free lipase 

system were accordance with the rate of fatty acid profile changes (Fig. 6.8).   Lipid 

compositions of hydrolyzed oil as well as n-3 PUFA concentration resulted in similar 

values after 90 min but not shorter time (30 and 60 min), suggesting that immobilized 

lipase systems require slightly longer reaction times to achieve the same result as 

obtained from free lipase system (90 min) perhaps because they are covered in 

chitosan-alginate materials. 
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6.4.9 Fatty acid profiles of mono-, di-, and triglyceride fractions of hydrolyzed 

sardine oil 

Fatty acid profiles in different fractions of final n-3 PUFA concentrate 

hydrolyzed with immobilized lipase after a 90 min reaction time (1st hydrolysis) were 

determined in order to find the fraction with the highest n-3 PUFA content (Fig. 6.9). 

Compared with levels in the total lipid fraction, the TG fraction contained higher 

levels of 16:0 (19.67%) and 16:ln7 (6.46%) and lower levels of 20:5n3, 22:6n3, and 

total n-3 PUFAs (30.52%, 10.75%, and 49.18%, respectively). The lowest n-3 PUFA 

levels were found in the MG fraction (31.98%), with 20:5n3 and 22:6n3 present at 

17.29% and 6.50%, respectively. The DG fraction contained the highest levels of n-3 

PUFAs (62.91%), having 37.53% 20:5n3 and 15.02% 22:6n3. These values were 

similar to the n-3 PUFA concentrate oil prepared with two 90 min hydrolyses, 

suggesting that fractionation and recovery of the DG fraction could be an alternative 

application to produce highly-concentrated n-3 PUFA oil. Similar results were shown 

in a study by McNeill et al. (1996), where the highest n-3 PUFA levels were found in 

the DG fraction compared to the TG and FFA fractions in hydrolyzed fish oil (species 

were undefined). Also in agreement with the present study, Halldorsson et al. (2004) 

reported that the MG fraction of hydrolyzed herring oil contained the highest SFA, 

especially in the case of 16:0, with lower levels of 20:5n3 and 22:6n3. 
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6.5 CONCLUSIONS 

This study outlines a simple, non-toxic, versatile method to immobilize lipase 

in an alginate-chitosan-CaCU matrix driven by polyionic interactions for the purpose 

of producing n-3 PUFA concentrate. The complexation of chitosan, alginate, CaC^ 

and lipase provides high thermal protection and stability against changes in pH and 

temperature. The immobilized lipase system allows for easy recovery of both lipase 

and product, reuse of the enzyme, rapid termination of reactions and increased 

concentration of n-3 PUFAs. Use of the immobilized lipase system to increase n-3 

PUFA concentration from sardine oil provides new processing opportunities for the 

fats and oils industry and a hopeful, more efficient alternative to existing enzymatic 

methods. 
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7. GENERAL CONCLUSIONS 

Seasonal differences were found in the proximate composition of Pacific 

sardines during the 2004 harvest season off the Oregon-Washington (OR-WA) coasts. 

Sardines had the lowest lipid content in June, and reached maximum levels in the 

middle of August. Sardines caught in the OR-WA coastal area also contained high 

levels of n-3 PUFAs with EPA and DHA having peak levels of 3.36 g and 1.39 g per 

100 g sardine tissue, respectively. Because increases in lipid content correspond to 

increases in n-3 PUFA levels, sardines captured in August-September have higher 

potential for oil recovery for nutritional purposes. 

Lipase-catalyzed hydrolysis was found to be a viable method for concentrating 

n-3 PUFAs from sardine oils, resulting in a 2-fold increase in the total levels of these 

fatty acids. This study showed that nonspecific Upases were more efficient at 

concentrating n-3 PUFAs in sardine oils than 1,3-specific lipases. The optimum 

enzyme concentration was 250 U/g sardine oil, and optimum reaction time was found 

to be 1.5 h. 

The new oil extraction method by pH adjustment developed in study 3 resulted 

in increased oil recovery and quality as compared to conventional heat extraction. A 

pH adjustment method with citric acid + calcium citrate resulted in high oil recovery 

and high quality of final products as compared to other methods. The phospholipids 

(PLs) fraction was non-detectable in oil extracted by this method, thereby eliminating 

the need for the degumming process, which normally serves to remove the PLs 

fraction from the final products. There was a significant beneficial effect of calcium 

addition prior to pH adjustment in terms of stability against lipid oxidation. The 

results of this study show that the pH adjustment method has advantages over 

traditional oil recovery processes, especially in the quality of the oil recovered from 

sardines. 

A simple, non-toxic, versatile method to immobilize lipase in an alginate- 

chitosan-CaCh matrix was developed using polyionic interactions. The triple 

complexation among chitosan, alginate and lipase provides high thermal protection 

and stability across a wide range of pH values.   The immobilized lipase significantly 
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increased n-3 PUFAs level in sardine oils while allowing easy recovery of both lipase 

and product, reuse of enzyme and rapid termination of reactions. The use of 

developed immobilized lipase systems for increasing n-3 PUFA concentration in 

sardine oils will provide new opportunities for the growing sardine industry and 

promote its expansion into new markets. 
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ABSTRACT 

Marine-based enzymes often have unique physical, chemical and catalytic 

properties compared to homologous enzymes from terrestrial animals and plant 

sources. Extractable enzymes from seafood and seafood byproducts include digestive 

and cellular proteinases, extracellular gastric proteinases, chitinases, lipases, 

phospholipases, transglutaminases, polyphenoloxidase and others. Enzyme extraction 

and utilization from seafood byproducts include enzymes from both solid and liquid 

waste streams that are often discarded or traditionally processed into fish feed or 

fertilizer. Seafood byproducts include viscera, skins, bones, heads, and frames from 

fish as well as shells and exoskeletons from shellfish in both traditional and modem 

processing operations. Whether it is economically feasible to commercially extract 

enzymes from these byproducts depends on the volume and quality of raw material, 

extraction technology and potential markets. This paper describes several different 

categories of marine enzymes and some of their unique properties. Extraction and 

purification methods are discussed followed by some examples of commercial 

operations as well as a discussion of limitations in the use of byproducts for marine 

enzymes. The advances of biotechnology and the production of specific compounds 

through gene transfer could provide unique opportunities for marine enzymes in the 

food and medical fields. 

Keywords: seafood, enzyme characterization, enzyme purification, byproducts, 

biothechnology 
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INTRODUCTION 

World fish and shellfish production has increased from 40 million metric 

tonnes (MMT) in 1962 to 133 MMT in 2002, with a concomitant increase in processed 

fish and production offish byproducts (Vannuccini, 2004). Frozen and fresh fish were 

the main fishery products accounting for over 60% of total production followed by 

canning/curing (7% and 4%, respectively) and non-food uses (26%). While the wild- 

caught fisheries production appears to have leveled off by the mid 1990s, aquaculture 

has shown considerable growth and now represents about 30% of the total production 

(Johnson, 2004). Currently, only about 50 to 60% of total catch is used for direct 

human consumption, and the annual discards from the world fisheries have been 

estimated to be approximately 25-30 MMT offish and shellfish caught each year 

(Sovik et al., 2005). While much of these discards can be used to address increasing 

demands for fish meal there is also potential for the use of certain byproducts for the 

extraction of unique compounds such as marine enzymes. 

Enzyme technology has been used extensively in the food processing industry 

including fish processing. Enzymes are used as processing aid and can be produced 

from byproduct material from both new and traditional fish processing operations 

(Vecchi et al., 1996). There are several excellent reviews on the utilization of 

enzymes from aquatic organisms (Gildberg et al., 2000; Haard, 1998; Shahidi et al., 

2001). Marine enzymes have drawn the attention of numerous researchers as they can 

possess unique specificity and characteristics. Enzyme recovery from seafood 

byproducts could also help the environmental and ethical concerns surrounding 

discards and improve the bottom line for seafood companies wishing to exploit new 

technologies and markets. In this chapter, the current literature on the extraction and 

purification of various marine enzymes is reviewed and their potential use and 

limitations in their utilization is discussed. 

Extractable enzymes from seafood and seafood byproducts include digestive 

and cellular proteinases, extracellular gastric proteinases, chitinases, lipases, 

phospholipases, transglutaminases, polyphenoloxidase and others. An excellent 

reference source on this topic is the text Seafood Enzymes by Haard and Simpson 
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(2000). A partial list of enzymes which have been purified from fish and processing 

byproducts include lipase from tilapia stomach (Taniguchi et al, 2001), amino 

peptidase, carboxypeptidases from tilapia intestine (Taniguchi et al., 2001; Taniguchi 

et al., 2002), glycogenolytic and alpha glucosidase from Pacific mackerel, Japanese 

eel, black sea bream and frog flounder (Nakagawa et al., 1996), carbohydrases from 

butterfish, silver drummer, and marble fish, (Skea et al., 2005), transglutaminase from 

walleye pollock liver (Kumazawa et al., 1996) and oyster gill (Kumazawa et al., 1997), 

protease from arrowtooth flounder (Wilson et al., 2004), myosin heavy chain- 

degrading proteinase from squid muscle (Ehara et al., 1994), cathepsin S from carp 

hepatopancreas (Pangkey et al., 2000), a-glucosidase, P-glucosidase and amylase from 

digestive caecum of scallop (Nakai et al., 2005), amylases from hard clam viscera 

(Tsao et al., 2004), acid and alkaline phosphatase from intestine, liver, kidney of 

mackerel, sea robin, tongue sole, and others (Kuda et al., 2004), and cellulase and 

xylanase from crayfish and marine prawns (Crawford et al., 2005). 

Marine-based enzymes often have unique physical, chemical and catalytic 

properties compared to corresponding enzymes from terrestrial animals and plant 

sources (Shahidi et al., 2001). Fish muscle, for example, contains approximately 10 

times more catheptic enzyme activities than mammalian muscles (Haard et al., 1994), 

and marine enzymes are generally more susceptible to hydrostatic pressure 

inactivation than their mammalian counterparts (Ashie et al., 1996). Since the habitat 

of many marine animals tends to be in cold temperatures, their enzymes often have 

cold-adapted properties. They are known to be more catalytically active at low 

temperatures and possess lower thermal stability making them suitable for enzymatic 

applications in food processing as they can often be inactivated at lower temperatures 

(Gerday et al, 2000). Several enzymes have been shown to be salt tolerant as well, 

which can be an advantage in certain food applications (Cavicchioli et al., 2002; Haard, 

1998). Compared to their mesophilic analogues, cold-adapted enzymes tend to have a 

lower number of hydrogen bonds, less densely packed structures, increased surface 

hydrophilicity, a higher number of methionine residues, a different fold of the 

autolysis loop as well as the carboxyterminal region (Gudmundsdottir et al., 2005). 
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Enzyme extraction and utilization from seafood byproducts include enzymes 

from both solid and liquid waste streams that are often discarded or traditionally 

processed into fish feed or fertilizer. Seafood byproducts include viscera, skins, bones, 

heads, and frames from fish as well as shells and exoskeletons from shellfish in both 

traditional and modem processing operations. Fish and shellfish processing discards 

can consist of two thirds of incoming raw materials (Lee, 2000) depending on the 

process and species. Whether it is economically feasible to commercially extract 

enzymes from these byproducts depends on the volume and quality of raw material, 

extraction technology and potential markets. The following sections will describe 

several different categories of marine enzymes and some of their unique properties. 

Extraction and purification methods will then be discussed followed by some 

examples of commercial operations as well as a discussion of limitations in the use of 

byproducts for marine enzymes. 

MARINE ENZYMES 

Proteolytic enzymes 

Among the extractable enzymes from seafood and seafood byproducts, 

digestive proteolytic enzymes have received a considerable amount of interest from 

researchers over the last two decades due to the availability of raw materials such as 

viscera and their high rate of enzymatic activity. Proteases hydrolyze the peptide 

bonds in proteins and polypeptides and are characterized as endo- (proteinases) and 

exo- (peptidases) proteases (Shahidi et al., 2001). The increased production of value- 

added products such as fresh and frozen fillets and others has created large volumes of 

discards such as viscera that could be used as a raw material source. Proteolytic 

enzymes can also be found in muscle cells, the extracellular matrix or other organs and 

the hepatopancreas in shellfish. They can be extracted from seafood digestive tract 

and frame muscle as well as waste water from fish, shellfish and surimi processing. 

Digestive proteolytic enzymes include pepsin, trypsin, chymotryosin, elastase, 

gastricin and others. Pepsin can be categorized as aspartic proteinase and formed by 

an autocatalytic reaction from pepsinogen, which is normally located within the fish 
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stomach and has peak activity at acidic conditions (pH 2.0 for most of substrates). 

Trypsin can be categorized as serine proteinase and it has a dual role in that it cleaves 

ingested proteins and activates the precursor forms of several other digestive 

proteinases including chymotrypsin. Trypsin is normally located in pyloric cecum and 

shows its activity at neutral and alkaline conditions (Naz, 2002). Muscle proteinases 

include catepsin A, B, C, D, H, and L, calpains and muscle collagenases, and they are 

mainly located in lysosomes, the sacroplasm, and extracellular matrix of the 

connective tissue (An et al., 2000). 

Proteolytic enzymes have been purified and characterized from many species 

and seafood byproducts. These include Atlantic cod (Amiza et al., 2002; Jonsdottir et 

al., 2004), skipjack tuna, yellowfin tuna, tongol tuna (Suppasith et al., 2004), anchovy 

(Heu et al., 1995), white croaker skeletal muscle (Makinodan et al., 1987), salmon 

(Yamashita et al., 1995), decapoda muscle (Ehara et al., 1992), Pacific whiting (An et 

al., 1994), orange roughy stomach (Xu et al., 1996), Atlantic menhaden muscle (Choi 

et al., 1999), Asian bony tongue (Natalia et al., 2003), mackerel white muscle (Aoki et 

al., 1995), gastric fluid of crab (Sabrowski et al., 2004), Antarctic krill (Sjodahk et al., 

2002; Yoshitomi, 2005) jumbo squid (Cardenas-Lopez et al., 2005), and surimi waste 

water (Benjakul et al., 1996; Mireles-DeWitt et al., 2002). 

Proteolytic activity of Atlantic cod byproduct from different fishing location 

was studied by Sovik and Rustad (2005). They found that the proteolytic activity in 

viscera and frame muscle was the highest at pH 3 and 35 0C, whereas the proteolytic 

enzyme from liver showed its maximum activity at pH 3 and 50 0C. The proteolytic 

activity in viscera was 20 times higher than liver and 250 times higher than that of 

frame muscle. A significant difference in enzymatic activity was also reported for cod 

viscera harvested from different locations. There were seasonally differences in cod 

from the Icelandic and Barents Sea in April-June as well as differences from cod in 

these locations and cod from the South coast of Ireland during October-December. 

These researchers also studied seasonal changes in trypsin and chymotrypsin activity 

in viscera from cod, saithe, haddock, tusk and ling viscera from different locations 

(Sovik et al., 2004) and found that enzyme activities differed among species. Krill 
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proteases have been researched thoroughly and are well defined. Sjodhk et al (2002) 

have identified three trypsin-like proteinases, and four carboxypeptidases. The 

trypsin-like proteinases were as much as 60 times as active as bovine trypsin. 

Yoshitomi (2005) found that crude krill digestive proteases were much more active in 

the Antarctic summer season (December to February) than the winter season and was 

correlated with phytoplankton abundance. Benjakul et al. (1996) recovered a major 

proteinase from Pacific whiting surimi wash water which was cathepsin L with 

molecular weight of 39.5 kDa. These researchers also characterized biochemical 

properties and stability of the proteinase recovered from Pacific whiting surimi wash 

water by ohmic heating, ultrafiltration, and freeze-drying (Benjakul et al., 1997) and 

found that they were stable at pH range of 3.0-9.0, having the highest activity at pH 

4.0. 

Collagenolytic Enzymes 

Collagenolytic enzymes are capable of degrading the polypeptide backbone of 

native collagen under conditions that do not denature the protein (Kim et al., 2002). 

They can be divided into serine collagenases and metallocollagenases due to different 

physiological functions that they posses. Serine collagenases show their greatest 

activity in protein digestion, blood-clotting, fibrinolysis, complement activation and 

fertilization whereas metallocollagenases are involved in remodeling the extracellular 

matrix (Park et al., 2002). 

Collagenolytic enzymes have been extracted from shrimp (Brauer et al., 2003; 

Oh et al., 2000; Van Wormhoudt et al., 1992), cod (Kristjansson et al., 1995), filefish 

(Kim et al., 1991), yellow-tail pyloric caeca (Yoshinaka et al., 1972), crab (Grant et al., 

1981; Grant et al., 1983; Klimova et al., 1990; Roy et al., 1996), winter flounder 

(Teruel et al., 1995), and mackerel (Park et al., 2002). Related studies regarding its 

effect on autolysis of fish muscle tissues during storage period include cod 

(Hemandez-Herrero et al., 2003), and salmon (Hultmann et al., 2004). These enzymes 

were most active in the pH range of 6.5-8.0 and are inactivated at pH < 6.0 (Haard et 

al., 1994). Collagenase from internal organs of mackerel was purified and 
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characterized, and its molecular weight was estimated to be 14.8 kDa, and the 

optimum pH and temperature were approximately pH 7.5 and 55 0C, respectively 

(Park et al, 2002). 

Lipases 

Lipase is an enzyme produced primarily in the pancreas and hydrolyzes fatty 

acids from the glycerol backbone at the hydrophobic/hydrophilic interface of the lipid 

substrate. It is necessary for the absorption and digestion of lipid including mono-, di-, 

and triacylglycerols. Lipase has been purified and characterized from various aquatic 

organisms including cod (Gijellesvik et al., 1992), salmon (Gjellesvik et al., 1994), 

stomach, pyloric caeca, liver, and intestine of rohu, oil sardine, mullet, Indian 

mackerel (Nayak et al., 2003), red sea bream hepatopancreas (lijima et al., 1998) and 

others. The optimum pH of lipase ranges from 6.0 to 9.0, and lipase is normally stable 

between 30-45 0C. These lipases could be suitable for various kinds of food 

applications because of their high activity at mild pH and temperature conditions. 

Phospholipases have also been extracted from pollock muscle (Audley et al., 

1978), Atlantic cod muscle (Chawla et al., 1987), gill membranes of red sea bream 

(Uchiyama et al., 2005), and hepatopancreas of red sea bream (lijima et al., 1997; 

lijima et al., 1990). Recently, phospholipase A2 isozyme from starfish {Asterina 

pectinifera) was characterized (Kishimura et al., 2004) demonstrating that 

phospholipase A2 isozyme II had an optimum temperature of 50 0C and pH of 9.0. It 

did not show fatty acid specificity for hydrolysis of phosphatidylcholine; however, it 

had 10 times the activity than that of commercially available porcine pancreatic 

phospholipase A2 and has been suggested as a potential source for phospholipase A2 

for industrial production. 

Lipase from tilapia stomach and intestine were extracted and characterized by 

Taniguchi et al. (2001). The study showed that this lipase had a molecular weight of 

54 kDa with optimum pH of 6.5, and optimum temperature of 40 0C. The lipases were 

stable at the pH range of 5.0 to 7.0 at 40 0C for 30 min while lipase from tilapia 

intestine showed its molecular weight of 46 kDa, optimum temperature of 35 0C, and 
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was stable in the pH range of 6.5 to 8.5. The Upases were identified as non-specific in 

terms of position on the glycerol backbone but preferentially did hydrolyzed 

triacylglycerol rather than di- and monoacylglycerol. The highest lipase activity was 

found when soybean oil was used for substrate showing 100% hydrolysis. 

A bile salt-activated lipase from hepatopancreas of red sea bream was 

extracted and characterized (lijima et al., 1998). Molecular weight of this lipase was 

determined as approximately 64 kDa and had a pH optimum of 7.0 to 9.0. This lipase 

was homologous to mammalian bile salt-activated lipase which preferentially 

hydrolyzed ethyl esters of polyunsaturated fatty acids. 

Chitinolytic Enzymes 

Chtinolytic enzymes are widely distributed in crustaceans and play an 

important role in the degradation of chitin. Two chitinolytic enzymes are involved in 

crustaceans, which are endo-type (chitinase) and exo-type (p-N-acetylhexosaminidase), 

which are related to molting in several crustaceans (Kono et al., 1995). These 

enzymes have been purified mainly from processing byproducts such as squid liver 

(Matsumiya, 2004), shrimp waste silage (Matsumoto et al., 2004), and shrimp 

byproducts (Olsen et al., 1990). Chitinase was purified from the stomach of red sea 

bream (Pagrus major) and kinetic analysis (Karasuda et al., 2004) showed high 

enzyme activity at pH 2.5 and 9.0 toward glycolchitin, and at pH 2.5 and 5.0 toward 

N-acethylchitopentasaccharide. These multiple pH-peak activities are unique for 

chitinases. 

Prawn shell waste was used as a raw material for chitinase production by the 

marine fungus Beauveria bassiana BTMF S10 by solid state fermentation (Suresh et 

al., 1998). Likewise, shrimp waste silage was used for production of P-N- 

acetylhexosaminidase by Verticillium lecanii in submerged and solid state 

fermentations taking advantage of the abundance and composition of crustacean 

wastes (Matsumoto et al, 2004). They concluded that shrimp silage was an efficient 

inducer of the extracellular enzyme, compared with media supplemented with sucrose 

where enzymic activity was not detected. 
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Transglutaminases 

Transglutaminase is an aminoacyltransferase that catalyzes an acyl transfer 

reaction between y-carboxyamide groups of glutamine residues in polypeptides and 

proteins. When the e-amino group of lysine acts as an acyl acceptor, £-(y-glutamyl) 

lysine crosslinks are formed in proteins which change protein texture and structure 

(Kumazawa, 2002). Protein properties, gelation capability, thermal stability, and 

water-holding capacity are uniquely affected by this crosslinkage (Kuraishi et al., 

2001). A study showed that seafood products contained the highest level of S-(Y- 

glutamyl) lysine crosslinks (43 (a.moles/100 g protein) followed by meat products (38 

|a,moles/100 g protein) and soy product (15 [imoles/100 g protein) (Kuraishi et al., 

2001). Transglutaminases have been purified and characterized from walleye pollock 

liver (Kumazawa et al., 1996), Japanese oyster (Kumazawa et al., 1997), red sea 

bream muscle (Noguchi et al., 2001; Yasueda et al., 1994), botan shrimp squid, carp, 

rainbow trout, atka mackerel (Nozawa et al., 1997), squid gill (Nozawa et al., 2001), 

scallop striated adductor muscle (Nozawa et al., 2001), and tilapia (Worratao et al., 

2003; Worratao et al., 2005). 

Two different kinds of transglutaminases were extracted from the Japanese 

oyster (Kumazawa et al., 1997) and had molecular weights of 84 and 90 kDa with 

optimum pH of 8.0 for both enzymes. The optimum temperature differed and showed 

40 and 25 0C, respectively. Squid gill was used for transglutaminase extraction due to 

its high activity compared with other tissues (Nozawa et al., 2001). Its molecular 

weight was estimated to be 94 kDa and its activity showed an optimum pH and 

temperature at 8.0 and 20 0C, respectively with 10 mM CaC^. Tissue 

transglutaminase from scallop striated adductor muscle was purified (Nozawa et al., 

2001), and its molecular weight was estimated to be 95 kDa. Optimum pH and 

temperature were pH 8.0 and 35 0C, respectively. This enzyme was Ca   dependent 

and inactivated by p-chloromercuribenzoic acid, N-ethylmaleimide, Cu  , and Zn 

showing that it belongs to the thiol group of enzymes. 
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Polyphenoloxidases 

Polyphenoloxidase which is also known as tyrosinase, polyphenolase, 

phenolase, catechol oxidase, cresolase, and catecholase is widely distributed in nature 

(Chen et al., 1991).   Polyphenoloxidase oxidizes diphenols to quinones, which 

undergo autoxidation and polymerization to form dark pigments in fruits, vegetables, 

and crustacean species (Bartolo et al., 1998).   Of these, crustacean species can be a 

source for polyphenoloxidase from seafood byproducts of the shellfish processing 

industry. Polyphenoloxidase can be found mainly in shellfish and byproducts 

including shrimp (Nakagawa et al., 1992), prawns (Montero et al., 2001), lobster 

(Opoku-Gyamfua et al, 1992) and cuttlefish (Zhou et al., 2004). 

A polyphenoloxidase fraction was isolated and characterized from lobster 

(Opoku-Gyamfua et al, 1992) using the skin layer between the muscle and the 

exoskeleton (Homarus americanus) and compared with those of commercial 

tyrosinase. The lobster polyphenoloxidase fraction was activated by trypsin, and it 

showed a more heat labile nature as compared with commercial tyrosinase. The 

enzyme was most stable at pH 7.5, while tyrosinase exhibited a much broader pH 

stability ranging between 6.5 and 10.0. 

The thermotolerance of polypenoloxidase activity could depend on its source 

and the environmental factors under which the species are grown. One of the 

significant environmental factors is water temperature although polyphenoloxidase 

from shrimp are usually stable between 30 "and 50 0C. Polyphenoloxidase activity 

from Florida spiny lobster (Panulirus argus) and Western Australian lobster 

(Panuliruscygnus) was studied (Chen et al., 1991). Both enzymes showed similar 

characteristics that catalyzed oxidation of catechol and dl-p-3, 4- 

dihydroxyphenylalanine and showed optimum pH stability at pH 7.0. However, they 

differed with respect to activation energy and thermal stability. Western Australian 

lobster polyphenoloxidase showed decreased activity when preincubated at 

temperatures greater than 30 0C whereas that of Florida spiny lobster showed greater 

stability at 35 0C. Chen et al. (1991) suggested that this is because Florida spiny 

lobsters live in warm water areas while Western Australian lobsters live in cold water 
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areas. Authors stated that these differences in environmental conditions of their 

natural habitats may account for the difference in optimal thremostability between the 

enzymes. 

PRODUCING ENZYMES FROM SEAFOOD PROCESSING BYPRODUCTS 

Enzyme extraction/solubilization, concentration, fractionation, and purification 

are the main steps of enzyme production. To produce enzymes at the industrial level 

from seafood byproducts, there are several requirements including: 1) a large quantity 

of raw material is needed because the target enzymes are usually in very low 

concentration; 2) facilities are required to efficiently remove significant amounts of 

water to concentrate/purify enzyme; and 3) the removal of particulate matter 

(including cell and/or cell debris) from the final product is required. The following 

applications are examples achieving these objectives using a combination of several 

techniques. 

Enzyme extraction/ solubilization 

Extraction of enzymes largely depends on the localization of the target 

enzymes. For instance, if the starting material contains intracellular enzymes, cell 

membrane should be disrupted and homogenized in a buffer. The membrane 

disruption can be done by various methods; alkalization, addition of 

Ethylenediaminetetraacetic acid (EDTA), detergents or osmotic shock, or by physical 

methods, including sonication, alternating freezing and thawing phases, solid or liquid 

shear, or grinding or agitation with abrasives. Then, insoluble impurities and cellular 

waste should be removed by filtration or centrifiigation (Barthomeuf, 1989). On the 

other hand, if the enzyme is located in the extracellular fluid, cells should be removed 

by centrifiigation to eliminate contaminants. 

Enzyme concentration 

As mentioned earlier, the target enzyme is normally of very low concentration 

in a large volume of raw material; therefore, the concentration of enzymes after 
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extraction is necessary. To maintain enzyme activity, harsh conditions such as high 

temperature and strong mechanical stress should be avoided. The enzyme 

concentration process includes removal of water and other molecules or use of 

precipitation methods. The following methods are examples that can be applied with 

relatively mild condition throughout the process. 

Membrane Technology 

The food industry started incorporating membrane technology with reverse 

osmosis technology for water purification as well as ultrafiltration technology for 

concentration of products (Cuperus et al., 1993). Since then, membrane processes 

have become major tools in food processing and for extraction of bioactive ingredients. 

A membrane is a thin sheet of artificial or natural polymeric material with pores 

distributed throughout the material. Under certain pressure, the membrane rejects 

large particles, and allows species smaller than the pores to pass through (Morrissey et 

al, 2005). Membrane technology includes microfiltration, ultrafiltration, 

nanofiltration, reverse osmosis and electrodialysis. Ultrafiltration, where particles 

smaller than 0.2 jam pass through the membrane, is the most widely used process for 

protein and enzyme recovery. 

Ultrafiltration has been used extensively in many industries including the 

pharmaceutical as well as the food and beverage industry. A good example of 

membrane technology and use is the dairy industry to recover and separate out 

different whey proteins (Dsouza et al., 2005). Ultrafiltration is a pressure-driven 

process and works by passing low-molecular-weight products through the membrane 

while retaining high-molecular-weight compounds such as protein. Cellulose acetate 

is one of the traditional materials for ultrafiltration membrane. Compared to others 

such as polyacrylnitrile and polyethersulphone, it is extremely hydrophilic. Having 

less fouling problems, it tends to have weak resistance against heat and chemicals. 

With the development of chemical and heat stable membrane such as polysulphone 

membrane, the feasibility of this technology has greatly increased. 
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Protease recovery from surimi wash water containing various cathepsins was 

studied using ultrafiltration technology with various pretreatments (DeWitt et al., 

2002). Preliminary tests showed that fish proteins will rapidly clog membrane pores 

actually changing the dynamics of the filtration (Huang et al., 1998). Acidification of 

wash water (pH 4.0) and mild heat treatment (60 0C) followed by centrifugation were 

necessary as pretreatments before ultrafiltration was applied. This helped to remove 

high-molecular-weight proteins that might interfere with ultrafilation without reducing 

protease activity. The supernatant was then subjected to both high-molecular-weight 

ultramicrofiltration and low-molecular-weight ultrafiltration. The result showed that 

concentration of protease using 50 kDa ultrafiltration polysulphone membranes was 

successful in recovering approximately 80 % of original protease activity (DeWitt et 

al., 2002). 

Enzyme concentration by precipitation 

An alternative and relatively traditional way to concentrate enzymes is to use 

salts for enzyme precipitation. This is due to its ability to change electrostatic forces 

which affect enzyme solubility. Enzymes are usually soluble in water/buffer solutions 

because hydrophobic residues tend to locate interior of the globular proteins 

(enzymes). At low salt concentration (0.5 -1 M), protein solubility increases (salting 

in) as ions from salt decrease the electrostatic attraction between opposite charges of 

neighboring molecules. At high salt concentration (>1M), protein solubility decreases 

resulting in protein precipitation. The protein can also be precipitated by adjusting pH 

to pi of proteins which is usually between 5.2 and 5.5. However, use of salt, 

especially ammonium sulphate (NH^SC^, is the most common way to precipitate and 

concentrate enzymes. Ammonium sulfate possesses relatively strong "salting out" 

effect without causing significant levels of protein denaturation. It has been 

intensively used in research area including seafood and seafood byproducts as a first 

step to accomplish separation of crude enzymes. The advantages of using these 

tecniques include: 1) high solubility, 2) high commercial availability with inexpensive 

costs, 3) lack of toxicity, and 4) its stabilizing effect on precipitates. A disadvantage 
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of using mineral salts is that the method requires another step such as dialysis or gel 

filtration (Barthomeuf, 1989). In industries where enzymes are purified on a large 

scale, the corrosion of stainless steel by ammonium sulphate is a disadvantage and 

possibly causes additional environmental concerns. Sodium sulphate may be more 

suitable for this point of view, but it is not as effective (Naz, 2002). 

Freeze-drying or lyophilization 

Freeze-drying, also known as lyophilization, has been widely used in the food 

industry for various protein products including enzymes. Freeze-drying removes 

water from a frozen sample by sublimation and desorption in a three-step process, 

which includes freezing, primary drying and secondary drying. Freeze-drying 

technology is used in combination with other concentration/purification methods 

including ultrafiltration in seafood enzyme recovery research. Dry powder forms of 

enzymes are more stable than enzymes in aqueous solution, since water can facilitate 

enzyme denaturation. However, it is also known that conformational changes of 

enzymes by freeze-drying can result in lower enzyme activity. Alternative forms of 

enzyme preparations have been developed to increase enzyme stabilization, including 

immobilization with sol-gel methods, cross-linked enzyme crystals (Altus Biologies, 

Inc. Cambridge, MA), soluble enzymes with polymers such as ethylene glycol, and 

surfactant-modified enzymes such as sorbitan monostearate-modified lipase (Roy et 

al., 2004). 

Fractionation/purification 

Concentration techniques will remove considerable extraneous material but 

only partially purify the enzyme. The degree of purity requires further downstream 

processing that often include chromatography and electrophoresis. Since 

electrophoresis is mainly an analytical procedure, only chromatography will be 

discussed here. 
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Chromatography 

Although there are limitations for industrial scale use of chromatography, it is 

frequently used in the laboratory to fractionate components including enzymes with 

high degrees of purity. Chromatography technology can be categorized into various 

methods based on protein size, charge, hydrophobicity and molecular recognition. 

These include size exclusion chromatography, ion exchange chromatography, and 

affinity chromatography. Enzymes can be fractionated depending on their 

hydrodynamic volume by size exclusion chromatography whereas affinity 

chromatography is based on specific recognition between two relevant biomolecules 

(An et al., 2000). Affinity chromatography is commonly used for the separation of 

one enzyme from others. Fractionation of target enzyme by ion exchange 

chromatography is based on the electrostatistic interactions between the enzyme and 

charged groups on the exchangers. Cellulosic ion exchange chromatography has been 

one of the most common methods for protein separation (Naz, 2002). Separation of 

enzymes can be controlled by changing pH of the elution buffer. 

Gastricsin-like proteinase was purified from Atlantic cod viscera after 

lipophilization with a single step purification scheme on ion-exchange of Amberlite 

CG-50 with efficient recovery (Amiza et al., 2002). Crude cod pepsinogen was 

dissolved in 10 ml of 0.2 M sodium citrate buffer (pH 2.1) and introduced to the 

column. The pH of elution buffer was changed to 3.8, 4.2, and 4.6 to fractionate 

proteinases followed by pooling the target peaks, dialyzing, and freeze-drying to 

produce purified proteinaes. Pepsin A was eluted at a lower pH (pH 4.0) while 

gastricsin appeared at higher pH (pH 4.4). The study demonstrated that final 

proteinase recovery was high which could be related to the salt activation by citrate 

buffer or removal of inhibitors. Chen et al. (1997) investigated the purification 

methods for shrimp polyphenoloxidase from frozen powder of white shrimp {Penaeus 

setiferus) and pink shrimp {P duorarum) and found that the use of butanol treatment 

followed by Phenyl Sepharose CL-4B chromatography was better than ammonium 

sulphate fractionation and then phenyl sepharose chromatography. They also found 

that different species exhibited different activity through the purification process 
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which demonstrated that activity of white shrimp polyphenoloxidase was more 

susceptible than that of pink shrimp during the process. 

Taniguchi and coworkers (2001) extracted lipase from the stomach and 

intestines of tilapia. They extracted crude lipase by chromatofocusing and applying 

the extarct on a polyexchanger column previously equilibrated with 25 mM imidazole- 

acetic acid buffer. The lipase was eluted with polybuffer 96-acetic acid. lijima et al. 

(1998) characterized a bile salt-activated lipase from hepatopancreas of red sea bream. 

A dehpidated powder processed from red sea bream hepatopancreas was used as a raw 

material. Lipase was extracted by fractional precipitation with ammonium sulphate 

and sequential chromatography. 

MARINE BYPRODUCT ENZYME UTILIZATION 

Despite extensive research in marine enzyme technology, there are only a few 

applications in the food processing sector. Limitations of marine byproduct enzyme 

utilization are often due to the cost of enzyme recovery and competition with more 

mainstream enzyme sources. However, there are some commercial operations that use 

marine byproduct enzymes such as the enzyme recovery process from cod viscera 

decribed in Fig.l (Gildberg, 2004).   This figure shows a Norwegian muti-purpose 

processing plant manufacturing several products including a protein hydrolysate and 

crude pepsin extract as a fish processing aid for fish caviar and descaling operations. 

The crude extract will vary in pepsin concentration from 2 to 10%, depending on the 

quality and source of raw material and operating conditions. 



Cod viscera (or stomach) 
+ 2% formic acid (pH 3) 
Storage: 3 days at 25 0C 

(Autolysis) 

Oil/emulsion 

Steam 

Decanter 

Protein 
hydrolysate 

Separator 

Protein 
sludge 

Peptone 
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Figure 1 Flowchart of byproduct processing and crude extract production using cod viscera (Gildberg 2004). 
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Crude extracts can undergo further separation by chromatography or other 

methods to produce a purified enzyme. However, these are often expensive 

procedures and most commercial uses require only the crude extract form except in the 

medical/biotechnology field. Several of these uses from traditional seafood products 

to advanced biochemical/medical applications are described below. 

Fermented fish products 

Fish fermentation products, such as fish sauces, are expanding in the 

marketplace and there have been increased efforts to better define their manufacturing 

parameters and control the fermentation process (Lopetcharat et al., 2001). More 

success has been found using enzymes to hasten the process and quality of fish sauce 

production. Researchers (Chaveesuk et al., 1993; Tungkawachara et al., 2003) have 

shown the efficiency of using specific enzymes for the production offish sauce and 

producing an acceptable product.   Maatjes is a fermented product using the natural 

viscera enzymes in herring and several efforts have been made to describe the 

enzymatic reaction and mimic the end result (Nielsen et al., 1997; Nunes et al., 1997; 

Olsenetal., 1997). 

Protein hydrolysates 

There is an increasing amount of interest in protein hydrolysate production as 

this product has shown unique biological properties such as stimulating the immune 

system as well as having peptide fractions that stimulate growth. A good general 

review on hydrolysates can be found by Kristinsson and Rasco (2000). Recent 

research in the area of production hydrolysates from byproducts include threadfin 

bream (Normah et al., 2005), cod byproducts (Slizyte et al., 2005; Slizyte et al., 2004), 

gold carp (Sumaya-Martinez et al., 2005), salmon heads (Gbogouri et al., 2004), 

mackerel (Wu et al., 2003), and herring (Sathivel et al., 2003). 

Although enzymes from plant and microbial sources are commonly used for 

the production of fish protein hydrolysates, research with marine enzymes has shown 

comparable production rates. Shahidi and his coworkers have produced fish protein 
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hydrolysates using mixtures of extracted and endogenous enzymes in both capelin and 

seal meat (Shahidi et al., 1995; Shahidi et al., 1997). 

Deskinning 

The enzymatic removal of fish skin from certain species has proven 

advantageous as an alternative method for mechanical deskinning (Kim et al., 1993; 

Tschersich et al., 1998) since mechanical methods tend to be harsh processes resulting 

in lower fillet recovery. The use of proteases for removal of squid skin is a standard 

process, although non-marine proteases are often used. Several researchers have 

shown that marine enzymes can be used and often leaves a product that has several 

advantages over papain or ficin proteases (Wray, 1988). 

Fish roe (Caviar) production 

Caviar is the salt-cured and preserved eggs of aquatic animals that have been 

separated from the supporting connective tissue. The most widely recognized and 

valued caviar is made from sturgeon harvested from the Caspian Sea (Bledsoe et al, 

2003). There are enzyme-based processes for removing the connective tissue that 

surrounds the eggs, which reduces human handling and increases caviar recovery. 

Commercially available fish enzymes such as Rozym™ (Biotec-Mackzymal AS, 

Tromso, Norway) and Digestase™ (Alaska Russia Salmon Caviar Co., Anchorage, 

AK, U.S.A.) have been used for salmon caviar. Enzymes from fish viscera such as 

pepsin can be also used for skein removal. Pepsins split the linkages that adhere the 

egg cells to the roe sack without affecting the eggs. Such application with marine 

derived pepsin has advantages over the enzymes from mammalian origin including 

higher optimum pH and higher activity at lower temperatures (Raa, 1996). Research 

has shown the efficacy of proteolytic enzymes for higher yields in fish caviar for 

salmon and lump fish (Raa, 1997). 
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Gel formation of food 

Transglutaminase can be used in certain food products such as surimi, seafood 

and meat products that require improved gel formation and gel strength resulting in 

better texture. The advantages of transglutaminase addition in the surimi products 

include: 1) to increase gel strength of surimi resulting in higher quality, and 2) to 

lower production costs by increasing water content in surimi (Kumazawa, 2002). 

Currently, transglutaminase has also been used for meat products, noodles, soy protein 

products such as tofu, dairy and baked products. Commercially available 

trasglutaminase, such as Activa TG-K has a high potential for food application but to 

date are only from microbial sources (Kuraishi et al, 2001). 

Meat tenderization 

Currently, proteases from plant sources, such as papain and bromelain, are the 

principle enzymes used as meat tenderizers (Haard et al., 1994). However, these 

enzymes attack both connective and myofibrillar proteins which often lead to over- 

tenderization whereas marine collagenase could only hydrolyze connective tissue 

protein possibly resulting in optimum tenderization of meat products. Aoki et al. (2004) 

extracted collagenase from Northern shrimp by products and suggested potential use 

for the meat industry in reducing toughness of the meat products cased by connective 

tissues claiming that it works better than currently available enzymes from plant 

sources. 

Biotechnology/medical 

Although many of the marine enzyme technologies are in the initial phases, 

there have been notable successes in biochemistry/biotechnology field. The isolation 

and purification of shrimp alkaline phosphatase (SAP) from cold water shrimp 

{Pandalus borealis) has led to the use of this compound in gene splicing with plasmid 

and bacteriophage vectors in most biotechnology laboratories (Olsen et al., 1991; 

Sambrook et al., 2001). SAP completely dephosphorylates DNA has the advantage 

over other alkaline phosphatases as it can be inactivated at lower temperatures (65 0C 
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for 15 min) and thus not denature DNA materials. The enzyme is recovered and 

purified from the shrimp processing waste water and is a highly sought after chemical. 

This success has created other potential opportunities with byproduct enzymes and 

Biotec, ASA in Norway also lists cod uracil-DNA glycosylase and other enzymes for 

use in biotechnology and food processing fields. 

Atlantic cod viscera is an abundant fishery byproduct in Iceland and the 

purification and characterization of trypsin followed by chymotrypsin from the viscera 

has led to its utilization (Asgeirsson et al., 1991; Asgeirsson et al., 1989). After ten 

years of research and collaboration between University of Virginia and University of 

Iceland, researchers developed a new product using both trypsin and chymotrypsin 

from cod viscera. The product, called Penzim, is used as a gel and lotion in the 

treatment of skin ailments including psoriasis and other skin conditions. Recently, 

researchers have reported the successful cloning and expression of trypsin I from cod 

in E. coli (Jonsdottir et al., 2004). 

There also has been active research in investigating krill proteolytic enzymes 

as an active ingredient in wound debridement or the removal of necrotic tissue in 

wounds (Mekkes et al., 1997). Research suggests that it is more active than several 

plant proteases and can help accelerate wound healing. 

FUTURE TRENDS 

Despite tremendous scientific strides in identification and purification of 

marine enzymes and technological advances in the recovery of specific compounds 

from fish byproducts, the question remains concerning the economic feasibility of 

enzyme recovery from fish and shellfish byproducts. Many of the specific enzymatic 

activities, e.g. proteases for fish hydrolysates, have been preempted by other enzymes 

from plant and microbial sources that often prove to be less expensive. In addition to 

scale-up limitations, there is also strong market competition for the byproduct raw 

material. Many fish processing operations already use solid byproducts for 

established-market products such as fish meal, fertilizers, silage and more recently 

hydrolysates. As aquaculture expands over the next decade, demand for the raw 
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material for producing fish meal and other products for fish feed formulations will also 

increase (Kilpatrick, 2002). These products have relatively stable global markets in 

which there are known risks, capital investment needs and available technology which 

facilitates entry into the marketplace. Other markets for fish byproducts have also 

developed over the last decade. Viscera byproducts, e.g. stomachs from the Alaska 

pollock industry and other organs, are now being marketed into Asian niche markets 

(Morrissey et al., 2005). Extraction of specific enzymes from fish byproducts requires 

considerable investment in technologies that often have high costs, varying 

efficiencies and require skilled technicians which can be problematic in remote areas. 

Some of the best examples of utilization of marine enzymes from seafood 

byproducts come from the biotechnology/medical field. Companies such as Biotec 

Pharmacon ASA in Tromso, Norway, which produces shrimp alkaline phosphatase for 

biotechnology laboratories and Zymetec in Iceland currently marketing a marine 

trypsin as a skin healing lotion, are examples of companies that have successfully 

taken extractive byproduct research into the marketplace. Perhaps the future of marine 

enzymes utilization rests more in biotechnology/medical uses than in food processing; 

however, even this is a two-edged sword. Rapid advances in biotechnology have also 

revolutionized the field of enzyme prodcution providing researchers and companies 

with the potential to produce specific enzymes more economically. Haard (1998) 

addressed the uniqueness of aquatic enzymes in their diverse environments in his 

review of "specialty enzymes".   It is unlikely that many of these marine enzymes 

could be produced in large enough quantities due to limitations in obtaining sufficient 

raw material.   However, their unique properties may have industrial or medical 

applications that warrant production through biotechnological techniques.   The advent 

of biotechnology and the production of specific compounds through gene transfer and 

use of microbial organisms for production are making inroads in the commercial 

production of enzymes. As this technology continues to develop over the next decade, 

marine enzymes with unique characteristics could be cloned and produced more 

economically through biotechnology than from byproduct recovery operations.   Even 

in the case of shrimp alkaline phosphatase and penzim, there is active research to 
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transfer these genes to bacteria which would be able to produce commercial quantities 

of this valuable enzyme. In many cases, the scientific information about biochemical 

properties of the marine enzymes themselves might prove to be the most valuable 

component of the byproduct itself. 

Although the science of seafood enzyme research remains an exciting one due, 

in part, to the uniqueness of its resources and the opportunities in may provide in the 

biotechnology/medicine fields, the question remains whether it will reach its true 

potential beyond the laboratory setting and become a viable force in the global 

marketplace. 
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