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The focus of this research was to develop bacterial community indicators of

stream sanitary and ecological condition. The first study compared substrate utilization

patterns between centrifuged and uncentrifuged split samples. We found a shift in the

relative proportion of each group of bacteria following centrifugation, with a marked

increased in the fecal coliform group and relatively fewer heterotrophic and total coliform

bacteria. Centrifuged samples consistently responded faster and oxidized more substrate

than did their uncentrifuged counterparts. Substrate utilization patterns of centrifuged

sub-samples from 19 sites showed better separation between Willamette Valley and

Cascade ecoregions than did the uncentrifuged sub-samples in ordination space. We

recommend developing microtiter plates with substrates specific types of environmental

stress. The second study determined the minimum volume of water needed and the

maximum time and temperature that bacteriological water samples captured on a

membrane filter can be held in guanidine isothiocyanate buffer (GITC) prior to DNA

extraction for community fingerprint analysis. We found 100 ml water samples yielded

more information than the 50 ml or the 250 ml water samples and observed a marked
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decrease in information for samples that were held at room temperature for more than 24

hours. We concluded that 100 ml samples were optimal for bacterial community DNA

fingerprint analysis. Furthermore, we recommended transporting filtered water samples

held in GITC on ice and keeping the samples frozen until DNA is extracted for further

analysis. The third study addressed questions of sampling error and response variability

of two PCR-based indicators, bacterial community-level Terminal-Restriction Fragment

Length Polymorphisms and Bacteroidetes ruminant and human specific fecal source

tracking markers. We found the T-RPLP and Bacteroidetes markers to show very little

sampling error, and suggested collecting a single 1-liter water sample. A high turbidity

scenario resulting in higher fecal pollution and lower bacterial species richness explained

why decreased TRF richness was strongly associated with high fecal coliform density,

turbidity, and human Bacteroidetes detection. We propose that in times of increased

turbidity, a disturbance in the bacterial community occurs, reducing bacterial richness

and increasing a few types of stress-resistant fecal bacteria.
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Evaluation of Bacterial Community Indicators of Stream Sanitary and Ecological
Condition

CHAPTER 1
INUCTION

Indicators are simple signs or signals that relay a more complex message from

potentially numerous sources. They can reflect biological, physical, and chemical

components of the ecosystem and are widely used to characterize environmental

conditions, track and predict changes, identify stressors, and assess risks. Beyond

controlling obvious, discrete sources of environmental stress, such as chemical

emissions from a pipe, ecological indicators offer resource managers a tool to measure

remote and combined environmental stressors. Today, environmental monitoring

programs are exploring potential indicators that measure components of the ecosystem

that are most responsive to specific stressors, consistently and exclusively associated

with that stress, and easy to measure (38, 44).

A major contribution to modern public health protection has been the ability to

link the ecological condition of an aquatic system intended for human use to its

sanitary condition. Among the first to do this was James Fuertes. In the beginning of

the 20th
century, he described the relationship between the prevalence of typhoid fever

and the environmental condition of water supplies for major cities around the world.

He found that typhoid fever death rates were lowest in cities with naturally filtered

water supplies, such as mountain springs and groundwater, and highest in cities that

used unfiltered surface water (24). Today, the importance of stream self-purification
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for environmental and public health protection is widely recognized. Still, more work

is needed to better understand the ecology behind providing safe water supplies

Bacterial indicators for public health water quality. The use of bacterial

indicators to monitor the sanitary condition of water intended for public use has been

at the cornerstone of modem public health protection. Public health officials have

been using a select group of bacterial indicators to assess the sanitary condition of

water for decades, effectively preventing waterborne diseases such as cholera and

typhoid fever (33). A useful and valid indicator will always be present when the

pathogen of interest is present, and never present when the pathogen is absent. Early

on, microbiologists discovered that many waterborne diseases were transmitted

through feces. This was a profound discovery simply because non-pathogenic

microbes specific to feces are much easier to detect in water than are the pathogens

themselves. Thus, the search for bacterial indicators of fecal water pollution began.

The first indicators of fecal pollution used for water quality efforts were

measures of total coliform densities, which were later found not to be exclusive to

feces. Today, epidemiological studies have found measures of a fecal coliform

bacteria, Escherichia coli, occurring in fresh water at densities greater than 400 per ml

to have the strongest association to fecal-born gastroenteritis in swimmers (18). To

protect the health of swimmers, the US Environmental Protection Agency now

recommends, as determined by approved multiple-tube fermentation or membrane

filtration methods (2) and based on the average of no less than five samples taken per

30-day period, that primary contact recreation waters should not exceed 200 E. coli

perlOO ml, and no single sample should exceed 400 E. coli per 100 ml (26, 77). While
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state water quality standards cannot exceed the federal standard, they can be more

stringent. For example, the Oregon maximum contaminant level for the average of no

less than five samples taken per 30-day period is set at 126 E. coli per 100 ml in

primary recreational surface waters (58).

Whole bacterial community indicators. While bacteria have been widely

used to assess the sanitary condition of water for decades, there is also a great

potential in utilizing whole bacterial community analyses to assess stream ecological

condition. Changes in microbial community structure and function can be rapid

following changes in environmental conditions. Furthermore, microorganisms are

primarily responsible for the degradation and decomposition of environmental

contaminants. For these reasons, community-level bacterial responses to a pollution

event, or other stress, are likely to occur before macrobiotic changes can be observed,

and may have lasting effects on ecosystem function (80). If changes in bacterial

assemblages associated with stream pollution could be assessed in a simple and

efficient manner, the identification and remediation of newly impaired resources can

be greatly expedited before any large-scale impacts take place (48).

Microbial community functional diversity. Presently, several approaches to

evaluating microbial assemblages are being developed, including novel methods for

measuring microbial community function and functional diversity. Microbial

community function is a measure of the realized community catabolic activity, while

functional diversity is a measure of the potential for the community to adapt catabolic

functions and/or community composition to different abiotic conditions, such as

changes in temperature or substrate (64).
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In 1991, Garland and Mills introduced the use of the commercially available

Biolog MicroPlate TM bacterial identification system to assess functional diversity of

microorganisms from environmental samples. These 96-well microtiter plates have 95

different substrates and a blank well, and were devised to identify a wide range of pure

bacterial cultures, based on unique substrate utilization patterns (SUPs). The 95

substrates were chosen from an initial set of 500 carbon sources, after analyzing 6000

strains, based on the ability to distinguish clinically important bacterial species (8).

Tetrazolium dye acts as an artificial electron acceptor in bacterial oxidation of the

carbon substrate, producing a colored formazin that can be observed visually and

quantified spectrophotometrically (68).

Since 1991, over 120 scientific papers have been published on the use of

Biolog in characterizing bacterial community functional diversity from a wide range

of environments, including wastewater sludge (76), soil (9), rhizospheres (26), and

surface waters (13, 62). These researchers have had mixed success in characterizing

differences among habitats and between samples within the same habitat based on

differences in SUPs and have shown, in some cases, a separation of samples along

ordination axes that was associated with the use of particular carbon sources (64).

In 1997 and 1998, the U.S. Environmental Protection Agency included

traditional public health indicators and Biolog GN MicroPlateTM analysis to stream

water samples collected throughout Oregon for the western pilot of the Environmental

Monitoring and Assessment Program (EMAP). A major goal set for EMAP was to

develop a wide array of ecological indicators that can offer valid information about the

condition of the nation's surface waters (53). EMAP sampling protocol makes use of
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random site selection within defined ecoregion strata. This protocol also considers the

density and distribution of entire river networks in order to promote spatial balance

among sites, and is a statistically robust design that allows for valid inferences to the

entire river network from which the samples were collected (36). For the EMAP

western pilot study, heterotrophic plate count, total coliform, fecal coliform, and E.

coli densities were found to significantly differ between level III ecoregions in

Oregon. However, Principal Components Analysis (PCA) found very little of the

variability in Biolog SUPs was explained by ecoregion affiliation, especially when

sample HPC was below 300 CFU/ml (13, 62).

Biolog manufacturers make two important recommendations regarding

bacterial inoculum added to the microtiter plates. First, the inoculum should consist of

metabolically active cells that have been grown on a standard enrichment medium

such a trypticase soy broth. Second, the inoculum density should be standardized to

108 cells per ml, because tetrazolium color development will not take place at lower

densities (7). For ecological purposes, it has been recommended that the inoculum

density be kept as high as possible to ensure that each 150-tl well will be inoculated

with a representative sample of the environment. If the total cell density is iO4 per ml,

a species that represents 1% of the environment will have an average of 15 individuals

per well, which may or may not be sufficient representation (42).

One of the more perplexing problems with using this technology for stream

water analysis is that Biolog SUPs appear to be somewhat density-dependant.

Fredrickson (1991) found that different dilutions of the same cell suspension (10, iO4,

and 1 CFU/ml) generated different SUPs, and there were fewer positive wells in the



plates with more dilute inoculum. Wunsche (1995) also observed this problem when

two bacterial species in various ratios were used as inoculum for Biolog GN plates.

However, as long as there were more than 500 bacteria/mi, the number of positive

wells remained constant. This can be problematic for the direct inoculation of stream

water in Biolog plates because many streams, such as those in Oregon, have less than

500 heterotrophic bacteria per ml.

Microbial community DNA fingerprints. The traditional approach to

enumerate and identify bacteria in environmental samples has relied on culture-

dependent techniques combined with the differentiation of isolates based on a series of

physiological and biochemical tests. These methods offer important information

about the phenotypic characteristics of culturable bacteria, including many of clinical

importance. However, culture-dependant methods do not produce results that

accurately reflect in situ community structure or phylogeny, but rather the selectivity

of growth media for certain bacteria. Furthermore, only a minor fraction of the

bacteria can be cultivated using traditional culture-dependent techniques (0.1% to

25%), offering very limited insights for the microbial ecologist (1).

The use of various molecular techniques for the identification of bacteria has

overcome many of the stumbling blocks of cultivation. These techniques provide a

way of characterizing in situ microbial community structure on a molecular basis,

potentially offering a much broader perspective for microbial ecologists. A relatively

new approach based on the identification of microorganisms by looking at differences

in the 1 6S rRNA gene sequence from environmental samples without cultivation has

been explored for many microbiological applications, including water quality
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protection (61, 56). The 16S rRNA molecule is approximately 1500 base pairs

(nucleotides) long, found in every prokaryotic cell, and comprised of highly conserved

sequence domains interspersed with more variable regions. Consequently,

comparative analyses of 16S rRNA gene sequences can identify signature sequence

motifs on various taxonomic levels (29).

The simplest and currently most widely adopted method to obtain 1 6S rRNA

genes from a mixed environmental sample uses the Polymerase Chain Reaction (PCR)

to increase the number of copies of a targeted nucleotide sequence resulting in an

"amplified" signal. Many polymorphism-based procedures that have been applied to

microbial ecology are generally coupled with a PCR, and generate a community

"fingerprint" that is represented by a banding pattern of PCR products (amplicons)

following separation by gel electrophoresis. By taking advantage of the interspersed

conserved regions of the 1 6S rRNA gene, universal primers capable of annealing to

sequences in rRNA genes that are found in nearly every bacterial cell can be used to

target a broad group for amplification. The resulting PCR products comprise

amplicons from most of the bacteria in the sample (estimated 85-95%) and differences

in the sequences and/or lengths of variable regions flanked by two conserved regions

can then be compared among amplicons (56, 74).

Recently, researchers have explored several means of generating bacterial

community DNA "fingerprints" from mixed environmental samples. These

techniques generate a microbial community profile that discriminates among samples

based on differences in the length of DNA fragments, and differ in how the DNAs are

targeted, amplified, and sorted (74).



Length Heterogeneity-PCR is one such polymorphism-based method, which

generates a community fingerprint that discriminates among 1 6S rRNA genes based

on natural variations in the length of fluorescently labeled PCR products. The resulting

DNA fingerprint is a quick and inexpensive surrogate measure of in situ bacterial

community structure (67).

Another closely related polymorphism-based method, Terminal-Restriction

Fragment Length Polymorphism (T-RFLP), has been more widely used than LH-PCR.

The initial steps are identical, except the T-RFLP has an added step of a restriction

enzyme digestion following PCR. The restriction enzyme digest serves to improve

resolution of the community DNA fingerprint (21, 49). The terminal restriction

fragments (TRFs) are then sorted according size by electrophoresis on an acrylamide

gel or capillary system with an automated DNA sequencer and interpreted with

Genescan software (59).

Bacterial community DNA fingerprints using LH-PCR and T-RFLP have been

found to be highly reproducible (21, 67), have been used to characterize in situ

bacterial community structure in a variety of environmental samples (49, 60), and

have been shown to vary along certain environmental gradients, such as salinity (6),

livestock wastewater input (14), and urban water pollution (45).

Indicator development. EPA's Office of Research and Development (EPA-

ORD) has published several technical guidelines for the evaluation of the suitability of

ecological indicators for environmental monitoring and assessment programs, such as

EMAP (38, 44). The first consideration in the development of a potential indicator is

how well it conceptually relates to an assessment question and whether it will provide
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useful information for resource management decisions. Theoretically, measures of the

whole microbial community may be well suited as indicators of the ecological

condition of aquatic systems. Changes in microbial community structure can be rapid,

with succession occurring in a matter of days, even hours, following a shift in

environmental conditions (22). Furthermore, these changes in the microbial

community structure may follow specific types of pollution and anthropogenic stress.

Thus, an indicator that quickly and inexpensively measures shifts in microbial

community structure, which can be related to specific types of stress or pollution,

would give resource managers a powerful monitoring tool.

In addition, EPA ORD recommends as part of the initial development of an

ecological indicator, that the feasibility of its implementation must be considered.

Specifically, data collection methods, logistics, information management, quality

assurance, and monetary costs need to be established. These details have been

addressed for this research project in the Quality Assurance Program Plan for

Microbial Indicators of Stream Condition, which has been approved by the Quality

Assurance Office for EPA-ORD National Environmental Effects Research Laboratory,

Western Ecology Division in Corvallis, Oregon.

Three studies developing whole bacterial community indicators. While the

unifying theme of this research project was the development of community-level

bacterial indicators that can be used to monitor stream sanitary and ecological

condition, it has been partitioned into three separate studies. Each study focused on

different aspects of in situ bacterial community indicator development. The findings

from early studies influenced the direction for the subsequent phase, keeping with the
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basic research goals to develop whole-community bacterial indicators that can be used

for water quality monitoring and protection. There was a shift in focus from

developing Biolog as a measure of bacterial community functional diversity to

developing bacterial community DNA analyses, which offered this research project a

much broader perspective for the plethora of possibilities available in microbiology for

water quality monitoring and protection.

The first study addresses the problem of low inoculum density faced by

previous efforts to use Biolog to characterize microbial community functional

diversity in Oregon streams. We chose centrifugation as means to concentrate

bacterial samples without changing community structure. To determine whether

changes in bacterial community structure occurred following centrifugation, we

measured Heterotrophic Plate Count (HPC), Total Coliform (TC), Fecal Coliform

(FC), and E. coli (EC) densities before and after centrifugation. If the relative

proportion of each group remained the same after centrifugation, we assumed

centrifugation had no effect on community composition. In order to determine

whether Biolog plates inoculated with centrifuged water discriminate samples

according to level III ecoregion with less error than the Biolog Plates inoculated with

uncentrifuged water, we compared the maximum Average Well Color Development

(max AWCD), the percent positive wells, and the SUPs between split samples and

among ecoregions.

The second study marks a shift away from Biolog to DNA fingerprint analysis,

and determines the optimal sample volume and holding conditions for this technology.

This study was comprised of two parts and provided logistical constraints for field
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data collection in a subsequent field study using T-RFLP (Chapter 4). Part A

addresses data collection issues concerning the minimum volume of water needed per

sample. Data collection would be greatly facilitated by the need for a smaller sample

volume, especially in those cases in which water will be filtered in the field with a

portable device. Part B determined the maximum time and temperature that

bacteriological water samples captured on a membrane filter can be held in guanidine

isothiocyanate buffer (GITC) prior to DNA extraction and LH-PCR generation. This

information was important to determine data collection constraints for holding and

transporting samples from the field to the lab, and offered an optimal timeframe for

data processing.

The third study takes DNA fingerprint analysis to the field and looks at issues

around response variability in two PCR-based ecological indicators, T-RFLPs and Bac

markers, for routine monitoring and assessment of water quality, as suggested by ORD

guidelines. First, the degree of measurement error associated with one operator and

one lab was documented. Given this measure of error, we considered whether a single

grab sample from a site is truly representative for assessments made with our PCR-

based indicators. Second, we used multiple linear regression to evaluate how much of

the variability in site estimates of bacterial richness can be explained by concurrently

measured environmental variables: HPC, FC, stream flow (measured in cubic feet per

second, cfs), turbidity (Formazin Turbidity Units, FTU), three Land Use Categories

(LUC), the amount of DNA extracted from each sample (ngItl), and the presence of

human and/or ruminant specific Bacteroidetes. Third, we estimated of the odds of

detecting human and/or ruminant specific Bacteroidetes, given HPC, FC, stream
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flow, turbidity, LUC, DNA yield, and bacterial richness, using a logistic regression

model and generating odds ratios. Finally, we assessed T-RPLP and Bac marker

variability directly with nonparametric multivariate statistics.

GLOSSARY OF TERMS

1. Amplicon: A fragment of DNA that was synthesized by polymerase chain

reaction (PCR).

2. Assemblag: Used in this manuscript as an ecological term referring to the entire

group of bacteria in the stream environment, and was used synonymously with the

term "community."

3. Community: Used in this manuscript in the less formal sense, referring to the

entire group of bacteria in the stream environment, and was used synonymously

with the term "assemblage."

4. Duplicate samples: Two samples taken at the same time and place. These can be

measured separately to assess sampling precision or combined in a composite

sample.

5. Ecoregion: A relatively large area of land and/or water that harbors a

characteristic set of species, biological communities, dynamics and abiotic

environmental conditions. According to Omnerick (1995), Level I describes the

most coarse level of separation, dividing North America into nine ecological

regions, based on land use, soils, land surface form and potential natural

vegetation.. Level II subdivides these regions into 32 classes. Level III further
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subdivides the continent into 78 classes. Eight different Level III ecoregions are

found in Oregon.

6. Electropherogram: A graphical representation of the relative fluorescence of each

unique sized amplicon in a mixed sample. Also referred to as a "DNA

fingerprint."

7. Genotype: The set of internally coded, inheritable information contained in an

organism's DNA or genome, whether expressed or not.

8. Grab samp: A single sample representative of a single place and time.

9. Inoculum: Cells added to start a culture or, in the case of viruses, viruses added to

infect a culture of cells.

10. Isolates: A growth of bacteria from a single cell under specific in vitro culture

conditions.

11. Low-flow period: A stream hydrology measure of the sustained minimum

discharge of water in the channel during periods of no precipitation.

12. Phenotype: The outward, physical manifestation of the organism's genome. These

are the physical parts, the sum of the atoms, molecules, macromolecules, cells,

structures, metabolism, energy utilization, tissues, organs, reflexes and behaviors;

anything that is part of the observable structure, function or behavior of a living

organism.

13. Polymerase Chain Reaction (PCR): An in vitro technique used to synthesize large

quantities of specified sequences of DNA from small quantities of DNA, resulting

in an "amplification" of the targeted sequence signal. Thus targeted DNAs are

said to be amplified via PCR.
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14. Primer: A synthetic sequence of nucleotides designed to target conserved regions

of DNA (of broad or narrow taxonomy), marking where DNA synthesis begins on

the two complementary strands of template DNA, and defining the 5' and 3' ends

of the synthesized DNA. Also called "PCR markers."

15. Restriction enzyme: Enzymes that cleave to DNA or RNA at specific nucleotide

sequences and break the nucleotide bond at that site, "digesting" the molecule

according to nucleotide sequences. Discovered naturally occurring as a cellular

defense mechanism against viral infections.

16. Sub-samples: Samples that have been split from a single grab sample and are

(initially) identical prior to experimental treatment.

17. Template: A single strand of DNA or RNA that specifies the base sequence of a

entary strand. In this study, it refers to targeted

nvironmental DNA samples that were amplified via
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CHAPTER 2

EVALUATION OF MICROBIAL COMMUNITY CARBON SOURCE UTILIZATION
PATTERNS AS AN INDICATOR OF STREAM SANITARY AND ECOLOGICAL

CONDITION: INCREASING INNOCULUM DENSiTY WiTH CENTR1FUGA TION

Abstract. We compared Heterotrophic Plate Count (HPC), Total Coliform

(TC), Fecal Coliform (FC), E. coli (EC) densities, and carbon source utilization

patterns between centrifuged and uncentrifuged split water samples. If the relative

proportion of each group remained the same after centrifugation, we concluded that

centrifugation had no effect on community composition. We also evaluated whether

Biolog GN2 microtiter plates inoculated with centrifuged water were better to

discriminate samples according to ecoregion than Biolog GN2 microtiter plates

inoculated with uncentrifuged water. We found a shift in the relative proportion of

each group of bacteria following centrifugation, with a marked increased in the fecal

coliform group and relatively fewer heterotrophic and total coliform bacteria.

Centrifuged samples consistently responded sooner and had higher overall substrate

oxidation than did their uncentrifuged counterparts, which may be due to differences

in inoculum density and/or the physiological state of the bacteria following

centrifugation. The Willamette Valley ecoregion sites (n =3) had the highest average

bacterial density, max AWCD, and percent positive wells, the Cascade ecoregion sites

(n =5) had the lowest average bacterial density, max AWCD, and percent positive

wells, and Blue Mountain ecoregion sites (n = 11) were highly variable in all

parameters. Nonmetric Multidimensional Scaling of substrate utilization patterns of

centrifuged sub-samples showed better separation between Willamette Valley and
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Cascade ecoregions than did the uncentrifuged sub-samples. We believe this reflects

differences in the initial densities of viable bacteria and the differential effects of

centrifugation on the bacterial community function.

Introduction. While bacteria have been widely used to assess the sanitary

condition of water for decades (15), there is also a great potential in utilizing whole

bacterial community analyses to assess stream ecological condition. Changes in

microbial community structure and function can be rapid following changes in

environmental conditions. Furthermore, microorganisms are primarily responsible for

the degradation and decomposition of environmental contaminants. For these reasons,

community-level bacterial responses to a pollution event, or other stress, are likely to

occur before macrobiotic changes can be observed, and may have lasting effects on

ecosystem function (37). If changes in bacterial assemblages associated with stream

pollution could be assessed in a simple and efficient manner, the identification and

remediation of newly impaired resources could be greatly expedited before any large-

scale impacts can occur (23).

Presently, several approaches to evaluating microbial assemblages are being

developed, including means of measuring microbial community function and

functional diversity. Microbial community function is a measure of the realized

community catabolic activity, while functional diversity is a measure of the potential

for the community to adapt catabolic functions and/or community composition to

different abiotic conditions, such as changes in temperature or substrate (30).

In 1991, Garland and Mills introduced the use of the commercially available

Biolog MicroPlate TM bacterial identification system to assess functional diversity of
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microorganisms from environmental samples. These 96-well microtiter plates have 95

different substrates and a blank well, and were devised to identify a wide range of pure

bacterial cultures, based on unique substrate utilization patterns (SUPs). The 95

substrates were chosen from an initial set of 500 carbon sources, after analyzing 6000

strains, based on the ability to distinguish clinically important bacterial species (3).

Tetrazolium dye acts as an artificial electron acceptor in bacterial oxidation of the

carbon substrate, producing a colored formazin that can be observed visually and

quantified spectrophotometrically (31).

Since 1991, over 120 scientific papers have been published on the use of

Biolog in characterizing bacterial community functional diversity from a wide range

of environments, including graywater treatment systems (27), wastewater sludge (34),

soil (5), rhizospheres (12), and surface waters (7, 16, 29). Of these studies many had

had mixed success in characterizing differences among habitats and between samples

within the same habitat based on differences in SUPs and have shown, in some cases,

a separation of samples along ordination axes that was associated with the use of

particular carbon sources (30).

In 1997 and 1998, the U.S.E.P.A. Environmental Research Laboratory-

Western Ecology Laboratory located in Corvallis, Oregon included traditional public

health indicators and Biolog GN MicroPlateTM analysis of stream water samples

collected throughout Oregon for the Environmental Monitoring and Assessment

Program (EMAP) western pilot study. A major goal set for EMAP was to develop a

wide array of ecological indicators that could offer valid information about the

condition of the nation's surface waters (21, 26). EMAP sampling protocol makes use
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of random site selection within defined ecoregion strata. This protocol also considers

the density and distribution of entire river networks in order to promote spatial balance

among sites, and is a statistically robust design that allows for valid inferences to the

entire river network from which the samples were collected (17). The EMAP western

pilot study found heterotrophic plate count, total coliform, fecal coliform, and E. coli

densities to significantly differ between level III ecoregions in Oregon. However,

Principal Components Analysis (PCA) found very little of the variability in Biolog

SUPs was explained by ecoregion affiliation, especially when sample HPC was below

300 CFU/ml (6, 7, 29).

Biolog manufacturers make two important recommendations regarding

bacterial inoculum added to the microtiter plates. First, the inoculum should consist of

metabolically active cells that have been grown on a standard enrichment medium

such a trypticase soy broth. Second, the inoculum density should be standardized to

108 cells per ml, because tetrazolium color development will not take place at lower

densities (2). For ecological purposes, it has been recommended that the inoculum

density be kept as high as possible to ensure that each 150-j.il well is inoculated with a

representative sample of the environment. If the total cell density is iO4 per ml, a

species that represents 1% of the environment will have an average of 15 individuals

per well, which may or may not be sufficient representation (19).

One of the more perplexing problems with using this technology for stream

water analysis is that Biolog SUPs appear to be density-dependant, confounding the

results. Fredrickson (1991) found that different dilutions of the same cell suspension

(10, iO4, and i05 CFU/ml) generated different SUPs, with fewer positive wells in the
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plates with more dilute inoculum. Wunsche (1995) also observed this problem when

two bacterial species in various ratios were used as inoculum. However, as long as

there were more than 500 bacteria/mI, the number of positive wells remained constant.

This can be problematic for the direct inoculation of stream water in Biolog plates

because many streams, such as those in Oregon, have less than 500 heterotrophic

bacteria per ml.

Purpose. We chose centrifugation as means to concentrate bacterial samples

without changing community structure. To determine whether changes in bacterial

community structure occurred following centrifugation, we measured Heterotrophic

Plate Count (HPC), Total Coliform (TC), Fecal Coliform (FC), and E. coli (EC)

densities before and after centrifugation. If the relative proportion of each group

remained the same after centrifugation, we assumed centrifugation had no effect on

community composition. To determine whether Biolog plates inoculated with

centrifuged water discriminate samples according to level III ecoregion with less enor

than the Biolog Plates inoculated with uncentrifuged water, we compared the

maximum Average Well Color Development (max AWCD), the percent positive

wells, and the SUPs between split samples and among ecoregions.

MATERIALS AND METHODS

Sample collection and centrifugation. Sixteen EMAP sampling sites from

two ecoregions (level III) in Oregon, as determined by Omnerick's (1995) ecoregion

map, were sampled. Eleven sites were in the John Day area of the Blue Mountain

ecoregion in eastern Oregon and five sites were in the Deschutes area of the Cascades
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region with elevations that range upwards to 14,410 feet. Steep ridges and river

valleys in the west, a high plateau in the east, and both active and dormant volcanoes

characterize this sparsely populated region. Its moist, temperate climate supports an

extensive and highly productive coniferous forest. The Blue Mountain ecoregion is a

mid-elevation semiarid region interspersed with open grassland, shrubs and forests and

supports much of the state's livestock (28).

Each site was visited two or three times during the low-flow period, which

lasted from July 2000 through September 2000. The average of the visits for each

parameter was reported. On each sampling occasion, duplicate samples were collected

in sterile i-liter sample bottles and transported on ice for 24-48 hours before reaching

the lab for analysis. Immediately prior to analysis, the duplicate samples were shaken

vigorously for 2 minutes, combined in a sterile 2-liter flask, which was shaken

vigorously for another 2 minutes, and split into two sub-samples. One sub-sample

was centrifuged, and served as the experimental treatment. This sub-sample

comprised 1500 ml of the 2000 ml composite sample, was split into six 300 ml

centrifugation bottles, and centrifuged at 15,000 g for 30 minutes. Then,

approximately 90 percent of the supernatant was poured off each bottle and the pellet

was re-suspended in the remaining ten percent by vortexing the bottle for 30 seconds.

The re-suspended bacteria in each bottle were combined into a single, more

concentrated 150-mi sub-sample. The remaining 500 ml sub-sample was directly

analyzed without centrifugation, and served as the experimental control.

The observed concentration factor of HPC, FC, TC, and EC for each

centrifuged sub-sample was calculated by dividing the centrifuged plate count by its
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uncentrifuged counterpart. For example, if the centrifuged sub-sample FC count was

200 CFTJ/ ml and the uncentrifuged sub-sample FC count was 20 CFU/100 ml, the

concentration factor for FC would be lOX. If all the bacteria in the centrifuged sub-

sample remained equally viable and evenly dispersed in the reconstituted sample as

those bacteria left unexposed to centrifugation and none of the bacteria were poured

off with the supernatant, the expected concentration factor would be equal to the sub-

sample volume before centrifugation divided by the sub-sample volume after

centrifugation. In most cases, this was approximately 1500 ml/l5Oml, which equals

i OX. Discrepancies between the observed and the expected concentration factors

were assumed to reflect a centrifugation effect.

Membrane filtration and plate count data. Heterotrophic Plate Counts

(HPC), Total Coliform density (TC), Fecal Coliforrn density (FC), and E. coli density

(EC) from each sample were determined using standard membrane filtration (1). A

series of dilutions from each sub-sample was made to capture the optimal plate count

of 20-200 colony-forming units (CFTJs) for HPC and 20-80 CFU for TC, FC, and EC.

Three replicates of each dilution were filtered on a 0.45-jim-pore size membrane filter

and incubated for 20-24 hrs at 35°C in Bacto rn-Plate agar for HPC and Bacto

MacConkey broth for TC. The FC filtrations were incubated at 44.5°C in Bacto rn-FC

broth for 20-24 hours then transferred to a plate containing Difco EC medium with

MUG (4-methyl-lumbeliferl-f3-D-glucuronide) and incubated at 44.5°C for another 20-

24 hours. Blue and yellow colonies from the FC filter were counted as fecal coliform

CFUs and of these colonies, those that were fluorescent under 366 nm UV light

following incubation in EC medium were counted as E. co/i CFUs.
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The reported sub-sample plate count for HPC, TC, FC, and EC was the

arithmetic mean of three replicate plate counts for the dilution that produced the

optimal CR] range. Three negative control filtrations (sterile water) were included in

each set of filtrations for every sub-sample to confirm there was no contamination

from rinse water, filtration equipment, or media. In addition, three negative control

filtrations (sterile water) and three positive control filtrations (0.5 grams E. coli

culture/liter sterile water) for each new batch of growth media were incubated to

ensure the growth plate results were free of bias caused by contaminated media, and

the media supported the targeted bacterial growth.

Biolog data. Duplicate Biolog GN2 microtiter plates were directly inoculated

with 150 p1 of water from each sub-sample. The plates were incubated at 30°C and

the optical density (0D590) of the 96 wells was read with a microtiter plate reader

(model V-max, Molecular Devices Corp., Menlo Park, CA) every four hours until the

AWCD reached a stable maximum value. Subtracting the 0D590 of a carbon-free

control well in each plate standardized the 0D590 of the 95 wells containing carbon

substrate. The arithmetic mean of the 0D590 for each of the 95 wells between the

duplicate plates was reported for each sub-sample.

Biolog plates were analyzed in two ways. First, a descriptive summary of the

mean maximum AWCD and the percent positive wells for each site was calculated to

offer a general overview of ecoregional differences. Second, we used Nonmetric

Multidimensional Scaling (NMS) with PC-ORD software (24), version 4.0, which

uses an algorithm described by Kruskal (1964), to determine whether the centrifuged

sub-samples were better able to discriminate according to ecoregion by the Substrate
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Utilization Pattern (SUP). NMS is an ordination method that is appropriate for data

sets that are not normally distributed, or the sampling distribution is unknown, as in

the case of Biolog SUP responses. Based on ranked distances from an iterative

optimization procedure, samples from the original 95-dimensional SUP space were

reduced to a two-dimensional ordination space, using Sorenson's distance measure

and a random starting configuration. The optimal number of dimensions, or axes, that

are required to explain a sufficient proportion of variance was chosen to optimize

interpretability (fewer axes), while reducing "stress" which is a measure of the

departure from monotonicity in the relationship between dissimilarity in the original p-

dimensional space and the reduced k-dimensional space. In layman's terms, "stress"

is a measure of error associated with each statistical representation (ordination) of the

original data matrix (4). Most ecological community data sets will have the best

solution with stress between 10 and 25, with the lower end being a "quite satisfactory"

representation of the original data. Instability is calculated as the standard deviation in

stress over the proceeding 10 iterations. When the instability is less than the cutoff

value, iterations are stopped and the solution is considered final (25).

The PC-ORD NMS autopilot option was selected to the "slow and thorough"

level for all ordinations, with an instability cutoff at 0.0001. Separate ordinations

were run for the uncentrifuged and centrifuged data sets, which comprised a main

matrix of 19 rows (sites) and 95 columns (average 0D590 for each well/site) each. The

main matrix used for each ordination (uncentrifuged NMS and centrifuged NMS) was

associated with a secondary matrix from uncentrifuged and centrifuged data,

respectively. The centrifuged and uncentrifuged data sets were also associated with a
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secondary matrix consisting of the same 19 rows (sites) as the main matrix and six

environmental variables averaged from multiple visits to each site for (columns): Log

(HPC/lOOml), Log (TC/lOOm!), Log (FCI100mI), Log (EC/lOOmI), the maximum

AWCD, and percent positive Biolog wells.

RESULTS

Centrifugation effects on bacterial community structure. Changes in

bacterial community structure, resulting in a shift toward higher proportions of fecal

coliform bacteria, were observed following centrifugation. Fecal coliform had the

highest observed mean concentration factor; E. coli had the second highest observed

mean concentration factor, followed by Total Coliform. The Heterotrophic Plate

Count had the lowest observed mean concentration factor (Table 2.1).

The initial density of viable heterotrophic bacteria appeared to be associated

with the concentration factor following centrifugation. Specifically, samples with

extremely low bacterial densities did not respond well to centrifugation. For example,

the lowest concentration factor observed was 2X for the coliform bacteria and came

from a site that averaged 15 HPC/100 ml, 18 TC/100 ml, 10 FC/100 ml, and 10

EC/lOOmI for the uncentrifuged sub-samples and 30 HPC/100 ml (2X), 54.5 TC/100

ml (3X), 20 FC/100 ml (2X), and 14 EC/lOO ml (1.4X) for the centrifuged samples.

The expected concentration factor for this sample following centrifugation was 14X.
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Table 2.1. Summary of expected, mean, minimum, and maximum
concentration factors following centrifugation for Heterotrophic Plate
Count (HPC), Total Coliform (TC), Fecal Coliform (FC), and E. coli
(EC) from 5 sites in the Cascade ecoregion, 11 sites in the Blue
Mountain ecoregion, and 3 sites in the Willamette ecoregion.

Observed Concentration Factor
Ecoregion expected mean mm max

HPC Cascades 12.7 6.6 2.0 9.4
Blue Mountain 13.5 9.1 4.2 18.8
Willamette 15.8 10,6 2.3 16.2
Overall 13.7 8.7 2.0 18.8

TC Cascades 12.7 9.5 4.0 12.3
Blue Mountain 13.5 15.4 2.0 50.0
Willamette 15.8 11.2 5.5 23.1
Overall 13.7 13.4 2.0 50.0

FC Cascades 12.7 15.3 2.0 21.9
Blue Mountain 13.5 16.8 4.4 59.0
Willamette 15.8 23.8 10.4 100.0
Overall 13.7 17.6 2.0 100.0

EC Cascades 12.7 5.5 1.4 12.7
Blue Mountain 13.5 10.7 3.3 32.5
Willamette 15.8 25.6 1.4 100.0
Overall 13.7 13.8 1.4 100.0

Conversely, samples that had high initial bacterial densities responded well to

centrifugation, but were biased toward a higher proportion of coliform bacteria. For

example, the highest concentration factor observed following centrifugation was IOOX

for coliform bacteria and came from a site that averaged 4,850 HPC/100 ml, 12

TC/100 ml, 0.5 FC/100 ml and 0.4 BC! lOOm! in the uncentrifuged sub-sample, and

41,100 HPC/100 ml (8.5X), 180 TC!100 ml (15.7 X), 50 FC!100 ml (bOX), and 40

EC/100 ml (100X) in the centrifuged sub-sample. The expected concentration factor

for the centrifuged sub-sample was also 14X.
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With respect to the pattern of AWCD over time, the centrifuged sub-samples

always had a shorter lag period and reached a higher maximum AWCD than did their

uncentrifuged counterparts. With few exceptions, the duplicate sub-samples, both

centrifuged and uncentrifuged, followed a nearly identical AWCD pattern over time

(Figure 2.2).

Figure 2.2. Example of the typical pattern of Average Well Color
Development (AWCD) over time between duplicate uncentrifuged (Ui
and U2) and centrifuged (Cl and C2) sub-samples from Summit Creek,
Oregon.



Ecoregion comparisons. The Deschutes area of the Cascades ecoregion had

the lowest mean bacterial densities, AWCD, and percent positive wells, while the

Willamette Valley sites had the highest bacterial densities, AWCD, and percent

positive wells (Table 2.2). The John Day area of the Blue Mountain ecoregion had the

widest range in all bacterial measures among sites, from little or no coliform bacteria

to highly polluted sites that exceed the EPA recommended one-time grab sample

standard of 400 EC/l00 ml (9, 35).

Table 2.2. Summary statistics for Heterotrophic plate count (HPC), Total coliform
(TC), Fecal coliform (FC), E. co/i (EC), and the maximum Biolog Average Well Color
Development (Max AWCD) and percent positive wells (% pos) from 19 sites in 3
ecoregions._Samples were split into uncentrifuged and centrifuged sub-samples.

Uncentrfuged Sub-samples Centrifuged Sub-samples
Ecoregion mm max mean mm max mean

HPC Cascades 1,500 9,500 5,780 3,000 74,500 43,020
CFU//]OO ml Blue Mountain 2,150 79,000 20,910 9,500 435,000 158,455

Willamette 14,700 71,500 40,433 165,000 461,100 288,200
Overall 1,500 79,000 20,011 3,000 461,100 148,563

TC Cascades 6 1,800 467 30 6,000 2,802
CFU//lOOml BlueMountain 4 1,500 472 50 21,100 6,038

Wiflamette 102 1,600 641 445 1,250 7,382
Overall 4 1,800 497 30 21,100 5,399

FC Cascades 1 45 14 20 90 46
CF U//IOU ml Blue Mountain 0 635 178 0 4,400 628

Willamette 30 642 502 265 1,950 1,250
Overall 0 642 362 0 4,400 477

EC Cascades 0 10 5 14 90 43
C'FU//JOOml BlueMountain 0 490 219 0 1810 1089

Willamette 30 370 253 198 1380 1206
Overall 0 190 121 0 1810 353

Max AWCD Cascades 0.11 0.29 0.24 0.31 0.49 0.40
Blue Mountain 0.21 0.60 0.39 0.47 0.84 0.59
Willamette 0.44 0.82 0.64 0.56 1.05 0.84
Overall 0.11 0.82 0.39 0.31 1.05 0.58

% positive wells Cascades 68.4 75.8 72.4 73.7 77.9 76.0
0D590> 0.05 Blue Mountain 52.6 100 77.1 52.6 100 81.3

Willamette 98.1 100 99.3 100 100 100
Overall 52.6 100 79.4 52.6 100 82.9
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Uncentrifuged NMS. After 400 iterations, the recommended final solution had

two axes, a minimum stress of 8.04, and an instability statistic equal to 0.00001.

Monte Carlo tests were run to confirm that the results were significantly better than

would be obtained from randomized data, where the p-value equals the proportion of

randomized runs with stress less than or equal to the observed stress (Table 2.3).

Table 2.3. Uncentrifuged data set stress in relation to dimensionality
(number of axes) for real data and randomized data (Monte Carlo
simulation), where p-value = proportion of randomized runs with stress
less than or eua1 to observed stress.

Stress in real data Stress in randomized data,
40 runs Monte Carlo test, 50 runs

axis mm mean max mm mean max p-value
1 19.92 40.93 54.61 36.81 51.05 54.61 0.0196

2 8.04 10.65 21.94 20.35 25.05 36.06 0.0196

3 3.41 3.82 6.28 13.31 15.72 18.80 0.0196

4 1.99 2.07 2.31
1

9.02 10.99 13.41 0.0196

5 1.23 1.40 1.61 6.67 8.03 9.59 0.0196

6 0.54 0.69 1.01 4.89 6.01 7.27 0.0196

The proportion of the variance explained by each axis, and the cumulative

variance explained with the addition of each axis to the final solution was determined

by calculating the coefficients of determination (R2) between the distances in the

original 95-dimensional SUP space and the reduced 2-dimensional ordination space.

The final 2-dimensional solution explains 91% of the variation in the original 95-

dimensional distance matrix. The first axis contributed 30.5% (R2= 0.305), and the

second axis contributed 60.5% (R2 = 0.605) to the final solution (Table 2.4).
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Table 2.4. Coefficients of determination (R2)

explaining the amount of variance explained by each
axis and the cumulative variance of the final solution
for the uncentrifuged data set.

Axis R2 Increment R2 Cumulative
1 0.305 0,305
2 0.605 0.910

Pearson correlation coefficients (r) were determined to explain the

association of 95 Biolog well responses (OD 590) at maximum AWCD with each

ordination axis. As indicated by the low stress and instability statistics, the

ordination was considered a good representation of the data, and the subsequent

Pearson correlation coefficients were considered valid. Fourteen wells had

responses with r2 greater than 0.5 with at least one axis and were considered highly

correlated (Table 2.5). One well response was highly positively correlated and

seven well responses were highly negatively correlated with the first axis, and

seven well responses were highly positively correlated with the second axis.

Pearson correlation coefficients were calculated to evaluate the association

of six explanatory variables from the uncentrifuged data set (Log HPC, Log TC,

Log FC, Log EC, Max AWCD, and % positive wells) with each ordination axis

from the uncentrifuged NMS final solution. Explanatory variables associated with

r2 greater than 0.5 with at least one axis were considered highly correlated. None

of the explanatory variables for the uncentrifuged data were highly correlated the

uncentrifuged NMS ordination axes. The strongest association was found with the
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percent positive wells, which had r2 = 0.257, and was negatively correlated with

the first ordination axis (Table 2.6).

Table 2.5. Pearson correlation coefficients (r) of each Biolog GN2
MicroPlate well response (0D590) with ordination axes for uncentrifuged
NMS final solution. Only well responses (listed by Well # and Sole
Carbon Source) with r2 >0.5 with at least one axis are listed. Negative
correlation coefficients are highlighted in red and positive correlation
coefficients are highlighted in blue.

Well # Sole Carbon Source
Axis 1

r r2

Axis 2
r r2

A3 Dextrin -0.794 0.631 0.427 0.182
A9 Adonitol -0.264 0.070 0.730 0.533
B3 L-fructose -0.791 0.625 0.150 0.023
Eli Sebacic acid -0.768 0.590 0.740 0.548
E12 Succinic acid -0.627 0.393 0.793 0.628
Fl Bromo-succinic acid -0.162 0.026 0.793 0.629
F2 Succinamic acid -0.575 0.330 0.848 0.720
F3 Glucuronamide -0.662 0.439 0.777 0.604
F12 Glycyl-L-glutamic acid -0.808 0.653 0.659 0.434
G8 D-serine -0.804 0.647 0.322 0.104
G9 L-serine 0.770 0.593 0.669 0.488
Hl0 D,L-c-gJycero! phosphate -0.847 0.717 0.537 0.289
HI 1 Glucose-I-phosphate -0.497 0.247 0.775 0.600
H12 Glucose-6-phosphate M.718 0.515 0.065 0.072

Table 2.6. Pearson correlation coefficients (r) of six
environmental variables with each ordination axis for
uncentrifuged NMS secondary data matrix (Log HPC, Log TC,
Log FC, Log EC, Max AWCD, and % positive wells).

Environmental Variable
Axis 1

r r2

Axis 2
r r2

LogHPC/lOOml -0.330 0.114 0.355 0.126
Log TC/100 ml 0.284 0.08 1 -0.288 0.083
Log FC/lOO ml -0.317 0.100 0.404 0.163
Log EC/100 ml -0.284 0.08 1 -0.024 0.001
Max AWCD -0.201 0.040 0.476 0.227
% positive wells -0.507 0.257 0.401 0.16 1
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Centrifuged NMS. After 400 iterations, the final 2-dimensional solution had a

minimum stress of 8.45 and an instability statistic equal to 0.00001. Monte Carlo tests

were run to confirm that the results were significantly better than would be obtained

from randomized data (Table 2.7).

Table 2.7. Centrifuged data set stress in relation to dimensionality
(number of axes) for real data and randomized data (Monte Carlo
simulation), where p-value = proportion of randomized runs with stress
less than or equal to observed stress.

Stress in real data Stress in randomized data,
40 runs Monte Carlo test, 50 runs

axis mm mean max mm mean max p-value
1 21.10 36.64 54.61 36.52 49.02 54.61 0.0196
2 8.41 11.93 22.37 18.75 24.93 37.44 0.0196
3 3.95 4.11 7.84 12.51 15.97 18.46 0.0196
4 2.46 2.56 2.77 9.04 11.40 13.16 0.0196
5 1.55 1.76 2.12 6.71 8.30 9.82 0.0196
6 0.78 0.93 1.43 4.54 6.10 7.59 0.0196

The proportion of the variance explained by each axis, and the cumulative

variance explained with the addition of second axis to the final solution was

determined by calculating the coefficients of determination (R2) between the distances

in the original 95-dimensional SUP space and the reduced 2-dimensional ordination

space (Table 2.8). The final 2-dimensional solution represents 91% of the variation in

the original 95-dimensional main matrix. The first axis contributed 59.3% (R2=

0.593), and the second axis contributed 31.4% (R2 = 0.3 14) to the final solution.
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Table 2.8. Coefficients of determination (R2) explaining
the amount of variance explained by each axis and the
cumulative variance of the final solution for the
centrifuged data set.

Axis R2 Increment R2 Cumulative
0.593 0.593

2 0.314 0.907

Pearson correlation coefficients (r) were determined to explain the association

of 95 Biolog well responses (OD 590) at maximum AWCD with each ordination axis.

As indicated by the low stress and instability statistics, the ordination was considered a

statistically valid representation of the data, and the subsequent Pearson correlation

coefficients were considered valid. Twenty-three wells had well responses with r2

greater than 0.5 with at least one axis and were considered highly correlated (Table

2.9). Nineteen well responses were highly positively correlated with the first axis, one

well response was highly positively correlated with axis 2, and two well responses

were highly negatively correlated with axis 2.

Pearson correlation coefficients were calculated to evaluate the association of

six explanatory variables from the uncentrifuged data set (Log HPC, Log TC, Log FC,

Log EC, Max AWCD, and % positive wells) with each ordination axis from the

centrifuged NMS final solution. Explanatory variables associated with r2 greater than

0.5 with at least one axis were considered highly correlated. None of the explanatory

variables from the centrifuged data were highly correlated with the second ordination

axis. However, the Log EC/100 ml and the percent of positive wells were highly

positively correlated with the first ordination axis (Table 2.10).
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Table 2.9. Pearson correlation coefficients (r) of each Biolog GN2
MicroPlate well response (0D590) with ordination axes for
uncentrifuged NMS final solution. Only well responses with r2 >0.5
with at least one axis are listed by Well # and Sole Carbon Source.
Negative correlation coefficients are highlighted in red and positive
correlation coefficients are highlighted in blue.

Axis 1 Axis2
Well # Sole Carbon Source r r2 r r2

B8 a-D-lactose 0.895 0.801 -0.708 0.501
E6 D,L-lactic acid 0.848 0.7 18 0.376 0.141
Eli Sebacic acid 0.865 0.748 0.173 0.030
Fl Bromo succinic acid 0.613 0.376 0.720 0.5 19
F2 Succinamic acid 0.846 0.7 15 0.436 0.190
F3 Glucuronamide 0.833 0.695 0.308 0.095
F6 L-alanine 0.769 0.592 0.324 0.105
F7 L-alanyl-gtycine 0.819 0.671 0.409 0.168
F9 L-aspartic acid 0.796 0.633 0.283 0.080
FlO L-glutamic acid 0.855 0.732 0.358 0.128
Fli Glycyl-L-aspartic acid 0.841 0.708 0.342 0.117
Fl2 Glycyl-L-glutamic acid 0.840 0.705 0.059 0.004
Gi L-histidjne -0.001 0.000 -0.717 0.5 14
G2 Hydroxy-L-proline 0.866 0.750 0.276 0.076
G3 L-Ieucine 0.900 0.810 .0235 0.055
G5 L-phenylalanine 0.831 0.691 0.008 0.001
G6 L-proline 0.091 0.008 -0.735 0.541
G12 -amino-butyric acid 0.820 0.673 0.412 0.169
Hi Urocanic acid 0.8 10 0.657 0.241 0.058
H2 Inosine 0.804 0.647 -0.020 0.000
H3 Uridine 0.892 0.795 -0.029 0.00 1
H5 Phenylethylamine 0.888 0.788 0.287 0.083
H10 D,L-a-glycerol phosphate 0.790 0.625 -0.097 0.009
Hil Glucose-i-phosphate 0.780 0.609 0.378 0.143
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Table 2.10. Pearson correlation coefficients for each
environmental variable with the ordination axis for the
centrifuged NMS secondary data matrix (Log HPC/100 ml, Log
TC/l00 ml, Log FC/100 ml, Log EC/100 ml, maximum Average
Well Color Development, and the percent positive Biolog wells)
for each of 19 sites.

Environmental
Variables

Axis 1
r r2

Axis 2
r r2

Log HPC/l00 ml 0.262 0.068 -0.238 0.057
Log TC/l00 ml 0.071 0.005 0.021 0.001
Log FC/l00 ml 0.583 0.340 -0.011 0.001
Log EC/lOO ml 0.735 0.541 0.091 0.008

AWCD max 0.665 0.442 0.134 0.018
% positive 0.888 0.788 -0.287 0.083

Biolog discriminatory power. Graphic overlays of three ecoregion categories

from the secondary data matrix (Cascade, Blue Mountain, or Willamette) were used to

display the distribution of samples in ordination space, labeled by each category.

Because these are categorical rather than continuous data, a correlation coefficient

cannot be calculated. Rather, comparing the relative separation of sites along each

ordination axis labeled by ecoregion between the centrifuged and uncentrifuged NMS

graphic overlays offers a qualitative evaluation of whether the centrifuged sub-

samples were better able to discriminate by SUP according to ecoregion. There was

no apparent separation of sites according to ecoregion along either axis of the

uncentrifuged NMS ordination (Figure 2.3), while there was a clear separation

between site from the Cascade and Willamette Valley ecoregions along the first axis

of the centrifuged NMS ordination (Figure 2.4).
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Figure 2.3. Graphic overlay of uncentrifuged data set
grouped by ecoregion: 1 Cascades; 2 Blue Mountain
and 3= Willamette Valley.
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Figure 2.4. Graphic overlay of centrifuged data set grouped by ecoregion:
1 = Cascades; 2 = Blue Mountain; and 3 = Willamette Valley.
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DISCUSSION

We found evidence of bias in the microbial community composition following

centrifugation of stream water, indicating that not all bacteria were affected equally by

this treatment. Moreover, the initial bacterial density in the water sample appeared to

be associated with compositional and/or physiological changes in the heterotrophic

bacterial community, some of which we measured. For example, when the initial

heterotrophic bacterial density was highest, the observed fecal coliform concentrations

exceeded the expected concentration by as much as ten-fold. This outcome was not

expected. Previous research has found that heterotrophic bacteria can cause injury to

coliform bacteria, by competition for limiting organic compounds, reducing the

coliform density by as much as iO3 in eight days (22). Fecal coliform bacteria in our

stream samples may have been attached to particles and/or clumped, more so than the

other heterotrophic bacteria, and centrifugation separated the cells more thoroughly or

somehow served as a metabolic catalyst for fecal coliform bacteria and possibly other

unmeasured groups.

The centrifuged sub-samples consistently had a shorter lag period prior to color

formation on Biolog plates and a higher maximum AWCD than their uncentrifuged

counter parts. However, we could not determine whether this difference was due to a

larger number of cells in the centrifuged sub-samples or the differential effects of

centrifugation on a subset of the bacterial community, such as the fecal coliform

bacteria. Research has shown that the rate of color development depends on number

of cells (density) as well as physiological state of those cells (activity). Garland

(1996) found that color development was better correlated with the density of actively
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respiring cells (70%) than with total cell density (53%), and Haack (1995) found that

although dilution increased the lag time prior to color development, color development

was more closely linked to cellular respiration than cellular growth. Thus, while

centrifugation increased bacterial density, perhaps favoring particular bacterial groups,

it may have differentially affected cellular activity among these groups in a way not

related to functional diversity.

The bacterial assemblage following incubation will inevitably contain a

selectively enriched subset of the entire community. DNA analysis of the inoculum

and individual wells after incubation on Biolog GN plates showed that SUPs do not

necessarily reflect the numerically dominant members of the microbial assemblage of

the inoculum (32). In the case of whole bacterial community analysis with Biolog,

however, shifts in community composition represent a component of community

functional diversity and does not represent a problem for Biolog interpretation, as long

as community functional diversity is not confused with community species diversity.

Low inoculum density, on the other hand, can be a problem for Biolog

interpretation of whole bacterial community analysis if the micro-scale distribution of

cells is such that replicate 150-Itl wells contain substantially different subsets of the

authentic microbial community (19). Therefore, it is critical that the inoculum be

sufficiently concentrated prior to Biolog plate incubation. However, although

centrifugation appears to have a selective effect on the in situ microbial community

that may not be related to functional diversity, it did improve the discriminatory power

of Biolog GN2 results according to ecoregion (Fig 4.2 and 4.3).
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Another important recommendation made by the manufacturers of Biolog is

that the plates be inoculated with fresh samples and the holding time limited to less

than 24 hours (19). We were able to achieve this goal for the Willamette Valley sites

and many of the Cascade sites, but due to logistical constraints, the Blue Mountain

ecoregion samples were all held on ice for 40-48 hour prior to analysis. Overnight

storage of marine bathing water and drinking water samples at 4°C has shown a 25%

reduction in E. coli counts (13). This factor of holding time makes large-scale, remote

bacteriological data collection difficult, and may have contributed to the equivocal

Biolog SUP results from the Blue Mountain ecoregion sites.

Over 70% of the published research using Biolog SUPs to differentiate

bacterial communities used Principal Components Analysis (30), which is an

ordination method that relies on the assumption that the data have approximately

linear relationships among the variables. However, even when non-linear

relationships are improved by data transformations, ecological community data are

found to "force a very awkward fit" to the linear model on which PCA is based,

leading to erroneous conclusions (33, 25). Instead, we chose Nonmetric

Multidimensional Scaling (NMS) to describe the similarity in SUPs among sites. This

non-parametric method has been demonstrated to perform well in community analyses

along a number of simulated environmental gradients and offers the best graphical

representation of similarities (and dissimilarities) among ecological communities (8).

While we have a very low sample size for comparison purposes, our NMS

results indicated sites from the Willamette Valley and Cascade ecoregions were

separated along the first ordination axis following centrifugation. We believe this
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ecoregions and their differential response to centrifugation. The bias following

centrifugation was most prominent in the Willamette Valley sites, which were also

highest in initial bacterial densities, and least in the Cascade sites, which were lowest

in initial bacterial densities. Furthermore, axis one of the centrifuged ordination was

highly positively correlated with fecal coliform (54%) and E. coli densities (79%).

Otherwise, no separation of site-level Biolog SUPs was observed in the centrifuged

and uncentrifuged ordinations.

While both uncentrifuged and centrifuged ordinations explained 91% of the

variability in the original 95-dimensional SUP data matrix, it is difficult to assign

ecological meaning to these results. The substrates chosen for the Biolog GN2 plates

were chosen to identify clinically, rather than ecologically, important species. While

14 of the 95 substrates were very highly correlated to at least one of the uncentrifuged

ordination axes and 24 substrates were very highly correlated to at least one of the

centrifuged ordination axes, we gained no more information of the ecological

condition of the stream than we did from the traditional public health indicators.

A very important next step in the development of Biolog for the analysis of

bacterial community functional diversity is to develop microtiter plates that have

substrates specific to pollution or other types of environmental stress. For example, if

bacteria were exposed to a contaminant in the environment, such as petroleum waste

or pesticides, microorganisms capable of metabolizing the pollutant may be more

metabolically active and will respond to the same type of pollution in an enrichment

culture on a Biolog plates designed for such monitoring purposes. Biolog has started
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to develop ECO MicroPlateslM, which contain a triplicate set of 31 substrates and a

blank that have been useful in distinguishing aquatic bacterial communities (18).

However, substrates that can be linked to a pollution event or some other component

of ecological condition are yet to be developed.

CONCLUSIONS

Centrifugation appears to bias the community composition and/or the

physiological state of a subset of the population in a manner that may not have been

related to community functional diversity, which is a measure of community catabolic

potential. Rather, centrifugation probably had some degree of physical impact on

certain bacterial groups, which resulted in some groups being more likely to be

decanted after centrifugation, and some groups, such as fecal coliform bacteria,

becoming better separated from particles following re-suspension of the remaining

supernatant. However, bias does not necessarily render an indicator useless, as long as

the bias is well understood. We recommend future research focus on characterizing

and accounting for the bias associated with centrifugation. When we can effectively

predict the bias, centrifugation may offer a solution for Biolog analysis of samples

with low inoculum density.

Centrifuged samples consistently had shorter lag periods and higher max

AWCD than did their uncentrifuged counterparts, which may be due to differences in

inoculum density and/or the physiological state of the bacteria following

centrifugation. The Willamette Valley ecoregion sites had the highest average

bacterial density, max AWCD, and percent positive wells, the Cascade ecoregion sites
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lowest average bacterial density, max AWCD, and percent positive wells, and Blue

Mountain ecoregion sites were highly variable in every parameter. We may have

observed a bottle effect in samples held over 24 hours, such as those from the Blue

Mountain ecoregion. Therefore, we recommend that water samples be processed as

soon as possible to avoid sample deterioration.

Although our sample size was small (N=20 sites), multivariate analysis with

Nonmetric Multidimensional Scaling of the centrifuged data set showed a separation

between Willamette Valley and Cascade sites along one ordination axis. We believe

this reflects differences in the initial bacterial densities between the two regions and

the effects of centrifugation on the bacterial community structure. Furthermore, it was

difficult to assign ecological meaning to these results, including comparisons of

community functional diversity, with Biolog GN2 microtiter plates. While many

substrates were highly correlated with at least one of the ordination axes, no substrate

or combination of substrate utilization on the Biolog GN2 plates offer an

environmentally meaningful interpretation about stream condition beyond what we

have already learned from the traditional public health indicators.
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CHAPTER 3
DEVELOPMENT OF BACTERIAL COMMUNITY DNA FINGERPRINTS

INDICATORS OF STREAM SANiTARY AND ECOLOGICAL CONDITIONS:
OPTIMAL SAMPLE SIZE AND HOLDING CONDITIONS

Abstract. We established several logistic constraints for water samples

collected for a subsequent field study. We determined the minimum volume of water

needed per sample and the maximum time and temperature that bacteriological water

samples captured on a membrane filter can be held in guanidine isothiocyanate buffer

(GITC) prior to DNA extraction for community fingerprint analysis. We compared

Length Heterogeneity-Polymerase Chain Reaction electropherograms from 50-mi,

100-mi, and 250-mi sub-samples to explore the relationship of sample volume and

unique fragment richness. We found 100 ml water samples yielded more information

than the 50-mi or the 250-mi water samples. Holding time and temperature effects

were explored simultaneously by comparing the LH-PCR electropherogram results

among sub-samples held for 0, 1, 2, 5, 10, and 20 days and at 20°C, 4°C, and room

temperature. We observed a marked decrease in information for samples that were

held at room temperature for more than 24 hours. Regardless of the presence of SM

GITC buffer, a higher degree of DNA degrading activity apparently took place in the

samples that were held at room temperature for more than 24 hours. We concluded

that 100 ml samples were acceptable for bacterial community DNA fingerprint

analysis and recommended transporting filtered water samples held in GTTC on ice,

keeping the samples frozen until DNA can be extracted to maintain sample integrity.

Introduction. The traditional approach to enumerate and identify bacteria in

environmental samples has relied on culture-dependent techniques combined with the
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differentiation of isolates based on a series of physiological and biochemical tests.

These methods offer important information about the phenotypic characteristics of

culturable bacteria, including many bacteria of clinical importance. However, culture-

dependant methods do not produce results that accurately reflect in situ community

structure or phylogeny, but rather the selectivity of growth media for certain bacteria.

Furthermore, only a minor fraction of the bacteria (0.01% to 25% depending on the

environment) can be cultivated using traditional culture-dependent techniques,

offering very limited insights for the microbial ecologist (1).

The use of various molecular techniques for the identification of bacteria has

overcome many of the stumbling blocks of cultivation. These techniques provide a

way of characterizing in situ microbial community structure on a molecular basis,

potentially offering a much broader perspective for microbial ecologists. A relatively

new approach based on the identification of microorganisms by investigating

differences in the I 6S rRNA gene sequence from environmental samples without

cultivation is now being explored for many microbiological applications, including

water quality protection (18, 20). The 16S rRNA molecule is approximately 1500

base pairs long, has been found in every prokaryotic cell, and is comprised of highly

conserved sequence domains interspersed with more variable regions. Consequently,

comparative analyses of 16S rRNA gene sequences can identify signature sequence

motifs on various taxonomic levels (7).

The simplest and currently most widely adopted method to obtain 16S rRNA

genes from a mixed environmental sample uses the Polymerase Chain Reaction

(PCR). Many polymorphism-based procedures that have been applied to microbial
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ecology were coupled with a PCR, and generated a community "fingerprint" that was

represented by a banding pattern of PCR fragments (amplicons) following separation

by gel electrophoresis. By taking advantage of the interspersed conserved regions of

the 16S rRNA gene, universal primers capable of annealing to sequences in rRNA

genes that are found in nearly every bacterial cell can be used to target a broad group

for amplification. The resulting PCR products comprise amplicons from most of the

bacteria in the sample (estimated 85-95%) and differences in the sequences and/or

lengths of variable regions flanked by two conserved regions can then be compared

among amplicons (20, 25).

Length Heterogeneity-PCR is one such polymorphism-based method, which

generates a community fingerprint that discriminates among 1 6S rRNA genes based

on natural variations in the length of fluorescently labeled PCR products. The resulting

DNA fingerprint is a quick and inexpensive surrogate measure of in situ bacterial

community structure (24), and has been found to vary along certain environmental

gradients, such as surface water salinity (3), livestock wastewater effluent in rivers (4),

various soil and crop management types (23), and urbanization along rivers (13).

Another closely related polymorphism-based method, Terminal-Restriction

Fragment Length Polymorphism (T-RFLP), is more widely used than LH-PCR. The

initial steps of both methods are identical. The T-RFLP requires a restriction enzyme

digestion following PCR, which serves to improve the resolution of the community

DNA fingerprint. The uniquely sized terminal restriction fragments (TRFs) are sorted

according to size by electrophoresis on an acrylamide gel or capillary system with an

automated DNA sequencer and interpreted with Genescan software (6).



There are limitations of using a LH-PCR, or any other PCR-based method, to

evaluate DNA fragment proportions as measures of taxonomic evenness in a natural

community because there is an unknown potential for bias during DNA amplification

with PCR (9, 10, 14, 25). A fragment that comprises 50% of the total fluorescence in

a LH-PCR may or may not comprise anywhere near 50% of the original template

DNA (Hellman, 1999). Therefore, until the bias associated with PCR with mixed

environmental DNAs has been resolved, we chose to ignore the relative abundance

and treated the PCR-based community fingerprint as a binary "presence-absence" data

set for each unique fragment size, or Operational Taxonomic Unit (OTU).

The US Environmental Protection Agency's Office of Research and

Development has published several technical guidelines for the evaluation of the

suitability of ecological indicators for environmental monitoring and assessment

programs. The first recommendation as part of the initial development of an ecological

indicator was that the feasibility of implementation must be considered. Specifically,

data collection methods, logistics, information management, quality assurance, and

monetary costs need to be established (11, 12). For bacterial DNA community

fingerprint technology, questions concerning the minimum sample volume and

holding conditions must be addressed prior to using bacterial community fingerprints

field studies.

Purpose. We divided the work into two parts. Part A addresses the minimum

volume of water needed per sample. Data collection would be greatly facilitated by

the use of smaller sample volumes, especially in those cases in which water will be

filtered in the field with a portable device. Part B determined the maximum time and
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held in guanidine isothiocyanate buffer (GITC) prior to DNA extraction and LH-PCR

generation. This information was used to determine data collection constraints for

holding and transporting samples from the field to the lab, and establish an optimal

timeframe for data processing.

MATERIALS AND METHODS

Sample collection and transport. Samples for all of the experiments in this

study were collected from the same site on a small, nearby creek in sterile, one-liter

bottles. Samples were filtered immediately after collection and filters were held at the

EPA-ORD National Environmental Effect Laboratory, Western Ecology Division in

Corvallis, Oregon. When sample filters were ready for DNA extraction and analysis,

they were transported in plastic Ziploc bags to the Katharine G. Field Lab, on the

Oregon State University Campus. The walking distance between the two labs and the

creek is about ten minutes.

Membrane filtration and DNA extraction. Water samples for all of the

experiments were filtered through a 0.22-urn pore size membrane filter and the filter

was immediately transferred to a sterile, 15-ml Falcon tube containing 0.5 ml SM

Guanidine Isothiocyanate (GITC), a chaotropic buffer that acts as a DNA preservative

(21). DNAs were then extracted from the membrane filter using a Qiagen DNeasy kit,

following the Qiagen protocol for DNA extraction from bacterial cells using a micro-

centrifuge, with an additional wash of Buffer AW2 (22). A PicoGreen assay was used

to quantify the DNA concentration (ng/ul) of each extraction (Molecular Probes).
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LH-PCR. Purified DNA (3-6 ng) was amplified by PCR using fluorecently-

labeled forward primer 27F (5'-[6FAM] AGAGTTTGATCCTGGCTCAG-3') and

unlabeled reverse primer 338R (5' GCTGCCTCCCGTAGGAGT-3') (Molecular

Probes, Eugene, Oregon). Both primers are considered specific for most bacteria (23).

The reaction were performed by using 5 tI lox buffer, 8 tl 0.4% Bovine Serum

Albumin, 3 p1 25mM MgCl2, 2 p110mM of each deoxynucleoside triphosphate, 1.25

units Taq polymerase, and lOpM each primer. The initial denaturation at 94°C for 3

minutes was followed by 30 cycles at 94°C for 90 seconds, 50°C for 90 seconds, and

72°C for 120 seconds, and a final elongation temperature of 72°C for 10 minutes. The

PCRs were held in 96-well plates at -80°C up to two weeks prior to further analysis.

Each 96-well PCR plate had three negative controls in which distilled water replaced

the template DNA, and three positive controls in which a known DNA sample served

as the template. Any discrepancies in these controls resulted in the entire plate being

discarded, and the entire procedure was repeated.

Gel electrophoresis and a low mass ladder were used to estimate the yield of

PCR products. A digital photo of the gel was taken with a UV

transilluminator/camera apparatus and interpreted with ImageQuant® software

(Applied Biosystems, Inc., Foster City, Ca.). The concentration of products from each

PCR was then standardized to 20 fmoles/.i1 and analyzed at the Oregon State

University Central Services Lab (19) with an ABI 377 automated DNA sequencer to

resolve the fluorescently labeled DNA fragments by size on an acrylamide gel (FMC,

Rockland, Maine). An internal size standard GeneScan ROX 2500 (Applied

Biosystems, Inc., Foster City, Ca.), was loaded into each lane (one lane produces one
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LH-PCR electropherogram). Amplicon fragment sizes were estimated by using the

Local Southern Method with GeneScan® software (Applied Biosystems, Inc., Foster

City, Ca.). Unique fragments were defined as having one or more base pairs difference

and were treated as Operational Taxonomic Units (OTUs) for the analysis. Thus,

rather than counting the presence or absence of a species in a sample, we counted the

presence or absence of OTUs in an electropherogram.

Experimental design part A: Optimal volume. A simple within-sample

comparison of LH-PCR electropherograms from 50-mi, 100-mi, and 250-mi sub-

samples experimental design was applied (see Figure 3.1). The experimental

treatment was the amount of water filtered and comparisons of LH-PCRs were made

among different volumes within each sample, rather than among samples. Assuming

the LH-PCR is a reasonably precise representation of the DNA fragment sizes in each

sub-sample, any differences in LH-PCRs from the same sample were due to the

treatment effect, as all other factors were constant. The experiment was repeated with

five 2-liter composite samples that were collected from a local creek on the same day.

To explore the potential for different results from different bacterial assemblages, we

added to each sample a unique combination of laboratory-grown Pseudomonas culture

(one bacterial ioop per sample), a gram of fresh bovine feces collected from a pasture

next to the lab in a sterile plastic sample container, and/or a small amount of stream

sediment kicked up during water sample collection (Table 3.1).



53

Table 3.1. The distribution of additional bacterial
sources among five samples collected from the same
creek on the same day for Part A, optimal volume
determination.

Sample Pseudomonas Bovine feces Stream sediment
A No No No
B Yes No No
C No Yes No
D Yes No Yes
E No Yes Yes

Duplicate i-liter samples were combined in a sterile 2-liter flask and shaken

vigorously for at least 3 minutes, then split into triplicate 50-mi, 100-mi, and 250-mi

filtrations, for nine filtrations per 2-liter composite sample. Three sterile distilled

water filtrations served as a negative control, establishing that the lab did not introduce

DNA into the samples. The total number of filtrations for the experiment was 48.

Regardless of DNA concentration, 3 ul of each DNA extraction was used as template

for the PCR. For the purpose of statistical analysis, the information from triplicate

LH-PCR eletropherograms was combined by counting the unique DNA fragment

lengths (or Operational Taxonomic Units), resulting in three DNA fingerprints per

sample: a 50-mi fingerprint, a 100-mi fingerprint, and a 250-mi fingerprint (Figure

3.1).

Previous research has demonstrated that LH-PCR can be an efficient, reliable,

and highly reproducible method for generating bacterial community DNA fingerprints

(6, 23). Therefore, we assumed that there would be no significant source of

measurement error associated with LH-PCR generation (beyond what triplicate
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fingerprints could capture) and differences among treatment groups were due to

treatment effects, which in this case is volume.

Experimental design part B: Optimal holding time and temperature. This

experiment was also a simple within-sample comparison of two treatment effects, the

number of days and the temperature at which GITC-preserved sample filtrations were

held. A 5-liter composite stream sample was collected from a local creek and divided

into 48 100-mI aliquots. Following membrane filtration, DNA was extracted from

triplicate aliquots, and served as the reference (time zero). The remaining 45

filtrations were divided into three holding temperature groups: freezer (-20°C),

refrigerator (4°C), and at room temperature (approximately 18°C). From each

temperature group, triplicate filtrations were held one, two, five, ten, and twenty days

before DNA was extracted. We quantified the DNA with PicoGreen assay and used 3

ng DNA (instead of volume as in Part A) (Figure 3.1). We assumed the LH-PCR has

very little measurement error associated with LH-PCR generation and differences

among treatment groups were due to treatment effects, which in this case was holding

time and holding temperature. This experiment was repeated three times (Holding 1,

Holding 2, and Holding 3).
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Figure 3.1. Flow chart describing data collection and experimental treatments for
Parts A & B.

Part A: Volume Determination Part B: Holding Time and Temperature
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RESULTS

Part A: Optimal volume filtration. The distribution of Operational

Taxonomic Units (OTUs) that were 313, 315, 317, 332, and 335 base pairs long was

similar among all five samples (A, B, C, D, and IF). Regardless of which additions
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were made to each sample, these fragments were predominant, comprising more than

half of the total fluorescence. Sample C and Sample E had in common the addition of

one gram of fresh cow feces and were the only samples with the 329 base pair

fragment. Samples B and D had in common the addition of live Pseudomonas culture

and were the only samples with 325 and 344 base pair fragments. Finally, samples D

and E had in common the 352 and 354 base pair fragments (Table 3.2).

Table 3.2. The distribution and total of unique fragment lengths (# base pairs) among
each treatment level (50-mi, 100 ml and 250-mi filtrations) was always highest in the
100 ml filtrations for samples A, B, C, D, and E.
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The total number of OTUs in each LH-PCR was considered the operational

taxonomic unit richness. Comparisons of OTU richness among treatments for each
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sample showed the 100 ml filtrations to consistently have the highest richness,

regardless of what was added to the sample (Figure 3.2).

Figure 3.2. A comparison of LH-PCR richness (number of unique
DNA fragment lengths in each LH-PCR) among 50-mi, 100-mi, and
250-mi treatments from five samples (A, B, C, D, and E).
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Using PC-ORD software (15), the null hypothesis of no difference among

treatments (sub-sample volumes) within each sample was tested with Multi-Response

Permutation Procedures (MRPP), which is a nonparametric method of testing group

differences, much like the parametric multivariate analysis of variance (MANOVA).

This allowed for a direct comparison of the composition of each LH-PCR, based on

the presence/absence of each OTU. We used Sorenson's distance measure because it

is less prone to exaggerate the influence of outliers, and has been recommended for

DNA-based community profiles (McCune, 2000).



The effect size was estimated by the chance-corrected within-group agreement

statistic, A, which describes within-group homogeneity, compared to the random

expectation. When all the items are identical within groups, A = 1 and p <0.05 (16,

17). A comparison of all five experimental groups defined by Sample (A, B, C, D, or

E) had A = 0.162, and p = 0.003, which indicates very little within-group agreement.

Thus, we rejected the null hypothesis of no difference in electropherogram richness

among sub-samples and suggest the volume of water filtered does make a difference in

the LH-PCR electrophero gram results.

Dufrene and Legendre's (1997) indicator species analysis was applied to

identify which OTU's were most effective in predicting group membership. This

method combines information on the concentration of unique TRF size abundance in a

particular group and the faithfulness of its occurrence in that group. A perfect

indicator of a group should be faithful to that group (always present), and it should be

exclusive to that group, never occurring in the other groups. Indicator Values range

from zero, meaning no indication, to 100, meaning a perfect indication; a TRF that

points to a particular group without error (16). There were no perfect indicators for

prediction of group affiliation by sample, the addition of cow feces, or the addition of

sediment. We did, however, find the 325 and 344 base pair fragment were perfect

indicators (IV > 98) for the addition of Pseudomonas culture.

Part B: Optimal holding time and temperature. A comparison of OTU

richness among holding times and temperatures for Holding Experiment 1 showed an

increased richness in frozen sub-samples, and a decline of richness in samples held on



the bench for more than one day. Refrigerated sub-samples were nearly identical to

the frozen samples and the reference sample, time zero (Figure 3.3).

Figure 3.3. Holding Experiment 1 comparisons of the number of unique
fragment sizes (richness) in each LH-PCR from sub-samples at the time of
filtration (time zero), and held in a freezer (-20°C), a refrigerator (4°C), and
on the lab bench (18°C) for 1, 2, 5, 10, and 20 days before DNA was
extracted.
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The results comparing OTU richness for Holding Experiment 2 and Holding

Experiment 3 had a similar pattern as the first experiment. The frozen sub-samples

retained the same OTU richness for the entire 20-day period in both experiments.

However, OTU richness declined slightly in the refrigerated sub-samples after just one

day in Holding Experiment 2 (Figure 3.4), and after five days in Holding Experiment

3 (Figure 3.5).



Figure 3.4. Holding Experiment 2 comparisons of the number of unique
fragment sizes (richness) in each LH-PCR from sub-samples at the time of
filtration (time zero), and held in a freezer (-20°C), a refrigerator (4°C), and on
the lab bench (18°C) for 1, 2, 5, 10, and 20 days before DNA was extracted.
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Fig 3.5. Holding Experiment 3 comparisons of the number of unique fragment
sizes (richness) in each LH-PCR from sub-samples at the time of filtration
(time zero), and held in a freezer (-20°C), a refrigerator (4°C), and on the lab
bench (18°C) for 1, 2, 5, 10, and 20 days before DNA was extracted.
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A two-way Analysis of Variance (ANOVA) was conducted for each

holding experiment to evaluate the sources of variation in OTU richness among

sub-samples, with temperature and days held as the main effects. In each case,

temperature was the significant source of variation (p< 0.05), regardless of the

number of days held (Table 3.3, Table 3.4, and Table 3.5).

Table 3.3. Holding Experiment 1 ANOVA of group differences in mean OTU
richness in each LH-PCR according to tw.o factors: Temperature: freezer (-
20°C), refrigerator (4°C), and lab bench (18°C); and the number of days held: 1,
2, 5, 10, and 20 days before DNA was extracted.
Source of Variation Sum of Squares df Mean Square F
Temperature Between Groups 2614.87 4 653.72 5.29

_j
0.01

Within Groups 1360.13 11 123.65

Total 3975.00 15

Days Held Between Groups 285.11 4 71.28 1.59 0.24

Within Groups 492.63 11 44.78

Total 777.75 15

Table 3.4. Holding Experiment 2 ANOVA of group differences in mean OTU
richness in each LH-PCR according to two factors: Temperature: freezer (-
20°C), refrigerator (4°C), and lab bench (18°C); and the number of days held: 1,
2, 5, 10, and 20 days before DNA was extracted.
Source of Variation Sum of Squares df Mean Square F p
Temperature Between Groups 3222.64 4 805.66 7.66 0.00

WithinGroups 1156.11 11 105.10

Total 4378.75 15

Days Held Between Groups 242.34 4 60.58 11.42 0.28

Within Groups 468.73 11 42.61

Total 711.08 15
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Table 3.5. Holding Experiment 3 ANOVA of group differences in mean OTU
richness in each LH-PCR according to two factors: Temperature: freezer (-20°C),
refrigerator (4°C), and lab bench (18°C); and the number of days held: 1, 2, 5, 10,
and 20 days before DNA was extracted.
Source of Variation Sum of Squares df Mean Square F p
Temperature Between 5897.48 4 1474.37 13.41 0.00
Groups 1209.76 11 109.98

Within Groups 7107.24 15

Days Held Between 302.48 4 75.62 3.21 0.08
Groups 259.33 11 23.57

Within Groups 561.81 15

DISCUSSION

Samples for the volume determination experiments were all collected from the

same site on the same day, and were augmented to explore the potential for different

results from different bacterial assemblages. The resulting electropherograms all had

the same background OTUs, with a few exceptions. These fragments were 313, 315,

332, and 335 base pairs long. The 325 and 344 base pair fragments were perfect

indicators of Pseudomonas additions, while there were no indicators for cow feces

additions or additional sediment. We believe this site, which is adjacent to an active

dairy pasture, already had some cow fecal bacteria and stream sediment bacteria in the

stream, but probably not Pseudomonas, a soil-born bacterium that was isolated and

cultured in our lab. While this result was not directly related to the study questions, it

provides evidence that LH-PCR can discriminate different bacterial assemblages.

Our results repeatedly show the 100 ml LH-PCRs with the highest number of

unique fragments (Operational Taxonomic Units), regardless of bacterial assemblage.



63

We expected to find an increase or no difference, rather than a decrease in sample

OTU richness from the 100 ml to the 250-mi filtration volumes, as more DNA was

captured in the higher volume. Other research has yielded similar results when

excessive amounts of DNA are used as template for the PCR. Whether a result of

organic compound inhibition of the DNA polymerase or annealing competition with

the primers, high concentrations of template DNA extracted from wastewater

treatment sludge had to be diluted up to 2500-fold before targeted nitrifying bacteria

could be detected (8). In addition, the 27F/338 primer pair used in this study have

been shown to have a bias toward a 1:1 concentration of final PCR products after 35

cycles, even when initial template DNA ratios were 1:4 (24), which is why we limited

the number of PCR cycles to 30.

Template DNA annealing bias and/or excess inhibitory organic compounds

from the 250-mi filtrations may have contributed to the observed reduction in OTU

richness. Unfortunately, this experiment was confounded by uneven amounts of

template DNA in each of extractions, and we were unable to separate the effects of

volume from the effects of template DNA concentration. Because we saw separation

among samples with Psuedomonas addition, we decided that 100-mi samples would

provide sufficient information for our subsequent field study (Chapter 4). We also

decided to quantify the sample DNA immediately following extraction and always add

3 ng per 50-uI PCR (rather than 3 ul) in Part B and for Chapter 4.

All three holding experiments found a significant difference in OTU richness

among temperature treatment effects. Specifically, those sub-samples held on the

bench showed a rapid decline in OTU richness, while the frozen, and to a lesser
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extent, the refrigerated samples retained most of the information for the entire 20-day

holding period. Apparently, the filtered samples held in GITC at room temperature

were subjected to more DNA-degrading conditions than were the samples held at a

lower temperature. The G1TC is a chaotropic buffer that serves to disrupt water bonds

(21), which should be a real impediment to enzyme activity, but apparently did not

halt it altogether.

CONCLUSIONS

While not addressing one of our research questions, we found that the 325 and

344 base pair fragments (Operational Taxonomic Units) were perfect indicators of

Pseudomonas addition. We believe the other additions made to the volume series,

fresh cow feces and stream sediment, had bacteria that were probably already in the

stream water samples which were collected from a creek near a dairy. Fragments

comprising greater than 25% of the total fluorescence (332 and 335 base pairs long)

remained in every electropherogram, regardless of sub-sample volume, and probably

reflect background bacteria in the stream water. This result supports the use of LH-

PCR analysis to evaluate genotypic differences among bacterial communities.

The 100-mi sub-samples yielded more information than the 50-mi or the 250-

ml sub-samples from stream water samples. We believe that OTU richness increased

from 50-ml to l00-ml filtration simply because more DNA was in the larger volume

and we added the same volume of DNA extract, regardless of concentration.

However, this trend did not hold true for the transition from 100-mi to 250 ml.

Instead, OTU richness decreased in the 250-mi samples. While our experimental
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design was confounded and we were unable to separate the effects of template DNA

concentration and the effects of volume, we were satisfied with the separation among

experimental additions and believe 100 ml samples would provide adequate

information for our subsequent field study. We also observed a marked decrease in

OTU richness for samples that were held at room temperature for more than 24 hours.

We attribute this observation to a higher degree of DNA degrading activity in the

warmer sub-samples and recommend that filtered samples held in GITC should be

transported on ice and kept frozen until DNA is extracted for further analysis.
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CHAPTER 4
EVALUATION OF RESPONSE VARIABILITY IN BACTERIAL COMMUNITYDNA

FiNGERPRiNTS AND FECAL SOURCE TRACKING AS INDICATORS OF STREAM
SANITARY AND ECOLOGICAL CONDiTION

Abstract. This study addressed several questions of response variability and

sampling error in two PCR-based ecological indicators, Terminal-Restriction

Fragment Length Polymorphisms and Bacteroidetes fecal source tracking markers, for

routine monitoring and assessment of water quality. We evaluated response

variability in these PCR-based indicators along several environmental conditions

gradients in streams: Heterotrophic bacterial density, fecal coliform density, stream

flow, turbidity, and land use category (forested, agriculture or urban). To assess

sampling error, we collected five or ten samples from 20 sites in the Willamette

Valley, Oregon. We found that a single one-liter water sample would have been

sufficient to assess the water quality using fecal coliform count, as the 95% confidence

interval for fecal coliform from each site included a range that was above or below the

Oregon maximum contaminant level of 126 colony-forming units per 100 ml in

recreational surface water. The Bacteroidetes markers were also remarkably precise.

With one exception, all the samples from any given site were in complete agreement

and either 100% positive or 100% negative for human and/or ruminant specific

Bacteroidetes, suggesting one sample would have been adequate. A high turbidity

scenario resulting in higher fecal pollution and lower bacterial species richness can

explain why decreased TRF richness was found to be strongly associated with high

fecal coliform density, turbidity, and human Bacteroidetes detection. We propose that



in times of increased turbidity, a disturbance in the bacterial community occurs,

reducing bacterial richness and increasing a few types of stress-resistant fecal and soil

bacteria.

Introduction. Rather than measure every parameter and pathogen of interest,

resource managers commonly rely on ecological indicators to assess the status of

natural environments. An ecological indicator is a measure, an index of measures, or a

model that characterizes an ecosystem or one of its critical components, and may

reflect biological, chemical or physical attributes of ecological condition. Ecological

indicators are primarily used to characterize an environment's status, to track or

predict significant change, and to identify major ecosystem stress (11, 20). In order to

adequately protect the ecological and sanitary condition of nation's surface waters, it

is important that we have a wide range of valid and reliable indicators to evaluate

different characteristics of water quality.

Public health officials have long recognized the utility of using coliform and

heterotrophic bacteria as indicator organisms to monitor water supplies for the

potential presence of pathogenic organisms (18). The Heterotrophic Plate Count

(HPC), formerly known as the Standard Plate Count, is a procedure for estimating the

number of viable heterotrophic bacteria in water and is commonly used to measure

efficacy of drinking water treatment and distribution systems. Fecal Coliform (FC)

bacteria are a subgroup of the heterotrophic bacteria and have been traditionally used

as indicators of fecal pollution, which has been long associated with gastrointestinal

pathogens in surface water (12, 45). In addition, we found these traditional public

health indicators correspond well to physical habitat and stream chemistry measures,
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suggesting bacteria may offer useful information about the ecological, as well as the

sanitary, condition of water (6, 8, 36).

Recently, researchers have explored several means of generating bacterial

community DNA "fingerprints" from mixed environmental samples. These

techniques generate a microbial community profile that discriminates among samples

based on differences in the length of DNA fragments, and differ in how the DNAs are

targeted, amplified, and sorted (43). In the case of T-RFLP, the fluorescently labeled

DNA fragments are digested by restriction enzymes following PCR amplification (29).

The terminal restriction fragments (TRFs) are then sorted according size by

electrophoresis on an acrylamide gel or capillary system with an automated DNA

sequencer and interpreted with Genescan software (34). Bacterial community T-

RFLPs are highly reproducible (15), have been used to characterize in situ bacterial

community structure in a number of environmental samples (29, 35; 43).

Finally, an important advancement in microbial source tracking for monitoring

stream water quality has been research with host-specific 1 6S rDNA PCR primers for

fecal members of the Bacteroidetes group (sometimes referred to as "Bac markers")

These non-coliform bacteria are abundant in feces, are restricted to an anaerobic

environment, and have coevolved with specific hosts. These characteristics suggest

this group may be an excellent candidate as a microbial source-tracking indicator of

fecal pollution. PCR markers have been developed that can reliably identify ruminant

and human feces in surface water based on differences in I 6S rRNA gene sequences

specific to each host (3, 4). This technology is currently being developed for routine
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water quality monitoring, and is a promising tool for the identification of non-point

sources of fecal pollution.

s Office of Research and Development has published several technical

guidelines for evaluating of the suitability of ecological indicators for environmental

monitoring and assessment programs (22, 26). The first consideration in the

development of a potential indicator is how well it conceptually relates to an

assessment question and whether it will provide useful information for resource

management decisions. In theory, DNA-based measures of in situ microbial

community structure, such as bacterial community DNA fingerprints and PCR

markers used in microbial source-tracking, may be well suited as indicators of the

sanitary and ecological condition of aquatic systems.

Changes in microbial community structure can be rapid, with succession

occurring in a matter of days, even hours, following a shift in environmental

conditions (16), and these changes in the microbial community structure may follow

specific types of pollution and anthropogenic stress. DNA analysis is relatively quick

and inexpensive, is more robust to longer holding times (7), can target a wider range

of bacteria than culture-dependant methods, and is based on genotypic rather than

phenotypic differences. These characteristics make DNA-based analyses a potentially

powerful tool for water quality monitoring and assessment.

In order to distinguish extraneous factors from true environmental signals,

ORD Guidelines address several issues around response variability. Establishing the

expected range of response variability is a critical step in the development of a valid

and reliable indicator. Total variability is composed of measurement enor that is
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introduced during field and laboratory activities, natural temporal and spatial

variation, and the influence of environmental stressors. While it may not be necessary

to address all the components of variability for specific monitoring purposes, it is

important to demonstrate to what degree the indicator can exhibit significantly

different responses at distinct points along a known environmental condition gradient,

such as bacterial abundance, the potential for certain types of non-point source

pollution, and stream flow (26).

So far, research with PCR-based measures to evaluate microbial communities

of natural environments often relies on a single grab sample per visit at each site,

offering a point estimate with no measure of response variability. When clone

libraries are constructed for DNA sequence analysis from well known microbial

community environments, such as the human mouth (24) and human gut (40), the

"sample size" is considered to be with the number of number of unique clones created

from a single sample. This practice is similar to what Hurlbert (1984) described as

"psuedoreplication" in the design of ecological field experiments, in which sub-

samples are treated as independent samples, artificially increasing sample size. In this

case, the sample is well sampled, not the environment. Soil environments are known

to exhibit heterogeneous distribution of bacterial groups. Yet even when several

samples are collected, they are combined to create a single composite sample (39, 14).

While this provides useful information about microbial community composition, the

question remains as to how much variability exists among samples and how well any

one sample represents the community.
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Purpose. The purpose of this research was to contribute to the development of

two PCR-based ecological indicators, T-RFLPs and Bac markers, for routine

monitoring and assessment of water quality. This study addressed several questions of

response variability in bacterial PCR-based indicators, as suggested by ORD

guidelines. First, the degree of measurement error associated with one operator and

one lab was documented. Given this measure of error, we considered whether a single

grab sample from a site is truly representative for assessments made with our PCR-

based indicators. Second, we used multiple linear regression to evaluate how much of

the variability in site estimates of bacterial richness can be explained by concurrently

measured environmental variables: HPC, FC, stream flow (measured in cubic feet per

second, cfs), turbidity (Formazin Turbidity Units, FTU), three Land Use Categories

(LUC), the amount of DNA extracted from each sample (ng/tl), and the presence of

human andlor ruminant specific Bacteroidetes. Third, we estimated of the odds of

detecting human and/or ruminant specific Bacteroidetes, given HPC, FC, stream

flow, turbidity, LUC, DNA yield, and bacterial richness, using a logistic regression

model and generating odds ratios. Finally, we assessed T-RPLP and Bac marker

variability directly using nonparametric multivariate statistics.

MATERIALS AND METHODS

Site description and sample collection. Twenty sites in the Wiflamette Valley

between Eugene and Salem were purposefully selected to offer a range of values for

stream flow (cubic feet per second, cfs) and turbidity within each Land Use Category

(LUC). During the spring and summer months of 2002, five or ten samples were
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collected at each site in sterile 1-liter containers mid-stream, and at 60% depth.

Stream flow was measured by the "neutrally-buoyant object procedure" in which

stream velocity is estimated by determining the average time it takes a neutrally

buoyant object (a fresh orange peel) to float 10 meters and the volume ofwater in the

channel is estimated by the average stream width and depth (28). The larger stream

flow rates (above 300 cfs) were estimated by USGS real time stream flow web site

(44). Turbidity was measured from each sample with a Hach DR/2000

spectrophotometer, reported in Formazin Turbidity Units (FTU), and detects a range

from 0-500 FTU. Rather than extrapolate the results to the entire Willamette Valley,

this sampling plan was designed to capture variability in community T-RFLPs and

Bac markers that can be associated with each other and with several possible

independent explanatory environmental condition gradients: Heterotrophic and Fecal

Coliform plate counts, turbidity, stream flow, DNA yield, and LUC (Tables 4.1 and

4.2).

Table 4.1: Summary of parameters of interest and the associated units of
measurement.

Parameter Units Measurement
Heterotrophic Plate Count
(HPC)
Fecal Coliform (FC)
Turbidity
Stream Flow
Land Use Category
Bacterial Community
T-RFLP
Bacterial Community
T-RFLP

CFU/100 ml

CFU/100 ml
FTU (Formazin Turbidity Unit)
Cubic feet/second (cfs)
FST, AG, or URB
Present/absent (1,0)
Eub27F/1492R
Chaol richness estimate

Viable heterotrophic bacterial
density
Fecal pollution
Suspended particle density
Stream discharge
Land use around stream
Uniqrie TRF lengths in each
sample
TRF richness at each site

General Bac Markers Present/absent (1,0) Fecal pollution
Ruminant Bac Markers Present/absent (1,0) Ruminant fecal pollution

CFI 28F/388R
Human Bac Markers Present/absent (1,0) Human fecal pollution

HFI 34F/388R
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Table 4.2. Site numbers, site locations, month and day of sampling, number of
samples collected, stream flow (cubic feet/second), turbidity (Formazin
Turbidity Unit) and Land Use Categories (LUC). Site 6 was omitted due to
missing data.
Site # Location date n cfs FTU LUC

I Oak Creek, near OSU Dairy farm 3/12 5 120 28 AG
2 Willamette River, Eugene at Valley River Center 3/18 5 11400 18 URB
3 Long Tom River, just south of Monroe 4/10 5 40 9 AG
4 Upper Oak Creek in MacDonald Forest 4/30 5 20 4 FST
5 Mary's River at Philomath 6/3 1 5 264 7 URB
7 Oliver Creek, West of Bellfountain 6/7 5 18 4 FST
8 Lower McKenzie at Coburg 6/20 5 3200 14 URB
9 Muddy Creek near Peoria 6/25 5 20 16 AG
10 Willamette River at Corvallis 6/26 5 1500 8 URB
11 Lower Thomas Creek, east of Scio 716 5 420 12 AG
12 Upper Thomas, off Thomas Creek road 7/7 5 30 3 FST
13 Ferguson Creek at Territorial 8/2 10 28 22 AG
14 Calapooia River at Albany 8/4 10 460 9 URB
15 Hammer Creek at Belifountain 8/6 10 40 28 AG
16 Bear Creek off Territorial 8/21 10 16 21 AG
17 Yamhill River at McMinnville 8/22 10 300 12 URB
18 Soap Creek off Tampica Road 8/23 10 24 26 AG
19 Luckiamute River at Hwy 99W 8/27 10 360 6 AG
20 Little Pudding River at Silverton (near Salem) 8/28 10 420 8 URB
21 Beaver Creek south of Philomath 8/29 10 30 24 AG

Three preconceived LUC prototypes were in mind and sites were sought that

most closely matched this preconception. There were three "forested" sites (FST), ten

livestock-associated sites (AG), and seven urban-associated streams (URB). The

forested sites (FST) were completely shaded in forested areas above any observable

major anthropogenic stressors, and had flow rates less than 100 cubic feet per second

(cfs). The livestock-associated sites (AG) were all partially shaded, in direct contact

with active pastures for livestock, and had flow rates from 20 420 cfs. The urban-

associated sites (URB) had flow rates that ranged from 300 cfs to 12,000 cfs, had

variable degrees of canopy cover, and ran directly through urban centers (Figure 4.1).
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Membrane filtration and plate count data. Heterotrophic Plate Counts

(HPC) and Fecal Coliform density (FC) from each sample were determined using

standard membrane filtration (1). A series of dilutions from each one-liter sample

were made to capture the optimal plate count of 20-80 colony forming units (CFU).

Three replicates of each dilution were filtered on a 0.45 m membrane filter and

incubated for 24 hrs at 35°C in Bacto rn-Plate agar for HPC and at 44.5°C in Bacto m-

FC broth for FC. The reported sample plate count was the arithmetic mean of three

replicate plate counts for the dilution that produced the optimal range of CFU. Three

negative control filtrations (sterile water) were included in each set of filtrations from

every site to confirm there was no contamination from rinse water, filtration

equipment or media. In addition, negative (sterile water) and positive (0.5 grams E.

coli culture/liter sterile water) control filtrations for each new batch of growth media

were done to ensure the growth plate results were free of bias caused by

contamination, and the media supported the targeted bacterial growth.

DNA extraction and quantification. Triplicate 100-ml aliquots from each

one-liter sample and three negative control samples (100 ml sterile DI water) were

filtered through a 0.22-urn pore size membrane filter and the filter was immediately

transferred to a sterile, 15-mi Falcon tube containing 0.5 ml SM Guanidine

Isothiocyanate (G1TC), a chaotropic buffer that acts as a DNA preservative (37).

Sample filters were held in G1TC for 2-7 days at -20°C prior to DNA extraction using

a Qiagen DNeasy kit. The Qiagen protocol for DNA extraction from bacterial cells

using a micro-centrifuge was used, with a second wash of Buffer AW2 (Qiagen). A

PicoGreen assay was used to quantify the DNA concentration (ng/uI) of each



extraction (Molecular Probes). Finally, the triplicate DNA extractions from each

sample were pooled and standardized to a concentration of 1.0 ng/ul, in order to make

high-throughput PCR possible and avoid variability due to differences in template

DNA concentration.

PCR. From each pooled DNA extraction sample, four PCR-based point

estimates were generated: General B acteroidetes presence, Human-specific

Bacteroidetes presence, Ruminant -specific Bacteroidetes presence, and a bacterial

community T-RFLP. Each 50-il PCR mixture contained 3 ng template DNA, 5 pA

lox buffer, 8 pA 0.4% Bovine Senim Albumin, 3 jil 25mM MgCl2, 2 t1 10mM dNTP,

1.25 units Taq polymerase, and 10iM each forward and reverse primers according to

the target DNA (Table 4.3).

Table 4.3. Sequences and targets for primers used in this study.
Primer Sequence (5'-3') Target

Bac 32F AACGCTAGCTACAGGCTT General Bacteroidetes forward
CF 128F CCAACYTTCCCGWTACTC Ruminant Bacteroidetes
HF 134F TGGCCAAGAGTAGACGGC Human Bacteroidetes forward
Bac 708R CAATCGGAGTTCTTCGTG Bacteroidetes reverse
Eub 27F (FAM- AGRGTTYGATYMTGGCTCAG General bacteria forward
Eub 1492R GGTTACCTTGfACGACTT General bacteria reverse

The general bacterial PCRs were run at 94°C for 3 minutes, then 30 cycles at

94°C for 90 seconds, 50°C for 90 seconds, and 72°C for 120 seconds, followed by a

final elongations temperature of 72°C for 10 minutes. The Bac marker PCRs were run

at 94°C for 3 minutes, then 35 cycles at 94°C for 90 seconds, 63°C for 90 seconds, and

72°C for 120 seconds, followed by a final elongation temperature of 72°C for 10
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minutes. PCR plates were then held at -80°C. Each 96-well PCR plate had three

negative controls in which distilled water replaced the template DNA, and three

positive controls in which a known primer-specific DNA sample served as the

template. Any discrepancies in these controls resulted in the entire plate being

discarded.

Restriction endonuclease digestion. The restriction endonucleases Hha I and

Hae III have been used in previous studies to generate T-RFLP's from the same

bacterial primers used in this study (9, 27). A pilot study revealed that Hha I was able

to discriminate between samples taken from the Willamette River, at Eugene and Oak

Creek in Corvallis much better than Hae III. Therefore, we chose Hha I. Three 20-il

aliquots of PCR products from each sample, amplified with FAM-labeled Eub

27F/1492R primers and standardized to 20 fmole4il, were digested with 10 units Hha

I according to the manufacturer's directions at 37°C for 3 hours prior to submission for

T-RFLP analysis.

T-RFLP generation and interpretation. Restriction digest products from

each PCR, standardized to 20 fmoles/jii, were analyzed at the Oregon State University

Central Services Lab with an ABI 3100 capillary DNA sequencer to resolve and

analyze the fluorescently labeled DNA fragments (34). An internal size standard

GeneScan ROX 2500, was loaded into each lane (one lane per aliquot). Fragment

sizes were estimated by using the Local Southern Method with GeneScan® software

(2) generating three replicate community T-RFLPs for each sample.

Community ecologists have been quick to point out the limitations of using a

T-RFLP, or any other PCR-based community fingerprint, to evaluate TRF (or DNA



fragment) proportions as measures of taxonomic evenness in the natural community

because there is an unknown potential for bias during DNA amplification (19, 30, 42).

For example, a fragment that comprises 50% of the total fluorescence in a T-RFLP

may not comprise anywhere near 50% of the original template DNA (17). Therefore,

until the bias associated with PCR has been resolved, we recommend ignoring relative

abundance and treating the PCR-based community fingerprint, such as T-RFLP, as a

"presence-absence" data set for each unique fragment size, which we defined as

having differences in length of one or more base pairs. We summarized each set of

triplicate T-RFLPs as a binary data set, and the presence of all the unique fragments in

triplicate T-RFLPs were reduced to one more precise T-RFLP for each sample. We

believe this a more biologically sound interpretation of the T-RFLP given our cunent

understanding of this technology, and it reduced the overwhelming influence that a

few dominant fragments had on the multivariate analysis (32).

Site TRF richness estimate (Chaol). For the purposes of this study, the

uniquely sized Terminal Restriction Fragments (TRF5) of the T-RFLP were treated as

operational taxonomic units, and the TRF richness of the microbial community for

each site was summarized with the Chao 1 estimator. This nonparametric estimator

was adapted from mark-release-recapture statistics and measures the proportion of

new "captures" or new TRFs in each successive sample taken from the same site (19).

Chaol estimates TRF richness as:

SchaolSobs + (nl)2/2(n2)

where S0b is the number of observed TRFs, n1 is the number of TRFs captured

once, and n2 is the number of TRFs captured twice. Because the true TRF richness at



any sight is unknown, the degree of bias associated with Chao 1 estimation is also

unknown. However, we assumed the bias of Chaol richness estimation does not

differ so radically among communities that it disrupted the relative order among the

site comparisons.

The precision of Chao 1 was calculated with a closed-form solution for

variance: Var (Schaol) = n2[(m4 /4)+(m3)+(m2/2)j, where m = nl/n2

RESULTS

Confidence intervals. To assess measurement error associated with one

operator and one lab, confidence intervals were calculated for HPC, FC, DNA yield,

both Bac markers, and Chaol estimates for each site. Confidence intervals for HPC

and FC are shown in Table 3 according to LUC, site number, stream flow, turbidity,

and the number of grab samples taken. For example, Site 1 was an AG site with a

relatively low flow of 120 cfs, and was relatively high in turbidity (28 FTU). Five

grab samples from this site yielded a 95% confidence interval of 99,133.2 HPC/100 ml

plus or minus 7,131.7 HPC/100 ml. All the samples from each site were either above

or below the Oregon recreational water standard of 126 cfu/ 100 ml for fecal coliform

(33), suggesting that one grab sample per site would suffice for this parameter,

provided adequate dilutions are made to capture the optimal plate count. Furthermore,

all but one of the AG sites (site 3) had FC measures above the Oregon standard, while

all of the URB sites were below the Oregon standard (Table 4.4).



Table 4.4. Confidence Intervals (+1- spread around mean) for Heterotrophic Plate
Count and Fecal Coliforms according to Land Use Category (LUC), site number,
stream flow (cubic feet/second), turbidity (Formazin Turbidity Unit), and the
number of one liter water samples collected at each site (n). Fecal Coliform
counts above the Oregon standard of 126 FC CFU/100 ml are highlighted in red.

HPC CFU/100 ml FC CFU 100 ml
LUC site cfs FTU n mean 95% CI mean 95% CI

Forested 4 20 4 5 4066.0 +1- 316.5 25.1 +1- 3.2
7 18 4 5 8293.3 +1-374.0 231.6 +/-27.3
12 30 3 5 14433.3 +1- 3330.7 93.3 +1- 12.1

Grand Mean 8930.9 116.7
Agriculture 1 120 28 5 99133.2 +1- 7131.7 386.0 +1- 66.8

3 40 9 5 23600.0 +1- 3184.0 33.5 +1- 6.4
6 64 12 5 17513.3 +1- 3830.0 271.3 +1-41.9
9 20 16 5 67133.3 +1- 4316.5 345.0 +/-53.8
11 420 12 5 38733.3 +1-5318.9 155.3 +1-25.8
13 28 22 10 68566.7 +1- 2621.7 165.3 +/- 12.1
15 40 28 10 112970.5 +1- 6355.2 392.0 +1- 23.3
16 16 21 10 68033.3 +1- 2576.5 185.7 1- 14.2
18 24 26 10 112200.0 +1-6134.0 378.3 +1-40.3
19 360 6 10 39600.0 +1- 3436.6 439.7 +/- 25.8
21 30 24 10 79866.7 +/-6163.8 440.3 +/-22.5

Grand Mean 72735.1 319.2
Urban 2 11400 18 5 10866.7 +1-4519.9 1 30.7 +1- 11.5

5 264 7 5 17933.3 +1- 3060.6 41.4 +1- 2.3
8 3200 14 5 40600.0 +1- 9737.6 36.3 +1- 22.2
10 1500 8 5 49200.0 +/-4346.1 105.0 +1-4.2
14 460 9 10 65166.7 +/-6590.7 58.1 +1-7.6
17 300 12 10 18766.7 +/- 1940.5 28.8 +1- 1.9
20 420 810 ............ 18940.0 ±1- 122.4 27 .1 +1

Grand Mean 31639.1 46.8

Confidence intervals for DNA yields, Chaol richness estimates of T-RFLPs,

and the proportion of sample positive for each Bacteroidetes marker at each site are

shown in Table 4.5. The RF sites have the lowest richness estimates, and there was a

wider range in richness estimates among AG sites than among URB sites. The highest

richness estimates were taken from sites that were sampled early in the season, while

there were occasional rain storms, and sites sampled late in the season when the water



was moving much slower though the channels, notably warmer, and prone to increases

in phototropic microorganisms.

Table 4.5. Confidence Intervals (+1- spread around mean) for DNA yields and Chaol
richness estimate of T-RFLPs, and the proportion (p) of positive Bacteroidetes
markers at each site, according to Land Use Category (LUC), stream flow (cubic
feet/second), and turbidity (Formazin Turbidity Unit), and the number of one liter
water samples collected at each site (n).

TRF richness Bac- CF- HF- DNA Yield
Independent Environmental Variables Chao 1 32F 128F ]34F ng/ul

LUC site cfs FTU n mean 95%CI p mean 95% Cl
Forested 4 20 4 5 8.9 +1- 0.99 1.0 1.0 1.0 2.41 +1- 1.17

7 18 4 5 2.0 +1- 0.03 1.0 1.0 0.0 0.19 +1- 0.10
12 30 3 5 5.0 +1- 0.08 1.0 0.0 0.0 0.11 +1- 0.07

Agriculture 1 120 28 5 22.1 +1- 1.95 1.0 1.0 0.0 1.82 +/-0.21
3 40 9 5 12.2 +1- 0.54 1.0 0.0 1.0 2.14 +1- 0.92
9 20 16 5 15.7 +/-0.97 1.0 1.0 1.0 0.62 +/-0.09
11 420 12 5 12.1 +1- 1.13 1.0 0.0 1.0 0.44 +1- 0.09
13 28 22 10 9.3 +1- 0.36 1.0 1.0 1.0 1.06 +1- 0.08
15 40 28 10 8.0 +1- 0.03 1.0 1.0 0.0 6.06 +1- 0.19
16 16 21 10 12.1 +1- 0.85 1.0 1.0 1.0 5.64 +1- 0.21
18 24 26 10 7.4 +1-0.41 1.0 1.0 1.0 6.05 +/-0.21
19 360 6 10 23.0 +1- 0.11 1.0 1.0 0.0 4.45 +1- 0.43
21 30 24 10 30.7 +1- 0.59 1.0 1.0 0.0 6.39 +1- 0.36

Urban 2 11400 18 5 18.3 +1- 0.66 1.0 0.0 1.0 2.09 +1- 0.61
5 264 7 5 14.2 +1- 0.49 1.0 0.0 1.0 1.99 +1- 0.42
8 3200 14 5 10.1 +1- 0.29 1.0 0.4 0.0 2.70 +1- 0.42
10 1500 8 5 12.1 +/-0.26 1.0 1.0 0.0 2.61 +/-0.42
14 460 9 10 14.6 +1-0.75 1.0 0.0 1.0 2.39 -i-I- 0.16
17 300 12 10 16.0 +1-0.19 1.0 0.0 1.0 2.37 +1-0.11
20 420 8 10 25.4 +1-0.43 1.0 0.0 0.0 2.85 +/-0.33

Sixty percent of the 145 samples were positive for the ruminant-specific

Bacteroidetes (CF-128F), and 62% of the samples were positive for the human-

specific Bacteroidetes (HF-i 34F). The test results were remarkably consistent in

detecting or failing to detect the targeted Bacteroidetes among samples at any given

site. With only one exception (site 8 CF-128F marker), there was no discrepancy in



Bac marker results among samples taken from the same site (100% or 0% were

positive). There were, however, a few discrepancies in the results among replicate

PCRs from the same sample. If any one of the three replicates were positive, the

sample was deemed positive. These findings support the practice of using a single

grab sample for detecting the targeted Bacteroidetes bacteria at any given site,

provided there is sufficient replication (Table 4.5).

The index of dispersion (I) is a two-tailed chi-squared test statistic that

evaluates the pattern of distribution of organisms in a geographical area by the

relationship of the variance to the mean. For the theoretical Poison distribution, the

variance equals the mean, so the expected value of the index of dispersion is one (null

hypothesis), indicating a random distribution of organisms. If the organisms are

uniformly spaced, the variance will be much less than the mean, and the index of

dispersion will be close to zero. If the organisms are aggregated, the observed

variance will be greater than the mean, and the index of dispersion will be much larger

than 1.0 (23, 46).

The dispersion of HPC, FC and unique TRFs (richness) was calculated for

each site to determine the distribution of heterotrophic bacteria, fecal coliform

bacteria, and unique TRFs in the midstream channel at each site. The 95% confidence

null values for the chi-squared (X2) decision rule for samples size of five is (13 >X2

>2.5), and sample size of ten is (20 >X2 >3). Chi-square values in this range indicate a

random dispersion pattern. An observed chi-square above the null range indicates a

statistically significant aggregated distribution, and a chi-squared value below the

range indicates a statistically significant uniform distribution. The heterotrophic



bacteria at every site and fecal coliform bacteria in 8 of 20 sites were significantly

aggregated, while Chaol richness estimates indicate that TRFs were significantly

uniformly distributed at every site (Table 4.6).

Table 4.6. indices of dispersion (I) for heterotrophic bacteria (HPC), fecal coliform
bacteria (FC), and unique terminal restriction fragment lengths (Chao 1) based on
the number of liter water samples collected from each site (n). The null values for
chi-squared (X2) decision rule when n = 5 is (13 >X2 >2.5), and when n =10, is (20
>X2 >3). Chi-squared values indicating aggregated samples are highlighted in red,
and chi-squared values indicating random samples are highlighted in blue.
Land Use HPC FC Chaol
Category Site n I I X2 I X2

Forested 4 5 16.0 64.0 0.3 Li 0.07 0.29
7 5 10.9 43.3 2.1 8.4 0.00 0.00
12 5 498.7 1994.8 1.0 4.1 0.00 0.00

Agriculture 1 5 332.9 1331.6 7.5 30.0 0.11 0.45
3 5 278.7 1114.9 : 0.8 3.2 0.02 0.06
9 5 180.1 720.3

:
5.4 21.7 0.04 0.16

11 5 473.9 1895.5
:

2.8 ILl 0.07 0.27
13 10 195.9 1763.3 1.7 15.6 0.03 0.25
15 10 698.7 6288.4 2.7 24.4 0.00 0.00
16 10 190.7 1716.4 2.1 19.2 0.12 1.04
18 10 655.4 5898.6 8.4 75.7 0.04 0.40
19 10 582.9 5245.7 3.0 26.7 0.00 0.01
21 10 13.0 117.3 19.9 178,7 0.02 0.20

Urban 2 5 1219.8 4879.1 2.8 11.0 0.02 0.06
5 5 338.8 1355.3 0.1 0.4 0.01 0.04
8 5 1515.3 6061.3 8.8 35.3 0.01 0.02
10 5 249.1 996.4 0.1 0.4 0.00 0.01
14 10 929.7 8367.4 2.2 20.2 0.07 0.67
17 10 392.1 3529.3 0.3 2.3 0.00 0.00
20 10 154.7 1392.3 1.5 13.8 0.01 0.13

Variability in site TRF richness estimate (Chao 1). A multiple linear

regression model was used to determine the amount of variability in site TRF richness

(Chao 1) that can be explained by several environmental variables. In order to ensure

an appropriate and valid solution with multiple linear regressions, the data were
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screened to check for influential outliers, violations in the assumptions of normality

and linearity, and problems with multicollinearity among the explanatory variables

(38). Frequency histograms and Mahalanobis's D statistics exposed no influential

outliers in the data set. Scatter plots of Chao 1 versus each explanatory variable

revealed a need for log transformations of HPC and FC data to remove skew and meet

the assumption of linearity. Normal P-plots offered no evidence of significant

deviations from normality in the distribution of Chaol. Statistically significant (p <

0.051) Pearson correlation coefficients were all less than r = 0.9, and the Tolerance

statistics were all less than 1.0, suggesting no problems with multicollinearity.

Stepwise multiple linear regression was used to find the best subset of eight

independent environmental parameters measured from 145 samples: The date the

sample was collected (date), the estimated stream flow (cubic feet/second), turbidity

(FTU), type of land use category (forested, agriculture, or urban), Log HPC, Log FC,

DNA yield (ng/uI), and the presence or absence of ruminant and human-specific

Bacteroidetes. The significant explanatory variables in the final regression model

were: Human Bacteroidetes (HF-134F), forested site (FST), Log HPC, turbidity

(FTU), urban site (URB), Ruminant Bacteroidetes (CF-128F), and whether a sample

was above 126 colony forming units (cfu)/ 100 ml for fecal coliform (FC Standard),

and the adjusted R2 = 0.703. Most of the variability in this model is explained by the

presence of Human Bac and forested site affiliation, with a cumulative adjusted R2

change = 0.5 13 (Table 4.7).



Table 4.7. Change statistics for coefficients of determination (R) for the
stepwise regression model corresponding to the addition of each explanatory
variable, Human Bac (HF-134F), forested site (FST), Log HPC, turbidity
(FTU), urban site (URB), Ruminant Bac (CF-128F), and whether a sample
was above 126 cfu/ 100 ml for fecal coliform (FC Standard).
Model Parameters R R Adj. R F Change SE
HF-134F 0.518 0.269 0.263 52.51 6.57
HF.-134F, FST 0.721 0.520 0.513 74.48 5.34
HF-134F, FST, Log HPC 0.756 0.57 1 0.562 16.62 5.06
HF-134F, FST, Log HPC, FTU 0.784 0.614 0.603 15.69 4.82
HRI34F, FST, Log HPC, FTU, URB 0.805 0.648 0.635 13.37 4.62
HF-134F, FST, Log HPC, FTU, URB, CF.-128F 0.838 0.703 0.676 18.31 4.35
HF-134F, FST, Log HPC, FTU, URB, CF- 0.848 0.720 0.703 8.35 4.16
128F, FC Standard

The regression coefficients (Beta) associated with each of the explanatory

variables describe the slope as a function when other explanatory variables are held

constant. Save turbidity, all seven explanatory variables had a negative association

with Chaol richness. An increase in turbidity, the absence of ruminant and human

specific Bacteroidetes, not belonging to urban or forested land use categories, and

having a fecal coliform below 126 FC/lOOmI were all statistically significantly

associated with increases in Chaol estimates of site TRF richness (Table 4.8)
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Table 4.8. Beta-weight coefficients for each independent variable, (Human
Bac (HF-134F), site (FST), Log HPC, turbidity (Formazin Turbidity Unit),
urban site (URB), Ruminant Bac (CF-128F), and whether a sample was above
126 cfu/ 100 ml for fecal coliform (FC Standard), for the stepwise regression
model and corresponding t-statistics and p-values.
Model Beta (f3) t statistic p-value
Intercept 143.12 9.22 0.000
+1- Human Bacteroidetes (HF-134F) -8.19 -10.06 0.000
+1- Forested site -29.16 -13.98 0.000
Heterotrophic Plate Count (Log HPC) -31.92 -8.13 0.000
Turbidity (FTU) 0.69 4.38 0.000
+1- Urban site -6.21 -5.67 0.000
+1- Ruminant Bacteroidetes -3.91 -3.45 0.001
+1- Above 126 cfu/ 100 ml (FC Standard) -6.40 -2.89 0.004
Dependant variable: Chaol richness estimate

Bac marker odds ratios. Logistic regression was used to describe how the

probability of detecting ruminant -specific or human-specific Bacteroidetes was

associated with a set of explanatory variables: the month the sample was taken

(month), turbidity (FTU), stream flow (cfs), which Land Use Category for the site

(FST, AG, URB), site TRF richness (Chaol), DNA yield (ng/ul), and whether fecal

coliform counts were above or below the Oregon recreational water standard of 126

CFU/100 ml (FC standard).

The logistic regression model with ruminant -specific Bacteroidetes (CF-128F)

presence as the dependant variable was created using a forward stepwise method of

entering explanatory variables. Statistically significant regression coefficients, as

determined with Wald's test statistic, were associated with four explanatory variables:

the month a sample was taken, turbidity (FTU), and urban site affiliation (Table 4.9).



Table 4.9. Logistic regression coefficients (3) associated with three
explanatory variables, date of sampling, turbidity (FTU), urban site
category and corresponding test statistics. The dependant variable was
ruminant -specific Bacteroidetes markers (CF-I 28F).

S.E. Wald's df p Exp(i)
Constant 6.12 1.88 10.54 1 0.001 452.57
Date of Sampling -0.76 0.27 8.13 1 0.004 0.465
Turbidity (FTU) 0.20 0.05 18.49 1 0.000 1.221
Urban site -2.58 0.74 12.13 1 0.000 0.076

Because the logistic coefficient (f3) is a log-odds function, it must be

exponentiated to be interpreted, and odds ratios can be calculated by comparing the

odds of response outcome given two values of an explanatory variable. For example, a

sample collected in March was 45.8 times more likely to be positive for CF-128F than

a sample collected in August. This odds ratio is calculated by:

March'August = exp(3*AB) = exp[0.765*(38)] = 45.8

and the 95% confidence interval was calculated by: mean odds plus or minus

exp(1.96*SE). Using the same function, a sample with a turbidity of 28 FTU was 56.4

times more likely to be positive for CF-128F than a sample with a turbidity of 8 FTU,

and a sample that is not collected from an urban site was 13.2 times more likely to be

positive for CF-l28F than a sample collected from an urban site (Table 4.10).

Table 4.10. Odds ratios and 95% confidence intervals of
for detecting ruminant-specific Bacteroidetes (CF128))
given comparisons of turbidity (FTU) and urban site
affiliation.

Comparison Lower Mean Upper
March vs. August 45.2 45.8 46.3
28 FTU vs. 8 FTU 55.5 56.4 57.3
- URB vs. + URB 11.7 13.2 14.7



The logistic regression model with the human-specific Bacteroidetes marker

(HF-134F) as the dependant variable had statistically significant covariate slopes

() associated with forested site affiliation and Chaol richness (Table 4.11).

Table 4.11. Logistic regression coefficients (3) associated with two
explanatory variables, forested site category and site TRF richness
(Chao 1), and corresponding test statistics. The dependant variable
was human -specific Bacteroidetes (HF-I 34F).

S.E. Wald's df p Exp(13)

Intercept 5.02 0.75 44,68 1 0.000 151.92
Forested site -4.36 0.81 28.83 1 0.000 0.01
Chaol -0.28 0.05 38.52 1 0.000 0.76

Chao 1 richness estimates also had a negative association with human-specific

Bacteroidetes detection. A sample from a site with a Chaol estimate of 5 TRFs will

be 254.7 times more likely to be positive for HF-134F than a sample from a site with a

Chaol estimate of 25 TRFs and the odds of detecting HF-134F was 77.9 times more

likely to be found in a sample that was not from a forested site (Table 4.12).

Table 4.12. Odds ratios and 95% confidence intervals of for
detecting human-specific Bacteroidetes (HF-134F) given
comparisons of site richness (# TRFs) and forested site
affiliation.

Comparison Lower Mean Upper
5 TRFs vs. 25 TRFs 253.9 254.7 255.5
- FST vs. +FST 76.3 77.9 79.5

Non-metric multidimensional scaling (NMS). Variability among the T-

RFLPs, Bac markers and environmental parameters was directly assessed with
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Nonmetric Multidimensional Scaling (NMS) using PC-ORD software (31), version 4,

which uses the algorithm described by Kruskal (1964). Based on ranked distances

from an iterative optimization procedure, samples from the original 82-dimensional

TRF space were reduced into a 3-D ordination space, using Sorenson's distance

measure and a random starting configuration.

The optimal number of dimensions, or axes, that are required to explain a

sufficient proportion of variance was chosen to optimize interpretability (fewer axes),

while reducing "stress", which is a measure of the "departure from monotonicity in the

relationship between dissimilarity in the original p-dimensional space and the reduced

k-dimensional space." In layman's terms, "stress" is a measure of error associated

with best statistical representation of the original data matrix (5). Most ecological

community data sets will have the best solution with stress between 10 and 25, and the

lower end being a "quite satisfactory" representation of the original data (32).

Instability is calculated as the standard deviation in stress over the proceeding 10

iterations. If the instability is less than the cutoff value, iterations are stopped and the

solution is considered final (32).

The autopilot option was selected to the "slow and thorough" level for all

ordinations, with an instability cutoff at 0.0001. After 400 iterations, the final

three-dimensional solution had a minimum stress of 11.05, and an instability

statistic equal to 0.00001. Monte Carlo tests were run to confirm that the results

were significantly better than would be obtained from randomized data (Table

4.13).



92

Table 4.13. Stress in relation to dimensionality (number of axes) for real data and
randomized data (Monte Carlo simulation), where p = proportion of randomized
runs with stress less than or equal to observed stress.

Stress in real data
40 run(s)

Stress in randomized data,
Monte Carlo test, 50 runs

axes minimum mean maximum minimum mean maximum p

1 34.057 50.063 57.338 50.371 54.682 58.142 0.0196
2 18.530 20.134 22.449 32.116 34.834 41.941 0.0196
3 11.050 11.234 11.942 23.447 25.859 33.886 0.0196
4 7.862 7.960 8.169 18.519 21.092 43.025 0.0196
5 6.247 6.318 6.572 15.213 18.012 33.758 0.0196
6 5.219 5.311 5.564 12.998 16.037 61.037 0.0196

The proportion of the variance explained by each axis, and the cumulative

variance explained with the addition of each axis to the final solution was determined

by calculating the coefficients of determination (R2) between the distances in the

original 82-dimensional TRF space and the reduced 3-dimensional ordination space

(Table 4.14). The final 3-dimensional solution represents 85.2% of the variation in the

original 82-dimensional distance matrix. The first axis contributed the most to the

solution (R2 0.479), followed by the third axis (R2 = 0.190), then the second axis (R2

= 0.182).

Table 4.14. Coefficients of determination (R2)

explaining the amount of variance explained by each
axis and the cumulative variance for the final solution.

Axis R2 Increment R2 Cumulative
1 0.479 0.479
2 0.182 0.662
3 0.190 0.852

Pearson correlation coefficients (r) were determined to explain the association

of 82 TRFs with three ordination axes. Nineteen TRFs had correlation coefficients r
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>0.6 or r <-0.6 with at least one axis were considered highly correlated. As indicated

by the low stress and instability statistics, the ordination was considered a good

representation of the data, and the subsequent Pearson correlation coefficients are

considered valid. TRFs with 78 base pairs and 86 base pairs had a highly negative

correlation with the first axis, 364 base pair TRFs were highly negatively correlated

with the second axis, and 204 base pair TRFs were highly negatively correlated with

the third axis. Axis 2 and 3 were somewhat redundant in that several TRF sizes were

highly positively correlated with both axes: 181, 268, 270, 272, 296, 298, 300, 302,

306, 310, 331, and 335 base pairs (Table 4.15).

Table 4.15. Pearson correlations of TRFs with ordination axes. Nineteen of 82
TRFs had correlation coefficients r >0.6 (blue highlighted) or r <-0.6 (red
highlighted) with at least one axis.

TRF size
base pairs

Axis 1

r r-sg

Axis 2

r r-sq

Axis 3

r r-sq

78 -.629 .396 .067 .004 -.444 .198

86 -.744 .554 .004 .000 -.311 .097

165 .476 .226 .596 .355 .728 .531

181 .500 .250 .621 .386 .760 .577

204 -.073 .005 -.189 .036 -.817 .668

268 .500 .250 .621 .386 .760 .577

270 .481 .232 .610 .372 .739 .546

272 .500 .250 .621 .386 .760 .577

296 .500 .250 .621 .386 .760 .577

298 .484 .235 .59! .349 .728 .529

300 .500 .250 .621 .386 .760 .577

302 .500 .250 .621 .386 .760 .577

306 .491 .241 .610 .372 .743 .552

310 .503 .253 .609 .371 .757 .573

326 .533 .284 .484 .234 .809 .654

329 .572 .328 .473 .224 .808 .653

331 .492 .243 .607 .368 .743 .552

335 .500 .250 .621 .386 .760 .577

364 -.265 .070 -.695 .482 -.504 .254
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Pearson correlation coefficients were calculation to evaluate the association of

six continuous environmental variables in the secondary matrix (Date of sampling,

stream flow, turbidity, HPC, FC, Chaol), with each ordination axis. Environmental

variables associated with r < -0.5 or r >0.5 with at least one axis were considered

highly correlated. Graphic overlays of four categorical environmental variables in the

secondary data matrix (LUC, FC standard, human and ruminant -specific

Bacteroidetes presence) were used to display the distribution of samples in ordination

space, labeled by each category (5, 31, 42).

The date a sample was collected was highly positively correlated with axis 1,

which indicates T-RFLPs from samples collected later in the season were more

distributed toward the positive end of axis one. The turbidity (ETU) and HPC were

negatively associated with axis 3, and Chaol richness was positively associated with

axes 2 and 3. Stream flow and FC were not highly correlated with any axis (Table

4.16). These results were consistent with the results from multiple regression model.

Table 4.16. Pearson correlation coefficients for each continuous environmental
variable and ordination axis. Correlation coefficients r <0.5 or r >0.5 with at least
one axis are highlighted (blue positive, red negative).

Environmental
Variable

Axis 1
r r-sg

Axis 2
r r-sg

Axis 3
r r-sg

Date .652 .425 .186 .034 .033 .001
cfs -.272 .074 -.181 .033 -.069 .005

FTU .103 .011 -.006 .000 -.503 .253
HPC .082 .007 -.099 .010 -.538 .290
PC .198 .039 -.035 .001 .067 .004

Chaol .307 .094 .596 .355 .564 .318
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There were 82 TRFs among 145 samples and 19 TRFs were highly correlated

with at least one ordination axis. Twenty-five TRFs were found in less than 5 samples

and only 10 TRFs were found in more than 30 samples. The most abundant TRF was

204 base pairs long and was found in 88 samples (Figure 4.2).

Figure 4.2. The distribution of 82 unique Terminal Restriction Fragments (TRFs)
among 145 samples. Labeled are those TRFs with a Pearson correlation coefficient
of r < -0.5 or r>0.5.

The overlay of axes 1 and 2 rotated by LUC shows a good separation of each

category along the first axis, especially between forested and urban sites. Agriculture

and urban sites show some overlap along the fist axis, and none of the categories are

separated along the second axis (Figure 4.3).



Figure 4.3. Overlay of Land Use Category on data points along axis
I and axis 2 of NMS ordination, showing good LUC delineation
along axis 1.
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An overlay of HF-134F results along NMS axes 1 and 3, rotated by HF-

134F, shows a strong separation along the third axis. Vector overlays of

continuous variables visually display the positive correlation of Chaol and

negative association of HPC and FTU with Axis 3, and a positive correlation of

Date with Axis 1. As did turbidity and HPC, human Bacteroidetes presence

appears to have a negative association with axis 3. Samples positive for human

Bacteroidetes may lack TRF sizes that are positively correlated with axis 3 (Figure

4.4). Subsequent Indicator Analysis will more accurately assess which TRFs, if
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any, are good predictors of LUC, human Bacteroidetes presence, and ruminant

Bacteroidetes presence.

Figure 4.4. Overlay of HF-134F negative (0) and positive (1) results
for data points along axis 1 and axis 3 of NMS ordination, and vectors
depicting the relationship of Chao 1, date, FTU, and HPC to the
ordination axes.
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TRF Indicator Analysis. In place of generating Pearson correlation

coefficients with each axis in ordination space, the relationship between the four

categorical environmental variables (LUC, FC-standard, ruminant and human-specific

Bacteroidetes) and TRF occurrence can be described with Dufrene and Legendre' s

(1997) method of calculating species Indicator Values (IV), replacing unique TRF

sizes for the species unit. This method combines information on the concentration of
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unique TRF size abundance in a particular group and the faithfulness of its occurrence

in that group. A perfect indicator of a group should be faithful to that group (always

present), and it should be exclusive to that group, never occurring in the other groups.

hidicator Values range from zero, meaning no indication, to 100, meaning a perfect

indication; a TRF that points to a particular group without error (32). For example, a

particular TRF size that always occurs in samples positive for human Bacteroidetes

and never occurs in negative samples would be a perfect indicator for human

Bacteroidetes in the DNA fingerprints.

PC-ORD software was used to generate TVs for the 82 TRF sizes observed in

145 samples. A Monte Carlo test, with 1000 randomizations, was used to evaluate the

statistical significance of the indicator values, where p equals the proportion of

random trials in which the randomly generated indicator value exceeds the observed

(32). No statistically significant IVs above 50.0 were found for the FC-standard

category, or for the CF128F category. The 97 base pair TRF had a statistically

significant IV of 53.7 and was exclusive to AG samples, not occurring in FST or URB

sites. However, it was not faithful, occurring in only 54% of the AG samples. The

364 and 366 base pair TRFs had very similar IVs (56.5 and 55.6 respectively) for

URB samples and were not exclusive, but much more frequent in the URB sites. The

364 base pair TRF occurred in 74% of the URB samples and the 366 base pair TRF

occurred in 48% of the URB samples (Table 4.17).

Fifteen TRF sizes had statistically significant IVs above 50.0 and were

exclusive, but not faithful, to the samples positive for HF-134F. Fourteen of these

TRFs occurred in 50% to 55% of the positive HF-134F samples, and the 326 base pair
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TRF occurred in 72% of the positive HF-134F samples. Further analysis of the data set

revealed that the 181 base pair TRF and the 326 base pair TRF combined occurred,

often in the same profile, in 100% of the samples positive for human-specific

Bacteroidetes. The remaining TRFs exclusive to samples positive for human

Bacteroidetes occurred exclusively and faithfully in samples collected from sites 16,

17, and 18.

Table 4.17. Three Indicator Values (TV) above 50.0 evaluating which unique
size TRFs indicates sample membership to agriculture LUC, and urban LUC
and 14 IVs over 50.0 for TRFs exclusive to at least 50% HF-l34F positive
samples. The 181 and/or 326 base pair TRFs are in 100% HF-128F positive
samples. Monte Carlo tests of significance were based on 1000 randomizations.
The p-value is based on the proportion of randomized trials with an TV equal to
or exceeding the observed IV.

IVs from Monte Carlo random groups
TRF size

Environmental Category (base pairs) Observed IV mean S. Dev p
Agriculture LUC 97 53.7 11.0 3.70 0.001

Urban LUC 364 56.5 22.1 4.09 0.001
366 55.6 10.7 3.86 0.001

HF-I34Fpositive 165 50.9 12.7 2.57 0.001
181 54.5 13.5 2.63 0.001
268 54.5 13.5 2.63 0.001
270 53.5 13.8 2.70 0.001
272 54.5 13.5 2.63 0.001
296 54.5 13.5 2.63 0.001
298 50,9 12.7 2.61 0.001
300 54.5 13.5 2.63 0.001
302 54.5 13.5 2.63 0.001
306 52.7 13.0 2.66 0.001
310 53.5 13.8 2.70 0.001
326 71.2 19.4 2.95 0.001
329 58.6 19.4 2.95 0.001
331 52.7 13.0 2.66 0.001
335 54.5 13.5 2.63 0.001
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DISCUSSION

One distinguishing characteristic of this study was that several samples were

collected from each site enabling an evaluation of sampling error, TRF richness, and

the dispersion pattern of targeted organisms at each site. Our results suggest that one

sample may have been representative of the bacteriological water quality of each site

on the day samples were collected, especially with respect to the DNA-based

indicators. At any site the 95% confidence interval for FC was small enough so that all

the samples did or did not exceed the Oregon standard, and all ten or all five samples

collected from 19 out of 20 sites were in 100% agreement for ruminant and human-

specific Bacteroidetes detection. When organisms are evenly dispersed, it is highly

likely a single grab sample will be representative. While the index of dispersion (I)

indicated a highly aggregated distribution of heterotrophic bacteria at every site, the

fecal coliform bacteria were close to or significantly randomly distributed and TRF

distribution was significantly even at each site.

It is possible the observed sampling error was, in part, an artifact of the data

collection techniques and the characteristics of the organisms being sampled, rather

than a reflection of the distribution in the environment. When bacterial density is

estimated with membrane filtration, the assumption is that a single cell in the sample

starts each colony-forming unit (cfu). If the cells are in the sample are clumped, then

several cells will be counted as one, and variability among same-site samples will be

high. The heterotrophic and fecal coliform bacteria in the water may randomly

disperse in the environment, but exhibit clumping on the filter. Furthermore, we use

significantly less than 100 ml to determine HPC (0.1 ml or 1.0 ml), and either 10 ml or
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100 ml to determine FC. However, when extracting and analyzing DNA from a

sample, we use a full 100 ml every time, regardless of bacterial density, and the

targeted portion of the sample (almost pure DNA) is condensed into a very small

volume (100-200 ul). Thus, whether a result of environmental distribution or data

collection technique, the DNA-based indicators lacked significant variability among

same-site samples and fecal coliform bacteria were moderately variable among same-

site samples.

Rather than offer an evaluation of the Willamette Valley basin or even the

water quality of the sampling sites beyond the day they were sampled, site selection

was designed to capture a range of environmental condition gradients for the

evaluation of the DNA-based indicators compared to the traditional public health

indicators. Oregon DEQ recommends that a site be visited on five separate occasions

in a single month and if the geometric mean of the five water samples exceeds 126

cfu/100 ml and/or any single water sample exceeds 400 cfu/100 ml for FC, a

recreational waterway may be deemed unsafe for human contact (33). Furthermore,

new epidemiological evidence has found high densities of enterococci and E. coli to

have a stronger association with acute gastroenteritis than fecal coliform densities, and

EPA now recommends these indicators replace FC (12, 45).

The overall mean HPC for urban sites was less than half the overall mean HPC

for agriculture sites (31,639.1 cfu/100 ml and 72,735.1 cfu/100 ml, respectively) and

the overall mean FC of the agriculture sites was more than six times the mean urban

FC. Nine out of ten agriculture sites exceeded the OR recreational water standard of

126 cfu/ 100 ml for FC, while all of the urban sites were below the standard. The odds
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of detecting ruminant-specific Bacteroidetes increased for samples collected during

the spring months, samples not collected from urban sites, and samples high in

turbidity. These results can be explained by a dilution effect with respect to stream

flow from smaller streams into the main channel. The sampling plan for this study

captured a stratified view of the southwestern Willamette Valley. Urban sites were

downstream and had an overall higher flow than agriculture sites. It is likely that

grazing or other sources of heterotrophic bacterial influx do not impact all of the

tributaries to the larger urban streams, diluting the effect of the smaller agriculture

streams. An ecological model based on stream FC samples of upstream tributary

sediments and 14 months of Willamette River flow and FC data predicted that if only

a few tributaries were contaminated with high concentrations of FC, the water quality

in the main channel would not be affected (10). Our results are consistent with this

scenario of the dilution of fecal-polluted tributaries by unpolluted tributaries in the

larger water channels.

Most of the variability in the multiple regression model with Chao 1 richness as

the dependant variable was explained by of human-specific Bacteroidetes detection

and affiliation with the forested site category (cumulative adjusted R2 = 0.513), while

the remaining five explanatory variables (Log HPC, turbidity, URB, ruminant and

human-specific Bacteroidetes) contributed less (cumulative adjusted R2 = 0.703) for

the final regression model. If the other explanatory variables remained constant,

failing to detect human Bacteroidetes was predicted to increase Chao 1 by 8 TRFs, and

not belonging to a forested site category would increase Chao 1 by 29 TRFs (Table

4.7). Consistent with the multiple linear regression model predicting Chaol richness,
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the logistic regression of human-specific Bacteroidetes detection was negatively

associated with forested site affiliation and increases in Chaol richness (Table 4.11).

A high turbidity scenario can explain decreases Chao 1 richness associated with

turbidity and fecal indicators. Fecal pollution and turbidity is largely a result of non-

point source turbidity. Increased turbidity may dilute the "dry-season" bacterial

community, while washing in an abundance of few types of bacteria. Decreases in

community richness occur in times of high disturbance, which may be the effect of

turbidity into streams. It may be that high bacterial richness indicates good sanitary

and ecological condition.

Multivariate statistical analyses found no significant association between DNA

yield and T-RFLP variability or Bac marker results, supporting the assumption that

there is no bias for specific genotypes from the DNA extraction process. We were

able to characterize the variability of TRF distributions and associations with the

environmental condition gradients with NMS and Species Indicator Analysis. The 78

and 86 base pair TRFs were negatively associated with axis 1, while date of collection

was positively associated with axis 1. The 364 base pair TRF, turbidity, and HPC

were all negatively associated with the second ordination axis, and the most abundant

TRF, 204 base pairs, was negatively associated with the third ordination axis, while

Choal was positive correlated with the third ordination axis. These relationships

suggest the 78 and 86 base pair TRFs were more prevalent in samples collected in the

spring months, the 364 base pair TRF was found in samples with high turbidity and

HPC, and the 204 base pair TRF was found in samples collected from sites low in
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Chaol richness. It would be interesting to sequence these fragments and determine

their taxonomic grouping.

Because LUC affiliation and Bacteroidetes detection are categorical

environmental variables, the only way to relate TRF distribution in ordination space is

by use of graphical overlays. Figure 4.3 shows an overlay of LUC on ordination space

rotated to maximize the relationship with respect to the first axis, which depicts

separation of the forested sites from the agriculture and urban sites. Figure 4.4 shows

a positive relationship of human Bacteroidetes detection with axes 1 and 3. However,

these are qualitative assessments and do not address the question of which TRFs, if

any, are indicators of these environmental categories. While we did not find any single

TRF that was perfect indicator (exclusive and faithful), TRF indicator analysis for

human Bacteroidetes was informative. Of the 15 TRFs that were found exclusively in

samples positive for human Bacteroidetes, 12 of them were exclusive and faithful

(perfect indicators) to samples collected from sites 16 (Bear Creek, AG), 17 (Yamhill,

URB), and 18 (Soap, AG). Other than being positive for human Bacteroidetes, the

only thing these samples all have in common is that they were collected during the

same week late in August, and can be seen as a tight cluster in Figures 4.3 and 4.4.

This was an especially warm time of the year and this cluster may represent some

seasonal bloom, such as chloroplast DNA from a cohort of algae that responds to

nutrients associated with fecal pollution.

The other two TRFs exclusive to samples positive for human Bacteroidetes,

181 base pair TRF and the 326 base pair TRF, when combined were a perfect

indicator for human Bacteroidetes (Table 4.17). We expected to find a single TRF
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that was a perfect indicator of both Bac markers, and cannot explain why no TRF or

combination of TRFs was a good or perfect indicator for ruminant-specific

Bacteroidetes. In the case of human-specific Bacteroidetes, we suspect the 326 base

pair TRF is a partially digested version of the 181 base-pair TRF. The PCR amplicons

were only exposed to the restriction endonucleases for 3 hours, and an overnight

digestion might have provided a completely digested assay.

CONCLUSIONS

We found that a single one-liter water sample would have been sufficient to

assess the water quality using fecal coliform count and Bacteroidetes makers. The

confidence intervals for fecal coliform estimates were small enough that all five or all

ten samples were above or below the Oregon water quality standard (126 FC/lOOml).

Furthermore, the index of dispersion for fecal coliform suggests a random distribution

in the steam thalwag. Thus, our results support the current practice of collecting one

sample per visit, using the appropriate dilution series, and visiting the site on at least

five separate occasions.

The DNA-based measures were remarkably consistent among same-site

samples, suggesting one sample would have been adequate. With one exception, all

the samples from any given site were in complete agreement and either positive or

negative for human and ruminant specific Bacteroidetes. In addition, the index of

dispersion indicated a significantly even distribution of the number of unique sized

fragments (TRF richness) among samples.
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Site selection offered a stratified view of the southwestern Willamette Valley

basin. The forested sites were upstream from the agriculture sites, which were

upstream from the urban sites. The forested sites were lowest in all bacterial

measures. The mean HPC for agriculture sites was twice the mean HPC for urban

sites, and the mean FC for agriculture sites was almost six times the mean FC for the

urban sites. The results were consistent with a dilution effect of polluted streams with

unpolluted streams in the larger, downstream reaches.

A high turbidity scenario resulting in higher fecal pollution and lower bacterial

species richness can explain why decreased TRF richness was found to be strongly

associated with high fecal coliform density, turbidity, and human Bacteroidetes

detection. We propose that in times of increased turbidity, a disturbance in the

bacterial community occurs, reducing bacterial richness and increasing a few types of

stress-resistant fecal and soil bacteria.

Indicator analysis was conducted to evaluate how well each TRF was

associated with the environmental variables. We found the 78 and 86 base pair TRFs

to be most prevalent in the spring months. The 364 base pair TRF was positively

associated with turbidity and HPC, and the 204 base pair TRF was negatively

associated with the number of unique fragment in a T-RFLP electropherogram (TRF

richness). Finally, we did not observe a TRF that was both faithful and exclusive to

the Bacteroidetes markers, but we did find that the 326 and 181 base pair fragments

when combined were a perfect indicator of Human-specific Bacteroidetes presence,

and believe the 326 base pair fragment may have been partially digested and the 181

was a fully digested by the restriction enzymes. We recommend that eubacterial PCR
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amplicons be exposed to restriction enzymes overnight to ensure a more complete

digestion. Future research with these indicators and environmental conditions should

use more inclusive definitions of vegetation structure, and perhaps other types of

pollution gradients, including temperature and nutrient composition.
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CHAPTER 5
CONCLUSIONS AND RECOMMENDATiONS

The primary focus of this research project was to develop new indicators of

stream sanitary and ecological condition with phenotypic and genotypic measures of

the bacterial community. Public health officials have relied on bacterial measures for

decades to ensure safe water supplies. We believe the bacterial community has more

to offer for monitoring an assessment of water supplies because microbes are sensitive

to changes in the environment and can potentially show rapid responses (80).

Phenotypic measures included the traditional public health indicators and substrate

utilization patterns from Biolog GN2 Microtiter plates, and genotypic measures

included bacterial community DNA fingerprints and Bacteroidetes fecal source

tracking PCR markers.

This project was partitioned into three separate studies that focused on

different aspects of in situ bacterial community indicator development. The findings

from each study influenced the direction for the subsequent phase, keeping with the

basic research goals to develop whole-community bacterial indicators that can be used

for water quality monitoring and protection. There was a shift in focus from

developing Biolog as a measure of bacterial community functional diversity to

developing bacterial community DNA analyses. The result was a research project

with a broad perspective for the available technologies in microbiology for water

quality monitoring and protection. This perspective also enables us to compare these

technologies with each other and evaluate what each has to offer for water quality

protection.



113

Centrifugation and functional diversity. Because previous research found

equivocal results for comparisons of substrate utilization patterns among stream water

samples collected from different level III ecoregions in Oregon (13, 62) we sought a

means to concentrate the inoculum without changing community structure and chose

to explore sample centrifugation. We compared Heterotrophic Plate Count (HPC),

Total Coliform (TC), Fecal Coliform (FC), E. coli (EC) densities, and carbon source

utilization patterns between centrifuged and uncentrifuged split samples from 19 sites

in three distinct ecoregions in Oregon. If the relative proportion of each group

remained the same after centrifugation, we assumed centrifugation had no effect on

community composition. In order to determine whether Biolog plates inoculated with

centrifuged water discriminate samples according to level III ecoregion with less error

than the Biolog Plates inoculated with uncentrifuged water, we compared the

maximum Average Well Color Development (max AWCD), the percent positive

wells, and the SUPs between split samples and among ecoregions.

Centrifugation appears to bias the community composition and/or the

physiological state of a subset of the population in a manner that may not be related to

community functional diversity. Centrifuged samples consistently had shorter lag

periods prior to color development and higher max AWCD than did their

uncentrifuged counterparts, which may be due to differences in inoculum density

andlor the physiological state of the bacteria following centrifugation. The

Willamette Valley ecoregion sites had the highest average bacterial density and Biolog

Max AWCD and percent positive wells, the Cascade ecoregion sites the highest
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average bacterial density and Biolog Max AWCD and percent positive wells, and Blue

Mountain ecoregion sites were highly variable in all parameters.

NMS of the centrifuged data set showed a clear separation between Willamette

Valley and Cascade sites. We believe this reflects in situ bacterial densities and the

effects of centrifugation on community function. Finally, it is difficult to assign

environmental health-related meaning to the results, including comparisons of

community functional diversity following centrifugation. While many substrates were

highly correlated with at least one of the ordination axes, no substrate on Biolog GN2

plates could offer a practically significant interpretation about stream condition

beyond what we have already learned from the traditional public health indicators.

Holding and volume experiments for bacterial DNA indicators. We

considered the minimum volume of water needed per sample and the maximum time

and temperature that bacteriological water samples captured on a membrane filter can

be held in guanidine isothiocyanate buffer (GITC) prior to DNA extraction for

community fingerprint analysis. A within-sample comparison of LH-PCR

electropherograms from 50-mi, 100-mi, and 250-mi sub-samples was applied to

explore the effect sample volume. We found 100-mi water samples yielded more

information than the 50-mi or the 250-mi water samples. Holding time and

temperature effects were explored simultaneously by comparing the LH-PCR

electropherogram results among sub-samples held for 0,1,2,5,10, and 20 days and at

20°C, 4°C, and room temperature.

While not addressing one of our research questions, we found that the 325 and

344 base pair fragments (Operational Taxonomic Units) were perfect indicators of
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Pseudomonas addition. We believe the other additions made to the volume series,

fresh cow feces and stream sediment, had bacteria that were probably already in the

stream water samples which were collected from a creek near a dairy. Fragments

comprising greater than 25% of the total fluorescence (332 and 335 base pairs long)

remained in every electropherogram, regardless of sub-sample volume, and probably

reflect background bacteria in the stream water. This result supports the use of LH-

PCR analysis to evaluate genotypic differences among bacterial communities.

The 100-mi sub-samples yielded more information than the 50-mi or the 250-

ml sub-samples from stream water samples. We believe that OTU richness increased

from 50-mi to i00-ml filtration simply because more DNA was in the larger volume

and we added the same volume of DNA extract, regardless of concentration.

However, this trend did not hold true for the transition from 100-mi to 250 ml.

Instead, OTU richness decreased in the 250-mi samples. While our experimental

design was confounded and we were unable to separate the effects of template DNA

concentration and the effects of volume, we were satisfied with the separation among

experimental additions and believe 100 ml samples would provide adequate

information for our subsequent field study.

We also observed a marked decrease in OTU richness for samples that were

held at room temperature for more than 24 hours. We attribute this observation to a

higher degree of DNA degrading activity in the warmer sub-samples and recommend

that filtered samples held in G1TC should be transported on ice and kept frozen until

DNA is extracted for further analysis.
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Response variability in bacterial DNA indicators. This study addressed

several questions of response variability and sampling error in two PCR-based

ecological indicators, Terminal-Restriction Fragment Length Polymorphisms and

Bacteroidetes fecal source tracking markers, for routine monitoring and assessment of

water quality. We evaluated response variability in these PCR-based indicators along

several environmental conditions gradients in streams: Heterotrophic bacterial density,

fecal coliform density, stream flow, turbidity, and land use category (forested,

agriculture or urban). To assess sampling error, we collected five or ten samples from

20 sites in the Willamette Valley, Oregon.

We found that a single one-liter water sample would have been sufficient to

assess the water quality using fecal coliform count and Bacteroidetes makers. The

confidence intervals for fecal coliform estimates were small enough that all five or all

ten samples were above or below the Oregon water quality standard (126 FC/lO0ml).

Furthermore, the index of dispersion for fecal coliform suggests a random distribution

in the midsection of the steam. Theoretically, a random distribution would lead to an

equal opportunity to capture a representative portion of the environment among

replicate grab samples. Thus, our results support the current practice of collecting one

sample per visit, using the appropriate dilution series, and visiting the site on at least

five separate occasions.

The DNA-based measures were remarkably consistent among same-site

samples, strongly suggesting one sample would have been adequate. With one

exception, all the samples from any given site were in complete agreement and either

positive or negative for human and ruminant specific Bacteroidetes. In addition, the
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index of dispersion for T-RFLP richness indicated a significantly even distribution of

the number of unique sized fragments (TRF richness) among samples.

Site selection offered a stratified view of the southwestern Willamette Valley

basin. The forested sites were upstream from the agriculture sites, which were

upstream from the urban sites. The forested sites were lowest in all bacterial

measures. The mean HPC for agriculture sites was twice the mean HPC for urban

sites, and the mean FC for agriculture sites was almost six times the mean FC for the

urban sites. The results were consistent with a dilution effect of polluted streams with

unpolluted streams in the larger, downstream reaches. A high runoff scenario

resulting in higher fecal pollution and lower bacterial species richness can explain why

decreased TRF richness was found to be strongly associated with high fecal coliform

density, turbidity, and human Bacteroidetes detection. Wepropose that in times of

increased runoff, a disturbance in the bacterial community occurs, reducing bacterial

richness and increasing a few types of stress-resistant fecal and soil bacteria.

Indicator analysis was conducted to evaluate how well each TRF was

associated with the environmental variables. We found the 78 and 86 base pair TRFs

to be most prevalent in the spring months. The 364 base pair TRF was positively

associated with turbidity and HPC, and the 204 base pair TRF was negatively

associated with the number of unique fragment in a T-RFLP fingerprint (TRF

richness). Finally, we did not observe any TRF that was both faithful and exclusive to

the Bacteroidetes markers. We did, however, find that the 326 and 181 base pair

fragments when combined were a perfect indicator of Human-specific Bacteroidetes

presence, and believe the 326 base pair fragment may have been partially digested and
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the 181 was a fully digested by the restriction enzymes. We recommend that

eubacterial PCR amplicons be exposed to restriction enzymes overnight to ensure a

more complete digestion. Finally, future research with these indicators and

environmental conditions should use more inclusive definitions of vegetation

structure, and perhaps other types of pollution gradients, including temperature and

nutrient composition.

Phenotypic and genotypic measures of bacterial communities. Measures of

bacterial community functional diversity and bacterial community DNA analyses have

different potential strengths and weaknesses for water quality monitoring and

assessment. Until recent advances in DNA analysis were made, microbiologists were

limited to considering only phenotypic characteristics to identify and classify

microbes. This remains a useful and relatively simple approach to microbial study.

The evaluation of substrate utilization patterns of in situ microbial communities would

be more powerful if the substrates were easily tied to a specific type of stress or

pollution. We believe this technology could borrow from the studies of

bioremediation and find which substrates have the best association with a specific

pollutant, such as an oil spill. Future research with this technology should focus on

developing meaningful substrates and substrate utilization patterns that are tied to

specific environmental conditions.

The bacterial community fingerprint has the same potential to detect changes

or components of the bacterial community as measures of substrate utilization

patterns. Unique fragments in the fingerprint may potentially be tied to specific types

of pollution or stress. This technology shows great potential to link unique DNA
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fragments to the presence of unusual species capable of utilizing contaminants, such as

oil or gasoline. However, researchers need to establish parameters of bias associated

with the PCR before quantitative evaluations can be made.

Today, most effluent pipes in rivers are tightly regulated, while huge problems

with non-point source pollution persist. Advances made to identify the source of this

pollution will enable efficient and productive remediation. We found the

Bacteroidetes fecal source tracking markers to be very precise and correspond well to

other measure already associated with fecal pollution, such as fecal coliform bacteria

and stream turbidity. Bacteroidetes markers have the potential to work in conjunction

with traditional indicators. When coliform counts have been identified as dangerously

high, the Bacteroidetes markers can help identify the source of the pollution. More

research needs to be done establishing the validity of this tool from a wide variety of

environmental conditions and locations.
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