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Intimate associations with reactive metal species permanently protect soil organic 

matter (SOM) from microbial access and oxidation, contributing to the build-up of 

organic carbon (C) stocks in soils. It is increasingly recognized, however, that such 

associations can be reversible and that reactive metal species might even facilitate the 

oxidation of SOM. Both processes would increase the potential for soil C loss, 

prompting questions regarding the environmental conditions under which interactions 

of SOM with reactive mineral phases are protective, reversible or even facilitate 

oxidation. One of the foremost challenges in characterizing these interactions is the 

need to describe the dynamics of both SOM and metals at fine spatial scales without 

disturbing existing chemical or physical associations. This thesis thus addresses the 

general question whether non-invasive chemical imaging techniques can be used to 

distinguish protective interactions between SOM and reactive metal species from 

those that are susceptible to or facilitate C loss.  The following research aimed to 

identify the nature of the interactions between SOM and two abundant redox-active 

metals (iron and manganese) in three soil microenvironments: fungal mats, the 

rhizosphere and the litter layer. The first of the three chapters describes the rapid 

formation of protective associations between fungal-derived SOM and iron 

(hydr)oxide precipitates in ectomycorrhizal mats. The second chapter demonstrates 

how root exudates can reverse such protective associations between SOM and 



 

 

reactive Fe phases, promoting microbial access to SOM and causing C loss in the 

rhizosphere. The third chapter establishes the functional role of reactive manganese 

species in the microbial oxidation of aromatic compounds in forest litter 

decomposition. Combined, this work not only demonstrates the ability of imaging and 

spectroscopy techniques to probe the nature of interactions between SOM and 

reactive minerals in soils. It also highlights the need to extend current conceptual 

models to reversible and oxidative interactions between reactive minerals and SOM 

and their implications for SOM cycling.  
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Introduction 
 
Soils store at least three times as much carbon in soil organic matter (SOM) as either 

the atmosphere or living plants (Fischlin et al., 2007). This SOM pool is sensitive to 

changes in climate or local environment (Conant et al., 2011; Friedlingstein et al., 

2006; Trumbore and Czimczik, 2008). Because liberation of this C into the 

atmosphere as CO2 or CH4 could create serious climate feedbacks (Heimann and 

Reichstein, 2008), there is ongoing debate over the mechanisms controlling the 

residence time of SOM in soils (Schmidt et al., 2011).  

In most soil environments, SOM resides in intimate associations with reactive 

metal phases (Baisden et al., 2002; Basile-Doelsch et al., 2007; Kögel-Knabner et al., 

2008; Marín-Spiotta et al., 2008; Rasmussen et al., 2006). Iron, aluminum or 

manganese cations in soils form reactive soluble complexes, a range of amorphous to 

poorly crystalline oxide, hydroxide or oxyhydroxide minerals and aluminosilicate 

clays (Huang et al., 2005; McBride, 1994) with a high affinity for SOM (Chorover 

and Amistadi, 2001; Kaiser et al., 1997; Mikutta et al., 2007). Electrostatic attraction 

and complexation reactions between SOM and metal species form complexes 

(Chorover et al., 2004; Harter and Naidu, 1995), co-precipitates (Eusterhues et al., 

2011; Mikutta, 2011), or cause adsorption of SOM to existing metal (oxyhydr)oxide 

surfaces (Chorover and Amistadi, 2001; Mikutta et al., 2007). These associations are 

thought to restrict microbial and enzymatic access to SOM (Conant et al., 2011), are 

considered the quantitatively most important mechanism preventing chemical 

transformation and mineralization (Mikutta et al., 2006), and are expected to 

sequester C for millennia  (Torn et al., 1997).  

But the reactivity of such metal phases also renders these protective 

associations susceptible to chemical transformations (e.g., through redox reactions, 

adsorption-desorption, and precipitation-dissolution) (Huang et al., 2005). A 

significant fraction of mineral-associated SOM exhibits surprisingly short turnover 

times (Torn et al., 2013) and participates in short-term cycling (Guenet et al., 2012). 

Active cycling of mineral-associated SOM is consistent with manifold partitioning 

between mineral-associated, accessible and assimilable SOM observed elsewhere 
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(Malik and Gleixner, 2013; Toosi et al., 2012). These findings suggest that there are 

processes that disrupt SOM associations with reactive metal phases, promoting 

microbial access and cycling of mineral-associated SOM.  Yet, little is known about 

the environmental controls on processes controlling this apparent reversibility of 

protective association between SOM and metal phases. 

In addition, some redox-active metals such as iron (Fe) and manganese (Mn) 

may even be directly involved in the oxidation of organic materials. Under aerobic 

conditions, biogenic Mn3+/4+ oxides have the potential to oxidize complex organic 

materials and produce more assimilable substrates (Huang et al., 2005; Sunda and 

Kieber, 1994). Decomposer organisms also appear to employ the Mn2+/3+ redox 

couple to produce Mn3+-organic complexes, which are thought to serve as diffusible 

oxidizers of otherwise inaccessible aromatic materials (Hofrichter, 2002). Similarly, 

decomposers utilize the Fe2+/3+ couple in the formation of reactive oxygen species that 

act as diffusible oxidizers of organic polymers (Hatakka and Hammel, 2011). In 

systems fluctuating between aerobic and anaerobic conditions, Fe2+/3+ or Mn2+/3+-

mediated formation of potent oxidizers may also play a role in SOM oxidation (Hall 

and Silver, 2013; Thompson et al., 2005).  Finally, microbial reduction of Fe3+ and 

Mn3+/4+ oxides can be coupled to the oxidation of SOM, particularly aromatic 

components, under anaerobic conditions (Canfield et al., 1993; Lipson et al., 2013; 

Lovley, 1991). The metal-mediated oxidation of organic materials has been well 

documented in laboratory settings, with mechanisms seemingly dictated by the 

presence or absence of oxygen and certain decomposer organisms.  

The fact that the reactivity of metal phases contributes to the formation of 

protective associations with SOM under specific environmental conditions is widely 

recognized. However, that the same reactivity renders such associations inherently 

reversible and may even cause SOM oxidation under appropriate conditions is not 

reflected in current conceptual and numerical SOM cycling models (Conant et al., 

2011; Koven et al., 2013; Schmidt et al., 2011).  Identifying conditions that favor 

protective (i.e., irreversible for a long time), reversible, or oxidative interactions of 

SOM with reactive metal species in a given soil space would be a first step toward 

improving our understanding of the role of reactive metal species in SOM cycling. 
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Scientific progress has been limited due to the lack of suitable investigative 

techniques. Previous investigations generally rely on simplified model systems to 

gain mechanistic information (Hansel et al., 2012; Perez and Jeffries, 1992; Sunda 

and Kieber, 1994), while leaving in doubt the applicability of their findings to the soil 

environment.  Others used indirect measurements in bulk soils to infer mechanisms 

(Clemmensen et al., 2013; Hall and Silver, 2013; Lipson et al., 2013; Torn et al., 

1997). Efforts to determine the underlying mechanisms and their ecological 

significance would benefit from the ability to directly observe the interaction between 

SOM and reactive mineral phases in structurally intact soil samples. Identifying the 

nature of these interactions would require observations at various scales: on the one 

hand, observations of both reaction partners at the scale of the interaction itself (nano 

to micro-scale), and on the other, observations to determine the environmental drivers 

at the scale of the surrounding microenvironments (micro- to millimeter scale).   

To overcome this challenge, the research presented in this thesis tested 

whether advanced imaging spectroscopy and mass spectrometry techniques can be 

used to (i) visualize SOM and metal dynamics in undisturbed soil samples and (ii) 

inform our mechanistic understanding of their interactions in specific 

microenvironments. The following three chapters aimed to identify interactions of 

SOM with the two most abundant redox-active metals in soils – Fe and Mn – in three 

distinct soil microenvironments. The first chapter examined how Fe (hydr)oxides 

influence the fate of fungal residues in ectomycorrhizal mats in organic forest soil 

horizons. The second chapter tested the role of specific root exudates in promoting 

microbial access to Fe-associated SOM in rhizosphere soil environments. The third 

chapter investigated if decomposer organisms produce oxidized Mn species to 

degrade aromatic compounds in a forest soil litter layer.  

The general approach was to optimize a suite of synchrotron-based 

spectroscopic and microscopic techniques as well as mass spectrometry imaging 

techniques for the multi-modal investigation of these individual microenvironments. 

Synchrotron X-ray absorption spectroscopy, which is able to determine the local 

coordination environments of C, N, and various metal species, was used to 

characterize the chemical properties of both SOM and metals phases. The high flux 
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and brightness of synchrotron X-ray beams allows work at environmentally relevant 

concentrations, while focusing mirrors and apertures enable the use of the beam for 

chemical mapping of SOM, metal phases, and microbes at the micron and nano-meter 

scale (Singh and Gräfe, 2010). High-resolution mass spectrometry isotope imaging 

(Herrmann et al., 2007) was used to follow isotopically labeled organic substrates as 

they interact with reactive metal species, while soft-ionization mass spectrometry was 

used to provide complimentary molecular information on SOM transformations 

(Kostko et al., 2011; Liu et al., 2013). 
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1. Abstract 

Amino sugars in fungal cell walls (such as chitin) represent an important 

source of nitrogen (N) in many forest soil ecosystems. Despite the importance of this 

material in soil nitrogen cycling, comparatively little is known about abiotic and 

biotic controls on and the timescale of its turnover. Part of the reason for this lack of 

information is the inaccessibility of these materials to classic bulk extraction methods. 

To address this issue, we used advanced visualization tools to examine transformation 

pathways of chitin-rich fungal cell wall residues as they interact with 

microorganisms, soil organic matter and mineral surfaces. Our goal was to document 

initial micro-scale dynamics of the incorporation of 13C- and 15N-labeled chitin into 

fungi-dominated microenvironments in O-horizons of old-growth forest soils. At the 

end of a three-week incubation experiment, nano-scale imaging secondary ion mass 

spectrometry (NanoSIMS) of hyphae-associated soil microstructures revealed a 

preferential association of 15N with Fe-rich particles. Synchrotron-based scanning 

transmission x-ray spectromicroscopy (STXM/NEXAFS) of the same samples 

showed that thin organic coating on these soil microstructures are enriched in 

aliphatic C and amide N on Fe (hydr)oxides, suggesting a concentration of microbial 

lipids and proteins on these surfaces. A possible explanation for the results of our 

micro-scale investigation of chemical and spatial patterns is that amide N from 

chitinous fungal cell walls was assimilated by hyphae-associated bacteria, 

resynthesized into proteinaceous amide N, and subsequently concentrated onto Fe 

(hydr)oxide surfaces. If confirmed in other soil ecosystems, such rapid association of 

microbial N with hydroxylated Fe oxide surfaces may have important implications for 

mechanistic models of microbial cycling of C and N. 
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2. Introduction 

Structurally complex microbial amino sugars are an important component of 

carbon (C) and nitrogen (N) cycling in soil ecosystems. High microbial demand and 

strong competition for easily assimilable C and N compounds in these systems may 

promote the development of adaptive features to better utilize amino sugar C and N. 

Amino sugars are derived predominantly from cell wall components of bacteria and 

fungi (Amelung, 2001; Guggenberger, 1999). For example, chitin and its monomeric 

building block N-acetyl-glucosamine (NAG) comprise a significant pool of organic N 

in many soils (Amelung, 2003; Stevenson, 1982) and appear to be utilized by 

microbial communities in N-poor soils (Olander and Vitousek, 2000; Zeglin et al., 

2011). Despite their importance as an organic N source in N-limited ecosystems, little 

is known about possible abiotic and biotic controls on the microbial utilization of N in 

fungal cell wall components. 

In order to exploit decomposing fungal hyphae as an N source, 

microorganisms produce the enzyme NAGase (commonly called chitinase), which 

depolymerizes the cell wall polymer chitin into monomeric subunits (i.e., NAG) that 

can be assimilated (Sinsabaugh et al., 1993). Elevated respiration and N 

mineralization rates as well as higher NAGase activity potentials in soils with high 

fungal biomass (so-called ectomycorrhizal mats) highlight the ability of 

microorganisms in such microenvironments to rapidly cycle C and N (Griffiths, 1990; 

Kluber, 2010). High NAGase activity may thus reflect a high microbial demand for 

amino sugars and/or a high abundance of microbiota that can utilize this N-source. In 

recent incubation experiments, Zeglin et al. (2011) showed that microbial 

communities associated with ectomycorrhizal mat patches assimilate amino sugar N 

more efficiently than microbial communities present in non-mat O-horizon soil. 

These observations strongly support the notion that microbial communities 

(predominantly bacteria) associated with mycorrhizal mats efficiently utilize amino 

sugar substrates in this microenvironment. 

To date, only circumstantial evidence exists for a possible role of abiotic 

controls in amino sugar turnover. However, several independent observations suggest 

a role of the mineral matrix in amino sugar cycling. Amino sugars can adsorb to both 
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crystalline mineral phases such as kaolinite and goethite (Kaiser and Zech, 2000) and 

to the hydroxylated surfaces of poorly crystalline metal (hydr)oxides such as 

ferrihydrite (Mikutta et al., 2010). Other sources suggest that the mere presence of 

minerals does not alter the rate of amino sugar turnover but rather the relative 

proportions of N assimilated by bacteria and fungi (Amelung et al., 2001). So while 

there is reason to infer a role of abiotic processes in amino sugar cycling, the precise 

mechanisms involved remain obscure. Furthermore, although the general affinity of 

carbohydrates for Fe oxides is well-documented (Eusterhues, 2011; Kiem and 

Koegel-Knabner, 2002; Kiem and Koegel-Knabner, 2003), neither the time scale of 

formation of such associations nor their ecological importance for N-limiting systems 

has been well investigated. 

Understanding the micro-scale complexity present in heterogeneous soil 

systems poses significant challenges for conventional bulk methods. To characterize 

soil microstructures associated with fungal hyphae and to identify and trace amino 

sugars from fungal cell wall components and its transformation products into the soil 

microenvironment, we employed a novel combination of isotopic and spectroscopic 

imaging techniques. First, synchrotron-based scanning transmission X-ray 

microscopy (STXM) in combination with near-edge X-ray absorption fine structure 

(NEXAFS) spectroscopy, which has been employed to interrogate structurally intact 

soil micro-aggregates (Wang et al. 2004; Lehmann et al. 2005; Kinyangi et al. 2006), 

offers chemically sensitive spectroscopic imaging of biological and environmental 

samples with high spatial resolution (< 30 nm). Second, high-resolution mass 

spectrometry imaging with a Cameca NanoSIMS 50 has previously been used to track 

specific isotopes of organic compounds in natural (Herrmann et al. 2009) and 

artificial soil microstructures (Müller et al. 2011) with better than 100 nm resolution. 

Our conceptual approach was to take advantage of the synergistic effects of 

NanoSIMS and STXM/NEXAFS imaging. Applied to the same sample, NanoSIMS 

allowed us to follow an isotopically-labeled amino sugars from fungal cell wall as 

they became metabolized or bound to minerals and SOM, while with 

STXM/NEXAFS spectromicroscopy we could determine the chemical 

transformations of C and N functionalities of this substrate during the process. The 
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general goal was to visualize the fate of 13C- and 15N-labeled fungal cell wall material 

and determine the effects and relative importance of the microbial drivers and abiotic 

controls of the initial dynamics on initial amino sugar breakdown in soils. The 

specific objectives of this study were to (i) determine the short-term fate of fungal cell 

wall material in hyphal-associated microenvironments and (ii) identify potential 

abiotic factors such as attachment to mineral surfaces or native SOM that might affect 

microbial N cycling. In this microenvironment, we expected amino sugar cycling to 

be rapid and micron-scale imaging methods to be particularly suited to probe for the 

location and chemistry of the labeled fungal cell wall material and its transformation 

products. We focused our analyses on the interface between fungal hyphae (the 

natural source of chitin-rich cell wall materials) and the adjacent soil matrix 

containing abundant microorganisms, SOM, and minerals. 
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3. Materials and Methods 

3.1 Sample characteristics 

3.1.1 Soil characteristics 

For this experiment 13C- and 15N-labeled fungal cell wall material was incubated for 

three weeks with O-horizon soil collected under Douglas-fir in the H.J. Andrews 

Experimental Forest (Oregon, USA). The O-horizons sampled for this experiment are 

characterized by abundant patches of ectomycorrhizal mats. Fungal hyphae in these 

mat-colonized organic soils can constitute up to 50% of dry weight (Ingham, 1991) 

and may serve as a natural source of chitinous cell wall material. The underlying soils 

are coarse loamy mixed mesic Typic Hapludands according to US taxonomy (Soil 

Survey Staff, 2010), and have a mean O-horizon depth of 6 cm. O-horizon samples 

had a pH of 4.5-4.8, and an organic matter content of 638 ± 22 mg/g  dry mass (mean 

± SE) (Zeglin et al., 2011) as determined by loss-on-ignition (Nelson and Sommers, 

1996). Thus, while clearly dominated by organic matter, the O-horizon material 

contains a significant proportion of mineral constituents. 

3.1.2 Soil incubations 

To obtain 15N- and 13C-labeled fungal cell wall material, Baker’s yeast 

(Saccharomyces cerevisiae) was cultured in media containing 99atm% 13C-glucose 

and 99atm% 15NH4
+  (Cambridge Isotope Laboratories, USA). After harvest, cells 

were washed and chemically treated to isolate insoluble chitin-enriched cell wall 

material (Kirchman and Clarke, 1999; Roff et al., 1994). In brief, cells were bead-

beaten to break cell walls and release cytoplasmic molecules, washed, treated with 

4% sodium dodecyl sulfate at 90ºC for 2h before and after incubation with proteinase 

K overnight, bead-beaten and washed again, and extracted twice with a 1:1 mixture of 

chloroform:methanol; this protocol was designed to preferentially remove water- and 

organic- soluble cell debris and cell wall glycoprotiens. Finally, because insoluble S. 

cerevisiae cell wall polymers are dominated by glucans (Cabib and Bowers, 1971; 

Watson et al., 2009), the material was incubated with 1-3-glucanase overnight at 

37ºC, thus enriching the material in chitin. The molar C:N ratio of the resulting 

material was 20:1, implying a 2:1 ratio of glucan (6C) to amino sugar (8C:1N) 
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molecules in the final polymeric material, and the amino sugar content of the material 

was independently estimated at 39% using analyses described in Zeglin et al. (2011). 

The 15N and 13C enrichment of the cell wall material were determined using a 

LECO (St. Joseph, MI, USA) isotope ratio mass spectrometer (IRMS) at the Oregon 

State University Stable Isotope Research Unit, and were referenced to N2 in air and 

Vienna Pee Dee Belemnite (VPDB), respectively. Multiple batches of cell wall 

material combined and had average δ15N values of 501‰ and δ13C values of 151‰. 

For the soil incubation, 1% w/w (dry mass basis) of suspended fungal cell wall 

material was mixed in 10 g dry (approximately 30 g wet at field water holding 

capacity) soil in airtight 500mL Ball Jars as described in Zeglin et al. (2011). 

Incubations were maintained for 3 weeks at 24˚C in the dark, after which whole soil 

was sampled for STXM/NEXAFS and NanoSIMS analysis. After the incubation, 

subsamples were also collected to determine the isotopic enrichment of the bulk soil 

and chloroform-extracted microbial biomass using IRMS.  

3.1.3 Specimen preparation 

To allow for high-resolution SIMS imaging and STXM/NEXAFS spectromicroscopic 

analysis of the same sample specimen, the samples were required to have limited 

topography and the ability to withstand high vacuum. They also had to be dry, 

conductive, and thin enough to allow photon transmission (<1 µm) and prepared 

without carbon-based reagents. The preparation described in the following was found 

to consistently isolate fungal hyphae, including associated soil bacteria and minerals, 

from the soil. After the incubation, the soil was thoroughly mixed and three 

subsamples of approximately 400 mg of soil were gently dispersed in 2 ml of 10 mM 

NaCl for 1 min.  Larger soil particles were allowed to settle for 15 min and the 

individual supernatants were removed. For each subsample, 1 µL of the supernatant 

(containing numerous hyphal fragments) was dried on silicon nitride (Si3N4) windows 

(Silson Ltd, England). Samples were sputter-coated with 5 nm of iridium and then 

mapped using scanning electron microscopy (SEM) on a JEOL 7401 SEM (Tokyo, 

Japan) at Lawrence Livermore National Laboratory, CA (LLNL) with an accelerating 

voltage of 1kV. Regions of interest (ROIs) for SIMS and STXM imaging analyses 
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were selected based on morphology (i.e., targeting microstructures that included 

fungal hyphae, bacteria and minerals) and sample thickness. 

3.2 Synchrotron-based scanning transmission X-ray microscopy (STXM) in 

combination with near edge X-ray absorption fine structure (NEXAFS) 

spectroscopy 

3.2.1 Imaging analysis 

STXM analysis of six ROIs identified by SEM was performed on the Molecular 

Environmental Sciences beamlines 5.3.2.2 (250-600 eV) and 11.0.2 (80-2000 eV) 

(Kilcoyne et al., 2003; Warwick et al., 2003) of the Advanced Light Source (ALS) at 

Lawrence Berkeley National Laboratories. These X-ray microscopes use a Fresnel 

zone plate lens to focus a monochromatic X-ray beam onto the sample. Imaging 

contrast relies on core electron excitation by absorption of soft X-ray radiation (Kirz 

et al., 1995). The sample is scanned through the fixed beam and transmitted photons 

are detected via a scintillator–photomultiplier detector assembly to provide 2D 

images of the sample volume probed. 

STXM/NEXAFS at the bend magnet beamline 5.3.2.2 was used to perform C 

and N spectromicroscopy. The energy was calibrated at the C 1s edge using the 3p 

Rydberg peak of gaseous CO2 at 292.74 and 294.96 eV (Ma et al., 1991) and at the N 

1s edge using the 1s-π* transition of N2 at 401.10 eV (Sodhi and Brion, 1984). Dwell 

times for the collection of C and N NEXAFS stacks were ≤1.2 ms to avoid potential 

beam damage. No visible alteration of the spectra was observed under these 

conditions. The spatial and spectral resolution during our measurements was 40 - 50 

nm and ~0.1 eV, respectively. Clean areas of the Si3N4 membrane were used to 

normalize the transmission signal obtained from analyzed regions of interest. After 

recording of C and N NEXAFS stacks, Fe 2p absorption spectra were collected using 

small slit sizes to limit the incident flux at the undulator beamline 11.0.2. Dwell time, 

step size as well as the spatial and spectral resolution for Fe NEXAFS scans was as 

described for C and N NEXAFS. 

Transmission images at energies below and at the relevant absorption edge 

energies were converted into optical density (OD) images [OD = ln(I0/I), with I0 being 

the incident photon flux and I the transmitted flux]. Image sequences (also called 
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‘‘stacks”) acquired at multiple energies spanning the relevant absorption edge (278-

330 eV for C 1s edge, 390-440 eV for N 1s edge, and 690–740 eV for Fe 2p edges) 

were used to extract NEXAFS spectra.  

Standard spectra were collected from pure reference compounds (i.e., N-

acetyl-glucosamine, sodium alginate, and bovine serum albumin) in powder form. 

The standard materials were finely ground with an agate mortar, suspended in filter-

sterilized and deionized water (Milli-Q), applied to a Si3N4 window with a 

micropipette, and air-dried. Additional standard spectra were recorded for pure yeast-

derived fungal cell wall material and bacteria (Escherichia coli). Fungal cell wall 

material was prepared as described above and E. coli was grown on nutrient broth for 

24 hours. In preparation for STXM analysis, fungal and bacterial cell materials were 

washed twice with Milli-Q water and 2 µL of cell suspension was air-dried on Si3N4 

windows. For each standard, three spectra were acquired from regions with optical 

densities < 1.5 (to minimize saturation of the spectral features) and averaged. 

3.2.2 Data processing 

Stack images were aligned via a spatial cross-correlation analysis, clean areas of the 

Si3N4 membrane were used to normalize the transmission signal obtained from 

analyzed ROIs, and NEXAFS spectra were extracted from groups of pixels from 

ROIs using the aXis 2000 software package (Hitchcock, 2009). 

Extracted C and N 1s NEXAFS spectra were normalized using the Athena 

software package for X-ray absorption spectroscopy (Ravel and Newville, 2005). 

Edge step normalization was performed using E0 values of 290 eV and 408 eV for C 

and N NEXAFS, respectively. NEXAFS spectra were normalized across the full 

recorded range (278-330 for C 1s and 390-440 eV for N 1s). Peak assignments can be 

found in the figure captions. 

A semi-quantitative analysis of C 1s NEXAFS spectra extracted from distinct 

features in the sample (such as fungal hyphae, bacteria, and mineral surfaces 

discussed as ‘types’ in the results section) was carried out by peak deconvolution 

using the software PeakFit (SeaSolve Software Inc., San Jose, CA, USA). Peak 

positions were assigned according to conventions reported by Schumacher et al. 

(2005) and Solomon et al. (2005). The deconvolution procedure was applied using 
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Gaussian transitions with parameters as described in Kleber et al. (2011). No 

restrictions were placed on the Gaussian peaks and the final FWHM values and 

energy positions (Fig. A-1.2, Appendix). Peak magnitude and energy for all Gaussian 

transitions were allowed to vary freely, allowing the peak positions to constrain 

themselves to the ranges given in Table 1.1. 

3.3 Nano-scale secondary ion mass spectrometry (NanoSIMS) imaging 

3.3.1 Imaging analysis 

Isotopic and chemical images were acquired on a NanoSIMS 50 (Cameca, 

Gennevilliers, France) at LLNL. This instrument allows the simultaneous imaging of 

five isotopes with high spatial resolution (up to 50nm) and high mass resolution. For 

this study, electron multiplier (EM) detectors were positioned to collect 12C-, 13C-, 
12C14N-, 12C15N-, and 56Fe16O- ions. Due to the poor yield of N- under the Cs+ primary 

beam, nitrogen was detected as the molecular ion CN-, whereas iron was detected 

using its oxide ion (56Fe16O-). The secondary mass spectrometer was tuned for > 6800 

mass resolving power (defined as the ratio M/ΔM) in order to resolve isobaric 

interferences, particularly at mass 27 between 12C15N- and 13C14N-. 

Images of the ROIs previously imaged by STXM were generated with a 1.5 

pA Cs+ primary beam, focused to a spot size of 120 nm, and stepped over the sample 

in a 256 × 256 pixel raster. Dwell time was 1ms/pixel, and raster size was 10 x 10 

µm. Secondary ions were detected in simultaneous collection mode by pulse counting 

to generate 60-180 serial quantitative secondary ion images (or ‘layers’). No pre-

analysis sputtering was done on these samples as we hypothesized that chemistry of 

interest might exist as thin layers on components of the sample (i.e., mineral 

particles). The electron flood gun was used for all analyses to avoid charging effects 

(Pett-Ridge and Weber, 2011). 

A series of forty additional high-resolution NanoSIMS images (without 

corresponding STXM analysis) were collected to determine the isotopic enrichment 

of a larger number of soil particles, and to assess whether there was a spatial 

correlations between Fe-rich phases and 15N abundance. Forty 10 × 10 µm (256 × 256 

pixels) images were collected at random locations on the aforementioned specimens. 

Images were generated using the NanoSIMS settings described above. 
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3.3.2 Data processing 

NanoSIMS image data were processed as quantitative isotopic ratio images using the 

L’image software package developed by L. Nittler (Carnegie Institution of 

Washington), and were corrected for effects of quasi-simultaneous arrival (QSA), 

detector dead-time and image shift from layer to layer (due to drift in the location of 

the ion beam from frame to frame). Data planes collected before sputtering 

equilibrium was achieved (typically 5-10) were discarded. The isotopic composition 

(δ13C and δ15N) of each ROI was calculated by averaging over all replicate layers 

where both C and N isotopes were at sputtering equilibrium. δ13C and δ15N were 

calculated as follows: 

 

! ! = ( !!!!"#!! − 1)!×!1000![‰]      equation (1) 
 
 

where Rm is the isotopic ratio of the sample and RSTD that of the reference 

standard.  Repeated NanoSIMS analyses of a Bacillus subtilis spore preparation were 

used as a reference standard for the C and N isotopic measurements (δ13C = -14.4‰; 

δ15N = 12.3‰) (Kreuzer-Martin and Jarman, 2007). Isotopic enrichment of standards 

was independently determined at the University of Utah and used to normalize 

sample analysis as described previously by (Finzi-Hart et al., 2009). 56Fe16O-/12C- 

ratios were used to localize Fe in the sample. 

For those analysis locations analyzed by both SIMS and STXM imaging, 

ROIs for NanoSIMS data analysis were drawn based on the morphology of individual 

features using L’image. For the forty additional randomly-located NanoSIMS images, 

ROIs were drawn around discrete Fe-rich particles defined using two thresholds: Fe-

rich particles with (i) average 56Fe16O-/12C- ion ratios greater than 0.05 and (ii) pixel 

sizes between 200 and 5,000 (i.e., total areas between 0.3 and 7.5 µm2). These 

thresholds were based on the STXM characterization of three randomly located Fe 

(hydr)oxides in the sample, which all had 56Fe16O-/12C- ratios ≥ 0.03 and particles 

sizes ranging from ~ 1 to 2.5 µm2. For comparison, ROIs of the remaining (mostly 

organic) soil particles were defined as those particles with 56Fe16O-/12C- ratio values > 

0.001 and < 0.03. 
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4. Results 

4.1 Selection of regions of interest (ROIs) 

SEM mapping of the prepared samples indicated that 20-150 µm long hyphal 

structures associated with periodic clusters of minerals, organic matter and microbial 

residue were common features. The six hyphae-associated microstructures were 

analyzed for C, N and Fe speciation using STXM/NEXAFS and subsequently for 15N 

and 13C enrichment (to locate added isotopically enriched fungal cell wall material) 

using the more destructive NanoSIMS imaging technique. We did not observe any 

specific locations where 13C was significantly enriched above natural abundance, but 

noticed slightly enriched 13C values uniformly distributed across all analyzed areas 

(data not shown). However, three of the STXM/SIMS sample locations had areas 

with 15N enrichment above background levels and are discussed further.  

4.2 Nano-scale secondary ion mass spectrometry imaging of the δ15N and Fe 

distribution  

NanoSIMS imaging was used to reveal general patterns in the distribution of 15N-

enriched fungal cell wall material and potential transformation products within the 

sample collected after three weeks of incubation. General morphologies as well as the 
15N and Fe distribution within the three sample locations chosen for the combined 

imaging analysis are shown in Fig. 1.1. Transmission maps of the three locations 

show the same morphological patterns. In general, fungal hyphae are surrounded by 

soil particles (identified as mineral particles, amorphous organic matter, microbial 

residue in section 3.3). Comparable morphological features were observed in 

preparations of samples collected after one and two weeks of incubation (see Fig. A-

1.1 in Appendix). Comparison of δ15N and Fe distribution maps for the three 

locations shows that the spots with greatest enrichment of 15N tend to coincide with 

Fe-rich particles. 

4.3 STXM/NEXAFS characterization of 15N-enriched features on Fe-rich 

surfaces 

STXM/NEXAFS spectromicroscopy was used to investigate the C and N 

chemistry of 15N-enriched OM associated with Fe-rich particles and the chemical 

form of Fe present. To this end, C, N and Fe NEXAFS spectra were extracted from 



17 

 

15N-enriched ROIs (white arrows in Fig. 1.1). Averaged NEXAFS spectra of 15N-

enriched organic matter on Fe-rich particles (= Fe-associated OM) and additional 

reference materials are shown in Fig. 1.2 and are described below.  

4.3.1 C NEXAFS spectroscopy 

The average C NEXAFS spectrum of the original fungal cell wall material 

consists of peaks representing signals of aromatic (a), aliphatic (c), carboxyl/amide 

(d) and O-alkyl (e) carbon (Fig. 1.3A). The predominance of the O-alkyl and 

carboxyl/amide C peak indicates the presence of β-1,3-glucan and NAG units in the 

cell wall, whereas aromatic C may originate from glycoproteins. Comparison of 

spectra extracted from the original fungal cell wall material to the 15N-enriched OM 

found on Fe-rich soil particles after 3 weeks of incubation reveals substantial changes 

(Fig. 1.2A). These changes could be due to a strong background of native organic 

materials coating the Fe-rich particle and/or substantial chemical transformations of 

the original material over the course of the incubation. 

Spectral deconvolution of C NEXAFS spectra from the original and the 15N-

labeled Fe-mineral associated OM shows the changes in functional group abundance 

that occurred over the course of the soil incubation (Table 1.1a). The most prominent 

change includes a strong decrease of O-alkyl C abundance associated with 

polysaccharides, such as β-1,3-glucan, with a simultaneous increase in 

carboxyl/amide C corresponding to proteinaceous materials. A change was also 

observed for aliphatic and phenolic C, which is notably more abundant on the Fe-rich 

particles. This might indicate a preferential association of lipid material with 

hydroxylated Fe oxide surfaces, or could have risen from the complexation of 

carboxylic groups with Fe or other metals on the surface (Armbruster et al., 2009; 

Plaschke et al., 2005). However, the increase in phenolic C also suggests that native 

organic matter derived from plants represents a substantial fraction of the organic 

coating found on these surfaces. 

In order to gain insights into the molecular form of 15N-enriched compounds 

found on Fe-rich particles, we compared average spectrum of 15N-enriched Fe-

associated OM to pure standards of individual fungal cell wall components (amino 

sugars, polysaccharides and protein). The spectra corresponding to Fe-associated OM 
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show less intensity for peaks associated with polysaccharides (e) and greater intensity 

for peaks observed in proteinaceous materials (d) (Fig. 1.2A). Finally, there is a 

striking similarity between the reference spectra of purified bacterial cells and the 

spectra obtained from Fe-associated OM. 

4.3.2 N NEXAFS spectroscopy 

Comparing the N NEXAFS of fungal cell wall material to averaged spectra of 

the mineral-associated OM provides evidence for the chemical transformations of the 

starting material over the course of the incubation (Fig. 1.3B). The spectral peak at 

401.7 eV (b) dominating spectra of fungal cell wall material is less pronounced and 

shifted to lower energies (401.5 eV) in spectra corresponding to mineral-associated 

N. This peak is commonly attributed to amide N (Cody et al., 2011; Gillespie et al., 

2009; Mitra-Kirtley et al., 1993), but may contain contributions of pyrrolic and nitro 

N (Leinweber et al., 2007). The same peak also dominates the average N NEXAFS 

spectrum of the Fe-associated OM. Lower energy resonances (399-401 eV) were not 

interpreted due to the larger variability and potential artifacts related to damage 

induced by the X-ray beam (Leinweber et al., 2007).  

The dominant resonance at 401.5 eV can be indicative of amide N from fungal 

amino sugars, peptides from microbial proteins (see references spectra in Fig. 1.2B), 

or nucleotides in DNA/RNA (reference spectra in: Leinweber et al. (2007) and Mitra-

Kirtley et al. (1993)). Due to these overlapping signals, our N NEXAFS spectra 

cannot conclusively determine whether the organic N in the Fe-associated OM is 

derived from amino sugars, protein and/or DNA/RNA. However, the N NEXAFS 

standard spectrum for bacterial cells shows very similar spectral patterns as those 

observed for Fe-associated OM. Since Fe-particle associated C appears to be of 

bacterial origin as suggested above, it is reasonable to assume that 15N-enriched spots 

of N on Fe particle surfaces are likely derived from a microbial source. 

4.3.3 Fe NEXAFS spectroscopy 

Fe 2p NEXAFS spectra provide information on the oxidation state of Fe (Van 

Aken and Liebscher, 2002). Fe 2p NEXAFS spectra acquired from 15N enriched 

mineral particles have spectral signatures that mirror that of a Fe (hydr)oxide standard 

(goethite) (Fig. 1.2C). As the observed intensity ratio between the higher energy 
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(709.8 eV) and lower energy (708.0 eV) mimics that of the Fe(III) standard and there 

is no obvious absorbance in the expected Fe(II) energy range (707.5 eV), it appears 

that the mineralogy of this sample is dominated by Fe(III).  Fe NEXAFS image scans 

of other mineral particles found within the three sample locations with noticeably less 
15N enrichment showed little or no sign of Fe. However, difference maps across the Si 

and Al K-edges revealed greater concentrations of Si and Al in these particles (data 

not shown). 

In summary, organic matter derived from 15N-labeled fungal cell wall 

materials appears to be preferentially associated with surfaces of Fe (hydr)oxide 

minerals in amide N form and has a C signature consistent with that of microbial 

residues. 

4.4 STXM/NEXAFS characterization of spatial and chemical patterns in 

hyphae-associated microstructures  

To test whether morphological and chemical patterns observed within the three soil 

microstructures provide additional insights into general transformation pathways of 

native hyphal material (and the amino sugars therein), general patterns in the micro-

scale C and N dynamics were analyzed using the STXM/NEXAFS image data. A 

total of 21 C and N NEXAFS spectra were extracted for all structurally discernable 

features observed in the three imaged sample locations (see Figure 3A for ROIs). 

4.4.1 C NEXAFS spectroscopy 

Close comparison of recurring patterns in the 21 C NEXAFS spectra extracted from 

all three sample locations showed that they could be grouped into four distinct 

spectral types (Fig. 1.4B).  Morphological and chemical characteristics of each type 

are as follows: 

(1) Type 1 spectra (grey) represent fungal hyphae and are dominated by peaks 

corresponding to aromatic C (a), phenolic C (b), carboxyl/amide C (d), and O-alkyl 

(e) (Fig. 3B). In the absence of other aromatic compounds, aromatic C is derived 

from proteinaceous cell wall components and/or melanin-like compounds, while 

amide C functionalities have their origin in chitin constituents of fungal cell walls. 

Phenolic peaks likely arise from fungal melanin and/or surface-associated phenols 
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which tend to coat the fungal mycelium during the breakdown of lignin (Chua et al., 

1983; Perez and Jeffries, 1992; Tian et al., 2003; Zhong et al., 2008). 

(2) Type 2 spectra (brown) are associated with amorphous organic residues 

surrounding the fungal hyphae and mineral particles. These spectra show strong 

similarity to those identified as Type 1, but originate from objects that lack the 

straightforward morphology of fungal hyphae. 

(3) Type 3 spectra (green) were extracted from small ROIs in the immediate 

vicinity of hyphal structure and mineral particles. These spectra show dominant 

resonances in the aromatic C region (a), followed by a steep rise in the 

carboxyl/amide C region (d). The overall spectral signature is that of microbial tissues 

and proteins (see Fig. 1.3A, also: Toner et al. (2009)), implying that this spectral type 

represents OM composed of microbial biomass or material that has been processed by 

a microbial metabolism. 

(4) The fourth spectral type (blue) was derived from OM bound to mineral 

surfaces (= mineral-associated OM). Comparing Type 4 to Types 1-3 is of interest 

because the latter represent potential sources for the surface-associated OM. Type 4 

spectra differ substantially from Type 1 and 2 spectra, and exhibit the same microbial 

signature as Type 3 with the exception of two subtle differences. These are a slightly 

lower aromatic C signal (letter “a” in Figure 1.4B) and a slightly stronger O-alkyl C 

signal (e) relative to that of carboxylic C/amide N (d). These differences suggest that 

this mineral-associated OM is derived from microbial materials or residues (similar to 

Type 3), and that the contributions from Types 1 and 2 (hyphae dominated) are 

minor. 

Deconvolution of the C NEXAFS spectra showed significant chemical 

changes across the four distinct features (or ‘Types’) of the sample (Table 1b). First, 

the relative proportion of carbonyl C remains relatively constant going from Type 1 

to Type 4 spectra, with a concomitant decrease in O-alkyl C. Second, the relative 

amounts of carboxyl C/amide C and aliphatic C increase from Type 1 though 4, with 

surface-bound OM having the highest contribution. Finally, the relative proportions 

of aromatic and phenolic C declined from Type 1 to 3, and are lowest in those organic 

materials that are attached to mineral surfaces (Table 1.1). 
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Along the sequence from Type 1 to mineral-associated Type 4 materials, there 

is a consistent evolution of the functional group composition (Fig. 1.4A). The 

abundance of aliphatic C progressively increases until it peaks on mineral surfaces 

where it is more than double relative to Type 1 materials. In contrast, aromatic and 

phenolic C abundances gradually decline to less than half of the Type 1 value (-68% 

and -47%, respectively). 

4.4.2 N NEXAFS spectroscopy 

In the corresponding N NEXAFS spectra of the four spectral types described above 

(Fig. 1.4C), a broad absorption band at 401-402 eV, originating from amide N, 

dominates all four types. This amine N peak is more pronounced in Types 1 and 2 

than in Type 3, suggesting some depletion of amide N may have occurred during the 

progression from Type 1 to Type 3 materials. The average N NEXAFS spectrum of 

mineral-associated OM shows a less pronounced amide N peak. Lines indicating the 

standard deviation suggest a substantial variation in abundance and form of N on 

these surfaces (Fig. 1.4C). In contrast to the average spectrum of Fe-associated OM 

(Fig. 1.2; extracted from small 15N-enriched patches in Fe hydroxide surfaces), this 

spectrum was averaged across five minerals. It is possible to assume that some of the 

variability in the results is related to differences in mineral surface chemistry. 

4.5 Characterization of the δ15N and Fe distribution of distinct morphological 

and chemical features 

NanoSIMS imaging of the STXM locations described above was used to measure 15N 

enrichment as a function of Fe abundance across the four distinct morphological and 

chemical features (or ‘Types’) (Fig. 1.5A). All four types were enriched in 15N 

relative to unlabeled bulk soil and the extracted microbial biomass (Fig. 1.5A, solid 

lines). Among the four particle types, Fe abundance increased, with Type 1 < Type 2 

< Type 3 < Type 4.  Along the same trajectory average δ15N values showed a steep 

increase from Type 1 (intact hyphae) and Type 2 (decomposing hyphae) to Type 3 

(microbial residue), before increasing more moderately to Type 4 (mineral-associated 

OM) following a log relationship (R2 = 0.81, p < 0.05) (Fig. 1.5).  The elevated 

enrichment for Type 3 (microbial residue) were in agreement with our isotopic data 
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for enriched bulk soil showing 15N enrichment of the microbial biomass relative to 

the whole soil (Fig. 1.5, dashed lines).  

In addition, δ15N values were extracted from local 15N-hotspots on Fe-rich 

particles previously analyzed by STXM/NanoSIMS (Fig. 1.1, white arrows). These 

values tended to be larger than those of Type 3 (microbial residue) and Type 4 

(mineral-associated OM), and are correlated with Fe abundance (R2 = 0.98, p < 0.05) 

(Fig. 1.5B).   

In order to substantiate the relationship between 15N enrichment and Fe 

abundance, 30 additional Fe-rich particles in 40 randomly selected 10 x 10 µm 

images were analyzed by NanoSIMS. In this larger dataset, Fe-rich particles were 

significantly enriched in 15N compared to the remaining soil particles (p < 0.05) (Fig. 

1.5C). 
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5. Discussion 

Our combined imaging mass spectrometry and STXM/NEXAFS results suggest that 

in the vicinity of fungal hyphae and associated soil microstructures, 15N-labeled 

amide N, derived from fungal cell wall material, preferentially associates with Fe 

(hydr)oxide surfaces or Fe-OM co-precipitates on the surface of other minerals. After 

3 weeks of incubation we found no significant 13C-enrichment suggesting that much 

of the C in the initial substrate may have become mineralized. The chemistry of 15N-

enriched Fe-associated spots, however, was dramatically altered compared to the 

initial substrate and took on a spectral signature that is consistent with bacterial cells. 

The combination of C and N NEXAFS data further indicate that amide N found on 

mineral surfaces stems from bacterial protein rather than amino sugars or nucleotides. 

This suggests that the fungal cell wall material may have been rapidly metabolized 

prior to partitioning onto the mineral surfaces. 

5.1 Microbial C cycling in hyphal-dominated microenvironments 

General patterns of C and N dynamics within the three sample locations were 

resolved by categorizing similar chemical and morphological features into four 

distinct types. The chemical trends observed in the four spectral types can be 

rationalized by assuming that (i) Type 1 spectra represent fungal hyphae surrounded 

by dead hyphal residues (Type 2) that lost their morphological structure due to initial 

decomposition processes, but still consist of the same chemical components, (ii) Type 

3 spectra reflect microorganisms or microbial residue associating with the hyphae, 

and (iii) OM associated with minerals represent an endpoint (Type 4) where selected 

microbial components derived from Type 3 accumulate (Fig. 1.4B). 

The model we propose for chemical transformations of the added cell wall 

biomass is supported by the strongly microbial C chemistry in Type 3 and 4 features, 

which are dominated by the aliphatic C of cell membrane phospholipids and 

carboxyl/amide C of proteins in bacterial cells (Lengeler et al. 1999). The chemical 

trends not only indicate that mineral-associated OM is mostly of bacterial origin 

(Type 3), but also that certain chemical components (aliphatic C) become selectively 

enriched on mineral surfaces relative to their origin, while others (aromatic and 

phenolic C) are depleted. Spectra of this kind have been reported for organic 
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materials rich in proteins and aliphatics on marine particles (Brandes et al., 2004) and 

in soil microaggregates (Kleber et al., 2011; Lehmann et al., 2006). 

5.2 Microbial amide N cycling in hyphal-dominated microenvironments 

In hyphal dominated soil environments, transformation pathways of amino sugar N 

appear to be directly linked to the C dynamics that we discuss above. Assuming that 

mineral surface-associated C is of bacterial origin, we can reasonably assign the 15N-

enriched spots of amide N on the mineral surface to microbial residues as well. This 

suggests that amide N from amino sugars is initially assimilated by hyphal-associated 

bacteria, and subsequently re-synthesized into bacterial proteins before adsorbing to 

Fe (hydr)oxide surfaces of co-precipitation with Fe (hydr)oxide. That amide N from 

microbial proteins becomes concentrated by Fe (hydr)oxides may also be a result of 

associations that occur after cell lysis, through trapping of extracellular enzymes, or 

adhesive interactions of cell wall proteins during bacterial colonization (Rillig et al., 

2007) (Fig. 1.4B). In our incubation, amide N may have become concentrated 

(relative to C) due to microbial assimilation of the added fungal cell wall N. This 

conclusion is supported by the fact that low levels of 13C appeared to be dispersed 

uniformly through the sample, whereas 15N was found in concentrated patches. 

Our micro-scale observations of microbial assimilation of amide N in fungal 

cell wall material within a relatively short incubation period of 3 weeks concurs with 

previous reports suggesting fungal amino sugars act as an N source for microbiota in 

N-deficient forest soil ecosystems (Olander and Vitousek, 2000; Zeglin et al., 2011). 

Standard bulk analyses can only account for the fraction of the added N that becomes 

assimilated (biomass N pool) or mineralized (inorganic N pool). What is not 

accounted for by these methods is generally assumed to be either (i) N that was never 

modified by microbial activity or (ii) N from the cell wall material that was so fully 

transformed that it could not be detected in mineralized or assimilated pools. Our 

results suggest that some of this remaining amide N has undergone significant 

microbial transformations, and that the association of this residual amide N with Fe-

minerals may often escape detection by bulk analyses. The fact that this unaccounted 

microbial amide N is preserved on Fe-rich mineral surfaces also suggests that N 
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cycling in N-limited systems may be controlled in part by the presence of Fe 

(hydr)oxides or other mineral adsorbents with similar surface properties. 

5.3 High affinity of Fe (hydr)oxides for microbial C and N 

Our imaging investigation demonstrated that Fe (hydr)oxide surfaces or co-

precipitates act to concentrate aliphatic C derived from microbial lipids as well as 

amide C and N from bacterial protein, and suggests that such associations can form 

on a very short time scale. Both lipids and proteins are major components of bacterial 

extracellular polymeric substances (EPS) which both gram-positive and –negative 

bacteria exude EPS into the surrounding soil microenvironment (Davies, 1999), 

thereby coating exposed mineral surfaces.  The formation of these ‘conditioning 

films’ is generally regarded as an adaptive strategy to colonize mineral surfaces 

(Davies, 1999; Roberson and Firestone, 1992). Various studies show that microbial 

lipids tend to be enriched in clay-sized soil mineral fractions (Baldock et al., 1992; 

Clemente et al., 2011; Guggenberger et al., 1995). One possible explanation is the 

large sorptive affinity of phospholipids to the surfaces of clay-sized Fe (hydr)oxide 

minerals (Cagnasso et al., 2010; Omoike et al., 2004; Parikh and Chorover, 2008). 

For instance, Cagnasso et al. (2010) demonstrated the rapid formation of inner-sphere 

complexes between phosphate groups of bacterial cell membrane phospholipids and 

hydroxylated Fe oxide surfaces. Interactions of proteins with mineral surfaces are a 

long established phenomenon (Chevallier et al., 2003; Theng, 1979; Wershaw, 2004) 

and their roles in soil N cycling are discussed by Kleber et al. (2007) and Rillig et al. 

(2007). Omoike and Chorover (2006) showed that phosphorylated proteins in a 

mixture of extracellular polymeric substances preferentially adsorb to hydroxylated 

goethite surfaces via both inner-sphere and electrostatic interactions involving 

phosphate groups. The association of EPS with mineral surfaces via such sorptive 

interactions has been suggested to be the initial step in the formation of organo-

mineral assemblages in soils (Chenu and Stotzky, 2002), which are widely seen as 

essential to soil C and N stability (Kögel-Knabner et al., 2008; Lehmann et al., 2006; 

Miltner et al., 2011).  
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6. Conclusions 

Our high-resolution imaging investigation was focused on the microbial processing of 

biomaterials and the partitioning of newly synthesized microbial products onto 

hydroxylated surfaces in a real soil microenvironment, and suggests that associations 

of Fe (hydr)oxides with microbial residue can establish within very short time scales 

(three weeks). In our experiment, a substantial fraction of the 15N-labeled amide N 

from chitinous fungal cell wall material entering this particular microenvironment - 

dominated by closely associated fungal hyphae, bacteria and minerals - became 

preferentially associated with Fe (hydr)oxide minerals. The spectral signatures of 

these OM-Fe associations match those of microbial biopolymers, particularly proteins 

and lipids. This implies that intensive microbial processing of the amino sugars 

occurred prior to association with the mineral surfaces. We hypothesize that this is 

because N from fungal amino sugars was assimilated and processed by hyphal-

associated bacteria. It is possible that some of this amide N may not be continually 

recycled within the biomass pool, but instead may become concentrated and/or 

immobilized on Fe (hydr)oxides as microbial protein. Our results raise important 

questions regarding how associations of microbial N with Fe (hydr)oxide surfaces 

influences N cycling, specifically whether Fe surface immobilization of N affects its 

availability to microorganisms in these microenvironments: Is amide N bound 

irreversibly to these surfaces and rendered unavailable for microorganisms or is this 

surface-associated N part of a bioavailable ‘conditioning film’ that is actively 

promoted by microorganisms to serve a specific physiological purpose? Although the 

scope of this study is limited to organic layer horizons of a specific soil ecosystem, 

these issues are at the core of how we comprehend biotic and abiotic interactions that 

shape initial decomposition processes in soil and their implications for ecosystem 

functioning. 
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Table 1.1: Quantification of relative proportions of organic functional groups in 1s C NEXAFS spectra by Gaussian peak 
deconvolution  

 
Aromatic C Phenolic C Aliphatic C Carboxyl C/ 

Amide C 
O-alkyl C Carbonyl C Aromaticity* O-alkyl/ 

Aromatic C§ 
Photon energy [eV] 284-285.5 286.5–287 287.1–287.8 288.0–288.8 289-289.5 290-290.5   

a) Chemical changes in 15N-labeled materials [% abundance of functional groups#] 
Original fungal cell 
wall material 

9(1) 1(0) 11(1) 27(1) 46(2) 7(1) 0.34 4.95 

Fe-associated OM 
(15N-enriched) (n=3) 

10(1) 12(0) 15(0) 35(2) 24(1) 4(1) 0.30 2.31 

b) Chemical changes in spectral types [% abundance of functional groups#] 
Type 1 (n=3) 13(2) 16(3) 9(2) 32(3) 27(2) 4(2) 0.41 2.08 
Type 2 (n=6) 11(0) 13(3) 12(1) 35(3) 26(1) 3(2) 0.31 2.36 
Type 3 (n=7) 9(1) 11(1) 16(1) 36(2) 25(1) 3(1) 0.24 2.89 
Type 4 (mineral 
surfaces (n=5) 5(3) 9(1) 19(2) 38(1) 24(1) 5(1) 0.13 3.19 
# Numbers are mean values reported with standard error in parentheses 
*Aromaticity index = (Aromatic C)/(Carboxyl and Amide C) 
§ O-alkyl/Aromatic C = ratio of % O-alkyl to aromatic C 
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8. Figures 
 

 
Figure 1.1:Three hyphal-associated microstructures investigated by nano-scale SIMS 
imaging and STXM/NEXAFS spectromicroscopy: Panels A, B and C show (i) STXM 
optical density maps of the three microstructures recorded at 300 eV and the 
corresponding heat maps for (ii) δ15N and (iii) Fe across the entire feature generated 
using 12C15N-/13C14N- and 56Fe16O-/12C- secondary ion counts, respectively. 
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Figure 1.2: Near edge X-ray absorption fine structure (NEXAFS) spectra extracted 
from the 15N-enriched regions on the Fe-rich particle surfaces. Averaged and 
normalized NEXAFS spectra of these locations collected at the C [A] and N [B] 1s 
absorption edge are compared to reference spectra of an amino sugar (N-acetyl-
glucosamine, the monomer of fungal chitin), polysaccharide (alginate), protein 
(bovine serum albumin) and bacterial cells (E. coli). NEXAFS spectra collected at the 
Iron 2p absorption edge [C] are compared to reference spectra of goethite (α-
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FeOOH). Average spectra are shown as mean ± standard deviation to this mean. 
Average spectra were obtained by calculating the mean at each energy value with n = 
number of spectra. [A] Carbon 1s absorption edge peaks are identified as C=C 1s-π* 
transition of aromatic C at 285.1 eV (a), 1s-π* transition of C=C in ene-ketone at 
286.7 eV (b), 1s-3p/ σ* transition of aliphatic C at 287.4 eV (c), 1s-π* transition of 
carboxylic and/or amide C at 288.3 eV (d), the 1s-3p/σ* transition of alcohol C-OH at 
289.4 eV (e), and the 1s-π* transition of carbonyl C at 290.3 eV (f) (Cody et al., 
1998; Cody et al., 2011; Kleber et al., 2011; Schumacher et al., 2005; Solomon et al., 
2009; Solomon et al., 2005). [B] Nitrogen 1s absorption edge peaks are identified as 
imine N 1s-p* transition at 399–400 eV (a), amide N 1s-3p/p* transition at 401.3 eV, 
and nitro N 1s-π* transition at 403.6 eV (c) (Cody et al., 2011). [C] Iron 2p 
absorption spectra consist of two main features associated with transitions from the 
2p3/2 (L3, ∼710 eV) and 2p1/2 (L2, ∼721 eV) core levels. Absorbance was 
normalized at the location of the low-energy peak (709.8 eV). 
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Figure 1.3: Allocation of normalized C and N near edge X-ray absorption fine 
structure (NEXAFS) spectra to four typical signal patterns (“Types”). [A] Optical 
density map of hyphal-associated microstructures with colored regions of interest 
(ROIs) from which NEXAFS spectra at the C 1s absorption edge and the N 1s 
absorption edge were collected. ROIs are color-coded according to the spectral types 
extracted from them: Type 1 (grey), Type 2 (brown), Type 3 (green) and mineral 
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surfaces (blue). Type 1 was designated as intact fungal hyphae, Type 2 as 
decomposing hyphal residue, Type 3 as microbial residue, and Type 4 as Fe-particle 
associated OM). Scale bar = 1 µm.  For each of the four types of spectra identified we 
show the C 1s absorption edge spectra [B] and N 1s absorption edge spectra [C]. C 
and N 1s absorption edge peaks are identified as described in the caption to Figure 2. 
All plots show normalized and averaged spectra ± standard deviation. Average 
spectra were obtained by calculating the mean at each energy value with n = number 
of spectra (nType 1 = 3; nType 2 = 6; nType 3 = 7; nmineral surfaces = 5). 
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Figure 1.4: [A] Percent changes in the relative abundance of functional groups across 
the four spectral ‘Types’ as defined in Fig. 1.2A. Calculations were based on a 
proposed model that assumes that Type 1 material becomes transformed into Types 2, 
3, and 4 materials during sequential microbial processing. Hence, percent changes in 
functional group abundance are expressed relative to Type 1 material (‘baseline’). 
Mean values ± SE are reported. [B] Proposed model for microbial amide N cycling in 
the soil matrix adjacent to fungal hyphae. The chemical composition of organic C at 
each processing step corresponds to that depicted in [A]. 
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Figure 1.5: [A] Average 15N enrichment as a function of Fe abundance for defined 
‘Types’ of structures within the three heterogeneous soil microstructures analyzed by 
nano-scale secondary ion mass spectrometry (NanoSIMS) imaging. Data points are 
color-coded according to the spectral types extracted from them: Type 1 (grey), Type 
2 (brown), Type 3 (green) and Type 4 (blue). The reader is referred to section 3.3 for 
additional discussion of these types. Given values for δ15N and Fe represent averaged 
12C15N-/13C14N- and 56Fe16O-/12C- ion ratios, respectively, of entire ROIs and do not 
account for the within-feature variability (e.g. as is evident on the surface of the large 
mineral particles in Fig. 1.1). Mean values ± SE are given for each Type (nType 1 = 3; 
nType 2 = 3; nType 3 = 4; nmineral surfaces = 3).  Average δ15N values of whole soil and 
chloroform-extracted microbial biomass of soil incubated over the 3-week time 
period are drawn as horizontal lines. For comparison, values for soils amended with 
15N-labeled cell wall material (enriched) and unlabeled cell wall materials (control) 
are provided. [B] Average 15N enrichment as a function of Fe abundance for 
‘hotspots’ located on the three Fe-rich particles shown in Fig. 1.1 (white arrows). 
Mean values ± SE are reported for each ROI (n = 20).  [C] 15N enrichment of soil 
particles detected in 40 randomly selected 10 x 10 µm images analyzed by 
NanoSIMS. Fe-rich particles (n = 30) are defined as features with 56Fe16O-/12C- ratios 
≥ 0.03 and particle sizes > 0.3 µm2, while all remaining, mostly organic soil particles 
(n = 180) are defined by 56Fe16O-/12C- ratios between 0.001 and 0.03. Mean values ± 
SE are reported. 
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1. Figures 

 
Figure A-1.1: Corresponding STXM transmission maps, Fe distribution map, and C 
NEXFAS spectra of hyphal-associated microstructures harvested after one and two 
weeks of incubation. Transmission was measured at 290 eV, Fe maps are based on 
difference maps of images taken above and below the edge (700 and 709 eV), and C 
NEXAFS are grouped into the four distinct ‘types’ discussed in the main text.  ROIs 
drawn in the transmission map indicate the origin of the spectra. 
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Figure A-1.2: Illustration of the Gaussian and arctangent functions used for the 
spectral deconvolution of C NEXAFS.  [A] Sample spectrum taken from type 1 (solid 
line) and the best fit (dashed line).  [B] positions of gaussian and arctangent function 
producing the best fit in this example. 
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1. Abstract  

Root exudation, the release of soluble organic compounds into soils, is projected to 

increase with rising atmospheric CO2 concentrations. There is debate whether 

changing exudate inputs will enhance carbon (C) sequestration in soils or reduce 

current stocks. Exudate-induced C loss is commonly attributed to enhanced microbial 

activity. However, this response requires mechanisms that overcome protective 

associations of organic C with soil minerals. Here we present evidence that certain 

exudates effectively release C from mineral associations and thereby promote C loss 

from the system. We find that ligand interactions between oxalic acid (a common root 

exudate) and mineral-organic associations stimulate C accessibility and 

mineralization more than energetically preferred exudate compounds such as glucose 

and acetic acid. We conclude that plant roots have the ability to counteract the 

stabilizing effects of mineral-organic associations, representing a hitherto unknown 

abiotic mechanism that allows decomposers to access otherwise protected soil C. 
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2. Introduction  

Plants direct between 40-60% of photosynthetically fixed C to roots and associated 

microorganisms via sloughed-off root cells, tissues, mucilage and a variety of exuded 

compounds (Clemmensen et al., 2013; Högberg et al., 2001). Elevated atmospheric 

CO2 concentrations in the atmosphere are projected to increase the quantity (Carney 

et al., 2007; Phillips et al., 2011) and alter composition (DeLucia et al., 1997; 

Fransson, 2012) of root exudates released into the  soil. What seems less clear, is 

whether changing exudate inputs will enhance C sequestration in soils, or cause loss 

of native (or ‘old’) organic C (Heimann and Reichstein, 2008). A better 

understanding of the mechanism underlying soil C loss is needed to predict how the 

large soil organic C pools may respond to global environmental change. 

Exudate-induced soil C loss is commonly attributed to a "microbial priming 

effect" - the notion that because exudates provide C and energy, they might stimulate 

microbial activity and accelerate microbial mineralization of old C (Heimann and 

Reichstein, 2008; Kuzyakov, 2002). In the priming model, readily available exudates 

provide C and energy (i.e., electrons) for microbial growth (Fontaine et al., 2004), 

extracellular enzyme production (Kuzyakov, 2002) and/or co-metabolic processes 

(Klotzbücher et al., 2011). Combined, these processes are understood to increase the 

physiological potential of soil microbes to mineralize organic C (Kuzyakov, 2002). 

However, current models consider neither the limited size of soil C pools accessible 

to decomposers (Kemmitt et al., 2008) nor possible roles of specific exudates in 

promoting C accessibility.  

In mineral soil, the majority of C compounds are intimately associated with 

reactive mineral phases (Baisden et al., 2002; Torn et al., 1997). Metal-organic 

complexes and short-range order (SRO) metal (oxyhydr)oxide minerals bind organics 

due to large surface areas and various bonding sites (Chorover and Amistadi, 2001; 

Mikutta et al., 2007). Such mineral-organic associations limit microbial and 

enzymatic access (Conant et al., 2011) and are the most important mechanism to 

protect organic C from microbial use (Mikutta et al., 2006). Recent conceptual 

frameworks therefore argue that mineralization rates are controlled by abiotic 

processes that convert mineral-protected C into accessible C (Conant et al., 2011; 
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Kemmitt et al., 2008; Schmidt et al., 2011). It is unclear whether exudates facilitate 

loss of protected C through processes that increase microbial access. 

The effect of root exudates on accessibility of mineral-associated C pools is 

likely to be enhanced by direct or indirect processes, depending on the exudate’s 

chemical properties. Organic acids are capable of directly dissolving metal-organic 

complexes and SRO minerals (Collignon et al., 2012; Fimmen et al., 2008), while 

other classes of exudates (e.g., simple sugars) do not directly engage in strong mineral 

reactions. Instead, energetically rich exudate compounds may stimulate rhizosphere 

microbial activity and O2 consumption (Højberg and Sørensen, 1993; Tschiersch et 

al., 2012), to the point that reduced conditions develop and facilitate dissolution of 

redox-sensitive minerals (Fimmen et al., 2008; Fischer et al., 1989). Both of these 

direct and indirect mineral dissolution pathways represent viable mechanisms for the 

release of C from protective minerals associations. 

To examine the effect of root exudates on accessibility and loss of C protected 

in mineral-organic associations, we studied three abundant (Jones et al., 2003) yet 

functionally different exudate classes. We anticipated that direct dissolution of 

minerals would be promoted by oxalic acid, a strong metal complexing agent that is 

of limited bioenergetic use for microbes. In contrast, we expected glucose additions to 

be readily metabolized, stimulate microbial O2 consumption, and possibly lead to 

reductive mineral dissolution. We predicted acetic acid might have an intermediate 

response, as it is less easily metabolized than glucose and has a lower complexing 

capacity than oxalic acid. We tested these hypotheses by delivering a continuous 

supply of individual exudate solutions through an artificial root into unperturbed soil, 

simulating a rhizosphere environment (Appendix, Fig. A-2.1). Exudates were 

supplied to a natural soil (silt-loam, Table A-2.1) at rates mimicking natural root 

exudation rates (Cheng et al., 1996; Paterson et al., 1999). To distinguish exudate C 

from native soil C, individual exudate solutions were isotopically labeled with 13C 

(8800 ‰). We identified C loss mechanisms by relating exudate effects on O2 

consumption, microbial community composition, and mineral-organic associations 

across the rhizosphere to C accessibility and mineralization rates. These fine-scale 

effects were determined using O2 microsensors, high-throughput pyrosequencing, 



49 

 

selective extractions, scanning transmission X-ray microscopy with near-edge X-ray 

absorption fine structure (STXM/NEXAFS) and high-spatial resolution secondary ion 

mass spectrometry with a NanoSIMS. 

 

3. Results 

3.1 Visible changes in the rhizosphere 

Exudate solutions or an inorganic nutrient solution (control) were provided over a 35-

d incubation period. Compared to the control, all three exudate compounds induced 

visible physical gradients surrounding the artificial root after 7-10 days, which 

remained stable until the end of the experiment. These pronounced effects developed 

around the entire root and extended up to 5-10 mm into the soil in the oxalic acid 

treatment  (Fig. 2.1a), but were limited to small patches around the root in soils 

receiving glucose and acetic acid additions. 

 

3.2 Changing O2 dynamics in the rhizosphere 

To determine the effect of root exudates on O2 concentrations, microsensor 

measurements were conducted along 15-mm transects across the undisturbed 

rhizosphere soil (Fig. 2.1b). Both exudate type and distance to the root were 

significant factors influencing rhizosphere O2 concentrations (p < 0.0005). Addition 

of oxalic acid significantly depleted O2 for up to 5 mm into the rhizosphere soil, with 

the lowest values close to the root (p < 0.05) (Fig. 2.1b). In contrast, O2 depletion due 

to glucose or acetic acid additions was restricted to the first 1.5 mm of soil around the 

root. Across the entire rhizosphere zone (0-15 mm), microbial O2 consumption rates 

followed a consistent pattern: acetic acid < glucose < oxalic acid (Fig. 2.1b, inset). To 

test whether this observation was soil specific, we conducted the same experiment 

with a clay soil differing in texture and mineralogy (Table 1). Interestingly, oxalic 

acid showed the strongest O2 depletion concentrations (Fig. A-1), confirming the 

observed pattern. Overall, microbial O2 consumption in the oxalic acid treatment 

exceeded that of glucose by a factor of ~1.6 (silty-loam) and ~2.8 (clay) (Table 2.1).  

The unexpectedly steep O2 gradients caused by oxalic acid exudation 

prompted us to consider the differences between oxalic acid and glucose 
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mineralization rates, and the stoichiometry of microbial carbon-use efficiency (CUE) 

and biochemical oxygen demand (BOD). Reported CUEs (the ratio of C assimilated 

into new biomass relative to the amount of C used in cellular respiration) for oxalic 

acid (5-25%) and glucose (40-70%) in soils (Brant et al., 2006; Frey et al., 2013; 

Schneckenberger et al., 2008) suggest that the fraction of oxalic acid C released as 

CO2 (75-95%) is about twice that of glucose C (30-60%). Mineralization (i.e., 

complete oxidation) of oxalic acid to CO2 requires 0.25 moles of O2 per unit C 

compared to 1 mole of O2 per unit C for glucose (Table 2.1). The BOD expected for 

mineralization of each substrate is equal to: 

 

Expected BOD = (1 – CUE) × stoichiometric BOD   equation (1) 

 

The CUE and stoichiometric BOD values used are shown in Table 2.1. 

Results of these calculations illustrate that the BOD expected for microbial 

mineralization of oxalic acid should only be half the value associated with glucose 

oxidation (Table 2.1). Because our measured O2 consumption values trend the 

opposite way, we conclude that mineralization of other (non-exudate) C pools 

accounts for at least 50% of O2 consumption in these experimental rhizospheres. 

 

3.3 Shifts in microbial community structure 

On the basis of the O2 profile measurements, soil surrounding the root was divided 

into three discrete zones (0-4, 5-12, and 13-50 mm). These zones were analyzed 

individually for changes in microbial community structure, as well as total soil C, pH, 

and mineralogy. Oxalic acid caused greater shifts in bacterial and archaeal 

communities than the other exudates (Fig. 2.2a). Near the root (0-4 mm), oxalic acid 

significantly increased the relative abundance of Bacteroides and Proteobacteria and 

reduced that of Acidobacteria, Firmicutes and Verrucomicrobia (p < 0.05) (Fig. 2.2b), 

resulting in an overall decrease in alpha diversity (Table A-2.6). Bacterial 

communities in the acetic acid amended soils shifted in a similar but less pronounced 

manner relative to oxalic acid treated soils; glucose had very little effect on bacterial 

community composition. 
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Bacteroidetes and Proteobacteria, which were promoted by the in the oxalic 

acid and acetic acid treatments, have been positively correlated with C mineralization 

rates and bioavailability in previous studies (Eilers et al., 2012; Fierer et al., 2007). 

Given that equal amounts (on a C-basis) of the three similarly assimilable exudates 

were provided in each treatment, strong growth of taxa from these phyla in the oxalic 

acid treatment may reflect an adjustment to increased access to C from sources other 

than oxalic acid. 

 

3.4 Carbon, pH and metal dynamics  

Soils with oxalic acid exudation had lower total soil C content in the zone closest to 

the root relative to glucose or acetic acid treated soils (Fig 2.3a). While we did not 

measure C mineralization directly, this overall decrease in soil C is congruent with 

the greater microbial O2 consumption (Fig. 2.1b, inset) we measured in the oxalic 

acid treatment and indications of accelerated microbial C mineralization (or 

‘priming’) observed elsewhere (Falchini et al., 2003; Hamer and Marschner, 2005). 

Measured immediately after harvest, pH of soil close to the root was 1.5 and 

0.7 units higher in oxalic and acetic acid treatments, respectively, while glucose 

lowered the pH by 0.5 units (Table A-2.7). Increases in pH as a result of organic acid 

additions have been attributed to microbial decarboxylation (Yan et al., 1996) or 

mineral dissolution reactions (McBride, 1994). However, at the low O2 

concentrations observed in the oxalic acid treatment, pH could also have been 

affected by dissimilatory metal reduction (Lovley, 1991) or denitrification (Glinski et 

al., 1992) in anaerobic microsites. It is important to note that we observed further pH 

increases when samples were allowed to equilibrate with the atmosphere. This 

observation suggests that removal of dissolved CO2 diminished the buffering 

capacity. The presence of excess dissolved CO2 further supports the notion that C 

losses had occurred due to increased microbial mineralization. 

To identify exudate-induced effects on protective mineral-organic associations 

within the three discrete zones, sequential extractions targeting metals in organic 

complexes and short-range order (SRO) phases were performed (Fig. 2.3b). 

Compared to the control, oxalic acid addition significantly decreased concentrations 
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of Fe and Al phases up to 12 mm into the soil (p < 0.05). Specifically, organically 

complexed Fe and Al decreased with increasing proximity to the root, paralleled by a 

notable decline of Fe in SRO phases. Acetic acid exudates also significantly reduced 

the amount of Fe and Al in organic complexes in the zone closest to the root (p < 

0.05), while glucose showed no measureable effect.  There were no significant 

responses of more crystalline pools to the exudate treatments. 

We infer that in our system, physiological levels of oxalic acid effectively 

disrupt mineral-organic associations involving metal-organic complexes or SRO 

phases (Fig. 2.3b). This effect appears to be limited to mineral-organic associations 

formed by poorly crystalline rather than more crystalline mineral phases. This effect 

resembles soil weathering by roots in arable soil (Fischer et al., 1989) more than the 

stronger weathering caused by large tree roots in forest soils (Fimmen et al., 2008). 

 

3.5 Carbon accessibility in rhizosphere pore water 

We examined the concentration and speciation of pore water C and metals as a test 

for the liberation of mineral-bound organic C (Table A-2.7). In the near-root zone (0-

4 mm), oxalic acid addition increased pore water C concentrations by a factor of ~8 

compared to the control, while acetic acid and glucose additions affected C 

concentrations by factors of ~2.5 and ~1, respectively.  This increase in dissolved C 

in the pore water correlated with increases in dissolved Fe (R2 = 0.98) and Al (R2 = 

0.95) ((Fig. 2.4a, Table A-2.7). The bulk chemical composition of organic C in the 

pore water was determined by laser desorption post ionization mass spectrometry 

(LDPI-MS), a particularly sensitive method for analysis of lignin-derived compounds 

(Liu et al., 2013). Mass spectra of pore water from the oxalic acid treatment showed a 

notably greater abundance of high mass-to-charge peaks (m/z = 250 to 500) relative 

to the other treatments (Fig. A-2.3). These mass peaks can be attributed to aromatic 

di- and trimers, based on the relatively low ionization potential of aromatic 

constituents and peak patterns resembling those of lignin in soils (Liu et al., 2013). 

These results support the hypothesis that oxalic acid addition chemically disrupted 

metal-organic complexes and SRO mineral phases in the rhizosphere (Fig. 2.3b) and 

increased porewater concentrations of C and metals more than either glucose or acetic 
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acid (Fig. 2.4a). Oxalic acid exudates appear to increase microbial access to C in the 

pore water via this mechanism. 

 

3.6 Spectromicroscopic insights into mobilization mechanisms 

To gain further insight into the mechanisms of organic matter mobilization, the 

chemical forms of pore water C and its association with inorganic constituents were 

determined using NanoSIMS and STXM/NEXAFS imaging. NanoSIMS analysis of 

organic C in the pore water showed that very little (< 2.5 %) of C detected was 

derived from 13C-labeled exudates (Table A-2.10). This confirms that exudates are 

rapidly removed from solution by microbial uptake and/or adsorption to minerals 

(Fischer et al., 2010). STXM revealed that organic compounds isolated from the 

oxalic acid treatment showed only traces of Ca (Fe was below the detection limit), 

while organic C from the control treatment was associated with considerable amounts 

of Ca and Fe. Pore water C from the oxalic acid treatment also featured prominent 

resonances assigned to aromatic (1s-π* transitions of aryl C=C) and carboxylic 

moieties (1-π* transition of COOH) in the corresponding NEXAFS spectra (Fig. 

2.4c). In contrast, spectra of glucose, acetic acid, and control treatments did not 

indicate any aromatic C resonance.  

Lignin-derived aromatic acids are strong metal chelators (Mikutta, 2011) and 

are often associated with SRO minerals (Kramer et al., 2012; Mikutta et al., 2009). 

Crosslinking between these multivalent cations and carboxylic and phenolic groups 

facilitates aggregation and precipitation of organic compounds (Kunhi Mouvenchery 

et al., 2011; Römkens and Dolfing, 1998). Oxalic acid, with its high ligand binding 

constant, strips cations such as Fe and Ca from organic compounds in the pore water 

(Fig. 2.4b). In our experiment, we observed enhanced solubility of organic 

compounds, supporting the hypothesis that oxalic acid removed the cations from 

these organic complexes. 

Based on our results, we conclude that oxalic acid addition increased pore 

water concentrations of aromatic and carboxylic C (Fig. 2.4c) associated with lignin-

derived di- and trimers (Fig. A-2.3).  Our results suggest that low concentrations of 

oxalic acid released into the rhizosphere suffice to remobilize such compounds. An 
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alternative explanation is that polysaccharides and microbial extracellular polymeric 

substances (EPS) bound in mineral-organic associations (Chenu and Stotzky, 2001; 

Eusterhues et al., 2011) were mobilized at the same time. Preferential microbial 

decomposition of these compounds could have caused the relative enrichment of pore 

water aromatic acids that we measured. 

 

4. Implications for soil C cycling at the root-soil interface 

Root exudates are thought to accelerate microbial mineralization of soil C in the 

rhizosphere primarily because they provide easily assimilable C and energy to 

decomposer organisms (‘microbial priming effect’) (Kuzyakov, 2002).  Based on this 

assumption, one would expect energetically favorable exudates such as glucose to 

cause greater C loss than less attractive ones such as oxalic acid (Table 2.1).  

Here we tested whether C loss in the rhizosphere may also be due to the 

exudates’ ability to release C from mineral associations and increase microbial 

access. We hypothesized that glucose would increase the accessibility of protected C 

by stimulating microbial O2 consumption that leads to the reductive dissolution of 

minerals. The ligand oxalic acid, on the other hand, was expected to release C from 

minerals through direct reactions with the structural metal cations. However, we were 

surprised to find that oxalic acid not only disrupts mineral-organic associations more 

effectively than glucose and acetic acid, but also leads to greater microbial O2 

consumption and soil C loss. These greater microbial C mineralization rates coincided 

with increases in accessible C and fast-growing and rapidly C-mineralizing microbial 

taxa. 

These findings suggest that root exudates with metal-complexing abilities 

(e.g., oxalic acid, citric acid, malic acid) promote microbial access to C protected in 

mineral-organic associations. Rather than via ‘microbial priming’, these organic 

ligands accelerate microbial mineralization of C in the rhizosphere via a multipart 

mechanism (Fig. 2.5). First, organic ligands such as oxalic acid (i) mobilize mineral-

bound organic C through complexation and dissolution of SRO phases and (ii) 

solubilize organic compounds through the removal of cross-linking metal cations 

from organic aggregates.  These abiotic reactions promote the accessibility of organic 
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compounds to microbes; increased microbial access subsequently (iii) stimulates 

microbial mineralization and shifts the community structure towards phyla adapted to 

high C bioavailability.  In turn, increasing microbial activity is accompanied by (iv) 

greater O2 depletion that may create anaerobic microsites (Fimmen et al., 2008; 

Fischer et al., 1989). In reducing microsites, mineral-organic associations are 

disrupted by reductive dissolution of SRO phases, promoting further release of 

protected C into more accessible pools.  

Current C cycle models consider C in mineral-organic associations 

permanently inaccessible to microbes and protected from loss processes for millennia 

or longer (Koven et al., 2013). Here we demonstrate a mechanism by which plant 

roots could counteract the strong protective effect of mineral-organic associations and 

facilitate C loss from the soil system. This physiological capacity of plants will have 

to be factored into next-generation C cycling models if root exudation rates respond 

to global change as predicted. Elevated CO2 concentrations promote root exudation 

(Carney et al., 2007; Phillips et al., 2011), particularly that of oxalic acid (DeLucia et 

al. 1997), and mobilize metal cations in the rooting zones (Cheng et al., 2010). This 

response offers an indication that the mechanism presented here may increasingly 

destabilize mineral-protected soil C in a changing climate. Determining how 

protective mineral-organic associations respond to future changes in exudation 

patterns should be a high priority for future research. We conclude that plant roots 

have the ability to undermine the stability of mineral-organic associations, suggesting 

that mineral-associated C pools may not be as protected as contemporary models 

assume.  
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5. Methods 

Soils were chosen to represent two important biomes, forests and grasslands. 

Volcanic ash clay (Typic Hapludands) under Douglas-fir (H.J. Andrews Experimental 

Forest, Oregon, USA) and medium-textured silt loam (Typic Haploxerolls) under 

cultivation with Triticum spp. (Columbia Basin Agricultural Research Center, 

Pendleton, Oregon, USA) were collected in spring 2011. At both sites, soil cores and 

mixed samples of surface horizons characterized by dense root networks were 

collected and stored at field moisture at 4˚C until further use (see Table A-2.1 for soil 

characteristics).  

Incubations were conducted in microcosm systems designed and fabricated to 

deliver a continuous supply of exudate solution through an artificial root into the soil 

(see Appendix for details). Each microcosm consisted of a 15 × 12 × 1 cm clear 

acrylic frame with a 14 × 10 × 0.8 cm opening. Each frame contained artificial roots 

consisting of microporous cylindrical rhizon samplers (Soilmoisture Equipment, 

Santa Barbara, CA). Soils were sieved (2 mm), pre-incubated at 75% field capacity 

for one week, and packed into the frame at field bulk density. The artificial roots were 

connected to a syringe pump equipped with a multi-syringe feeding system (PHD 

Ultra 4400 Programmable Syringe Pump, Harvard Apparatus, Holliston, MA), which 

provided sterile exudate solutions containing D-glucose, acetic acid or oxalic acid as 

well as inorganic nutrients for osmoregulation (330 µM KCl, 70 µM KH2PO4 and 70 

µM MgSO4). Concentrations of each exudate solution were normalized on a C-basis 

and the pump rate was adjusted such that exudates were delivered at a rate of 120 

µmol C d-1 per microcosm at 1 ml d-1. 13C-labeled substrates (Cambridge Isotope 

Laboratories, Inc., Tewksbury, MA) were used to enrich exudate solutions in 13C 

(final δ13C = 8800 per mil). Incubations were carried out in the dark for 35 d, with 

temperature (25˚C) and relative humidity (75%) controlled by an environmental 

chamber. Preliminary testing showed that this exudation rate approximately equaled 

the evaporation rate from the microcosms under these conditions. Two replicate 

microcosms were assembled for each treatment. 
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O2 concentration profiles were measured after the incubation period using Clark-type 

microsensors (OX-100, Unisense, Aarhus, Denmark). Microsensors had a 100 µm tip 

size, a stirring sensitivity of < 2%, and a 90% response time of < 1s.  Linear 

calibrations were performed in 0.1 M sodium ascorbate in 0.1 M NaOH  (0% O2 

saturation) and air bubbled water (100% O2 saturation) before and between 

measurements. The microsensor was mounted on a micromanipulator (MM33-2, 

Unisense, Denmark) and connected to a picoamperemeter (PA-2000, Unisense, 

Denmark) to collect six replicate measurements at distances of 0.5, 1, 5 and 15 mm 

from the root in each microcosm (see Appendix for details on the measurements). 

After the incubation, microcosms were opened an anaerobic glove box and 

three zones on both sides of the root (0-4, 5-12 and 13-50 mm from the root), were 

carefully sampled for metal and DNA/RNA extractions, pH and total C 

measurements. Metal pools in each zone were determined using a sequential 

extraction procedure consisting of (i) 0.1 M Na-pyrophosphate at pH 10 for 

organically complexed pools, (ii) 1 M ammonium acetate at pH 3 for acid-soluble 

pools, and (iii) 0.2 M ammonium oxalate at pH 3 for short-range order phases. 

Duplicate extractions were performed under anaerobic conditions in the dark. 

Elemental analysis of the supernatants was performed on a Perkin Elmer SCIEX Elan 

DRC II Inductively Coupled Plasma Mass Spectrometer (ICP-MS). Total RNA/DNA 

was extracted from 2 g soil of each zone using a MoBio PowerSoil RNA Isolation Kit 

in combination with the PowerSoil DNA Elution Accessory Kit (MoBio Laboratories, 

Carlsbad, CA, USA) following manufacturer's instructions. Replicate extracts for 

each sample were prepared for pyrosequencing as described in the Appendix. Soil pH 

was measured in a 1:5 slurry of soil to 0.02 M CaCl2 in MilliQ H2O. 

Soil pore water was extracted from the root zone (0-4 mm) using Whatman 

Centrex MF Disposable Centrifugal Microfilter (Whatman Inc, Florham Park, NJ), 

adapting an existing low-pressure centrifugal displacement technique (Perez et al. 

2004). In the glove box, a 2-g aliquot of moist soil was transferred to the sample 

reservoir. Soil pore water was displaced and filtered through pre-rinsed (twice with 

MilliQ H2O) 0.45 µm cellulose acetate membranes into the collection tube by 

centrifugation at 2000 × g for 60 min. Organic C concentrations in the pore water 
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samples were determined by UV/vis spectrophotometry and the chemical 

composition was analyzed using laser desorption synchrotron ionization (LDSI). 

LDSI was performed on a modified time-of-flight secondary ion mass spectrometer 

(TOF.SIMS V; IonTOF, Germany) coupled to a synchrotron VUV light port at 

beamline 9.0.2 of the Advanced Light Source (ALS) at Lawrence Berkeley National 

Laboratory. For combined imaging analysis of organic C and associated metals, 1µL 

aliquots were dried on Si3N4 windows (Silson Ltd, UK) under N2 atmosphere. 

STXM/NEXAFS spectromicoscopic analyses were performed at beamline 5.3.2.2 

(250–600 eV) of the ALS (Kilcoyne et al., 2003). 13C/12C ratios were acquired using 

high-resolution secondary ion mass spectrometry imaging performed on a NanoSIMS 

50 (Cameca, Gennevilliers, France) at Lawrence Livermore National Laboratory. 

Details on imaging analyses can be obtained in the Appendix. Statistical analyses 

(one- and two-way ANOVA and Tukey’s HSD test) were performed in OriginPro 

(OriginLab, Northampton, USA) with a p-value of less than 0.05 indicating statistical 

significance.  
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Table 2.1: a) Exudate properties and their b) expected and c) measured 
effect on microbial carbon-use efficiency (CUE) and biochemical oxygen 
demand (BOD) 
 Properties Glucose Acetic acid Oxalic acid 
a) Acidity (pKa) n.a. 4.76 1.25 and 4.14 
 Complex formation with Fe3+ 

(logK) ¶ 
n.a. 3.5 8.2 

     
b) CUE# (ratio) 0.4-0.7 0.4-0.6 0.05-0.25 
 Stoichiometric BOD  

(mol O2 mol-1 C) 
1 1 0.25 

 Expected BOD§  
(mol O2 mol-1 C) 

0.3-0.6 0.4-0.6 0.23-0.30 

     
c) Expected BOD& 1.0-2.0 1.3-2.0 0.7-1.0 
 Measured O2 

consumption& 
silt-loam 1.0 ± 0.3 0.5 ± 0.0 1.5 ± 0.0 
clay 1.0 ± 0.4 1.0 ± 0.5 2.4 ± 0.2 

¶ formation constants (logK) defined by the equilibrium constant K = 
{ML}/({M}+{L}) where M is Fe3+ and L is either glucose, acetic acid or 
oxalic acid (Smith and Martell, 1987). 

* measure of chemical energy of a substrate per unit mole of C. 
# reported microbial CUEs in soils (Brant et al., 2006; Frey et al., 2013; 

Schneckenberger et al., 2008) expressed as the amount of C assimilated in 
new biomass relative to the amount of C used in cellular respiration. 

§ range of expected BOD in soils calculated as (1 – CUE) × stoichiometric 
BOD. 

& expected BOD values and measured O2 consumption rates normalized to those 
of glucose. 
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7. Figures 

 
Figure 2.1: Exudate effects on artificial rhizosphere soil. a) Photograph of the 
artificial rhizosphere created by oxalic acid addition and the control for comparison. 
White arrows indicate positions of the artificial root. (b) O2 concentrations as a 
function of distance to the root. Points represent mean ± standard error of the mean (n 
= 2).  Asterisks denote locations with mean O2 concentrations significantly lower than 
the control determined (one-way ANOVA, Tukey’s ad-hoc HSD test, p < 0.05). Solid 
lines represent model fits used to calculate microbial O2 consumption based on Fick’s 
first law of diffusion (Højberg and Sørensen, 1993).  The inset shows volume-specific 
rates of O2 consumption in the rhizosphere for each exudate treatment. See Appendix 
for details on fitting parameters and rate calculations (Table A-2.9). 
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Figure 2.2: Microbial community response to exudate additions. a) Bacterial and 
archaeal unweighted Unifrac distances (a measure of phylogenetic dissimilarity 
between communities) as influenced by treatment and distance to the root. Both 
replicates are shown for each treatment. B) Average relative abundances of dominant 
phyla as a function of treatment in the root zone (distance to root = 0-4 mm). 
Asterisks denote significant differences compared to the control (one-way ANOVA, 
Tukey’s ad-hoc HSD test, p < 0.05). 
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Figure 2. 3: Exudate-induced effects on total soil C and mineral-organic associations. 
a) Total C as well as b) Fe and Al bound in organic complexes and short-range order 
phases are presented as a function of distance to the root. Treatment effects were 
calculated as the percentage difference between concentrations in treatment and 
control samples for each distance. Positive values indicate a treatment-induced pool 
increase, while negative values indicate a pool decrease. Letters denote significant 
differences among treatments and asterisks denote pool sizes significantly different 
from the control (One-way ANOVA, Tukey’s ad-hoc HSD, p < 0.05). Values are 
shown as means ± standard error (n = 2). 
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Figure 2.4: Metal-organic associations in the pore water. a) C mobilization into the 
pore water in relation to dissolved Fe concentrations. b) Ca and Fe associated with 
dissolved organic C collected from control and oxalic acid treatments.  Maps are 
generated as difference maps of two image scans collected above and below the 
respective absorption edge energies. c) Carbon K-edge NEXAFS spectra of pore 
water C. Spectra of discrete regions of interest are shown as dotted lines, with the 
blue lines and shaded areas representing mean and standard deviation, respectively. 
The number of regions analyzed was 8 for glucose, 9 for acetic acid, 10 for oxalic 
acid, and 9 for the control. See Appendix for details on difference maps. 
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Figure 2.5: Organic ligands promote accessibility and microbial use of C protected in 
mineral-organic associations.  
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APPENDIX (chapter two)



 

1. Tables 
 
 

Table A-2.1: Physical-chemical properties of silt-loam and clay soils 
 silt loam clay loam 
Classification 
(U.S. taxonomy) 

Typic Haploxeroll Humic Dystrudept 

Horizon and 
sampling depth 

Ap (0-10 cm) Ah (0-20 cm) 

Bulk density (g 
cm-3) 

1.24 1.04 

Field capacity* (%) 20% 32% 
pH#

 5.3 4.8 
Corg (%) 1.4 1.5 
C/N   
NO3

--N (ppm) 23 0.3 
NH4

+-N (ppm) 1.5 5.5 
Bray-P (ppm) 53 4 
CEC (meq kg-1) 13.6 12.7 
Soluble salts (Ms 
cm-1) 

0.56 0.05 

Carbonate n.d. n.d. 
* soil moisture retained at -0.33 bar hydraulic head as percentage of dry weight 
# in 0.01M CaCl2 
 



 

 
Table A-2.2: Fit parameters for oxygen diffusion model in a cylindrical system  
Soil Treatment Fit equation‡ R2 

Silt loam Glucose C(r) = 32 ln(r) + 152 0.90 

 Oxalic acid C(r) = 48 ln(r) + 94 0.92 

 Acetic acid C(r) = 15 ln(r) + 186 0.95 

Clay Glucose C(r) = 9 ln(r) + 187 0.97 

 Oxalic acid C(r) = 23 ln(r) + 151 0.98 

 Acetic acid C(r) = 10 ln(r) + 181 0.86 
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Table A-2.3: Summary of the sequential extraction procedure* 
Step Metal phases  

(Fe, Al, Si, Mn, Ca) Extraction 

1 Organically complexed 40 mL 0.2M Na-pyrophosphate at pH 10, 
agitated for 4 h‡, centrifuged§, rinsed¶ 

2 Acid-soluble 40 mL 1M ammonium acetate at pH 3.0, 
agitated for 4 h‡, centrifuged§, rinsed¶ 

3 Poorly-crystalline, short-range 
order 

40 mL 0.2M ammonium oxalate at pH 3, 
agitated for 4 h‡, centrifuged§, rinsed¶ 

‡ on reciprocal shaker at 100 rounds per minute 
§ centrifuged for 15 min at 900 x g 
¶ rinsed twice with MilliQ H2O 
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Table A-2.4: Extractable metal concentrations as a function distance to the 
root in silt loam (mean ± standard deviation, n = 2) 

Extractant Treatment Distance Al Si Mn Ca Fe 
  mm µmol g-1 

Na-pyrophosphate Glucose 0-4 16 ± 1 12 ± 0 1.7 ± 0.3 64 ± 0 11 ± 0 
(pH = 10)  4-12 16 ± 0 13 ± 0 1.1 ± 0.0 63 ± 3 11 ± 0 

  12-50 17 ± 2 14 ± 0 1.1 ± 0.0 65 ± 2 10 ± 0 
 Oxalic acid 0-4 4 ± 0 8 ± 1 1.2 ± 0.1 79 ± 11 4 ± 0 
  4-12 8 ± 1 10 ± 0 1.5 ± 0.0 64 ± 3 6 ± 0 
  12-50 19 ± 1 17 ± 1 1.0 ± 0.1 65 ± 2 11 ± 1 
 Acetic acid 0-4 8 ± 4 11 ± 1 0.6 ± 0.1 60 ± 2 7 ± 3 
  4-12 16 ± 0 13 ± 1 1.0 ± 0.1 64 ± 1 11 ± 0 
  12-50 18 ± 2 13 ± 0 1.1 ± 0.1 67 ± 3 11 ± 0 
 Control 0-4 20 ± 1 19 ± 3 1.1 ± 0.1 66 ± 2 12 ± 1 
  4-12 18 ± 1 15 ± 0 1.1 ± 0.1 66 ± 2 11 ± 0 
  12-50 18 ± 1 15 ± 1 1.1 ± 0.1 67 ± 3 11 ± 1 
        

Ammonium-oxalate Glucose 0-4 45 ± 3 34 ± 0 9 ± 2 0.6 ± 0.1 60 ± 5 
(pH = 3)  4-12 45 ± 5 34 ± 1 10 ± 1 0.6 ± 0.0 57 ± 6 

  12-50 45 ± 3 35 ± 0 11 ± 0 0.6 ± 0.1 60 ± 5 
 Oxalic acid 0-4 51 ± 4 36 ± 3 8 ± 1 0.6 ± 0.5 46 ± 6 
  4-12 47 ± 7 35 ± 1 8 ± 0 0.6 ± 0.0 55 ± 2 
  12-50 45 ± 1 35 ± 2 10 ± 1 0.6 ± 0.0 59 ± 2 
 Acetic acid 0-4 47 ± 5 35 ± 2 11 ± 1 0.7 ± 0.0 58 ± 6 
  4-12 45 ± 3 33 ± 0 10 ± 0 0.6 ± 0.0 58 ± 7 
  12-50 47 ± 4 34 ± 1 11 ± 0 0.6 ± 0.1 56 ± 6 
 Control 0-4 46 ± 0 36 ± 0 11 ± 0 0.6 ± 0.0 61 ± 1 
  4-12 45 ± 1 35 ± 1 10 ± 0 0.6 ± 0.1 60 ± 1 
  12-50 46 ± 3 35 ± 2 10 ± 0 0.6 ± 0.1 60 ± 0 
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Table A-2.5: Extractable metal concentrations as a function of distance to the 
root (mean ± standard deviation, n = 2) 

Extractant Treatment Distance Al Si Mn Ca Fe 
  mm µmol g-1 

Na-pyrophosphate Glucose 0-4 55 ± 3 1.4 ± 0.0 0.82 ± 0.09 80 ± 9 18 ± 1 
(pH = 10)  4-12 55 ± 2 1.4 ± 0.0 0.54 ± 0.04 113 ± 1 18 ± 1 

  12-50 54 ± 3 1.4 ± 0.1 0.55 ± 0.05 114 ± 4 18 ± 1 
 Oxalic acid 0-4 35 ± 1 1.4 ± 0.1 0.35 ± 0.01 93 ± 1 13 ± 0 
  4-12 49 ± 2 1.4 ± 0.1 0.56 ± 0.02 102 ± 9 17 ± 2 
  12-50 53 ± 0 1.4 ± 0.1 0.63 ± 0.04 111 ± 16 18 ± 1 
 Acetic acid 0-4 48 ± 2 1.4 ± 0.2 0.78 ± 0.04 106 ± 8 17 ± 0 
  4-12 53 ± 5 1.3 ± 0.1 0.60 ± 0.02 109 ± 12 18 ± 1 
  12-50 55 ± 4 1.4 ± 0.1 0.58 ± 0.05 119 ± 6 19 ± 1 
 Control 0-4 54 ± 0 1.4 ± 0.2 0.61 ± 0.04 114 ± 5 19 ± 1 
  4-12 54 ± 1 1.4 ± 0.0 0.53 ± 0.10 113 ± 2 18 ± 0 
  12-50 54 ± 2 1.4 ± 0.1 0.57 ± 0.01 117 ± 4 18 ± 1 
        

Ammonium-oxalate Glucose 0-4 288 ± 0 30 ± 4 40 ± 5 1.7 ± 0.2 149 ± 10 
(pH = 3)  4-12 306 ± 7 33 ± 2 43 ± 1 1.6 ± 0.2 159 ± 10 

  12-50 302 ± 9 31 ± 1 45 ± 4 1.6 ± 0.1 166 ± 6 
 Oxalic acid 0-4 313 ± 7 30 ± 1 44 ± 1 1.6 ± 0.1 157 ± 4 
  4-12 297 ± 4 31 ± 4 44 ± 3 1.5 ± 0.0 158 ± 1 
  12-50 307 ± 6 31 ± 2 46 ± 1 1.5 ± 0.1 164 ± 6 
 Acetic acid 0-4 301 ± 0 31 ± 1 48 ± 0 1.5 ± 0.1 172 ± 6 
  4-12 294 ± 7 29 ± 0 46 ± 4 1.6 ± 0.0 164 ± 1 
  12-50 291 ± 7 30 ± 3 44 ± 2 1.6 ± 0.1 155 ± 4 

 Control 0-4 297 ± 
10 28 ± 0 45 ± 6 1.6 ± 0.1 160 ± 4 

  4-12 303 ± 7 31 ± 2 45 ± 5 1.6 ± 0.1 159 ± 4 
  12-50 308 ± 0 30 ± 2 44 ± 0 1.6 ± 0.1 159 ± 1 
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Table A-2.6: Changes in alpha diversity indices (< 97%) based on 
pyrosequencing data as a function of distance to the root 
Treatment Control Glucose Acetate Oxalate 
Distance to 
root (mm) 0-4 5-12 13-50 0-4 5-12 13-50 0-4 5-12 13-50 0-4 5-12 13-50 

             
OTUs# 383 357 386 393 417 325 296 379 355 254 384 437 
PD  
(whole tree)1 24 23 23 22 26 20 17 21 22 15 24 27 

Chao 12 749 633 726 676 690 568 484 593 632 455 672 705 
Shannon3 7 7 8 8 8 7 7 8 7 6 7 8 
Simpson4 0.97 0.98 0.99 0.99 0.99 0.94 0.98 0.99 0.97 0.6 0.98 0.99 
# OTU = operational taxonomic units 
1 (Faith and Baker, 2007) 
2 (Chao, 1984) 

3 (Shannon, 1948) 
4 (Simpson, 1949) 
 

  
  



78 

 

Table A-2.7: pH, pore water concentrations of mobilized organic C and 
dissolved metal cations in the root zone (0-4 mm) (mean ± standard error, n 
= 2) of silt loam 
Treatment pH# Corg  Al Mn Ca Fe 
  mg l-1 µM 
Glucose 5.2 ± 0.3 1.9 ± 0.9 35 ± 0 6 ± 3 400 ± 100 8 ± 2 
Acetic acid 6.4 ± 0.2 5 ± 2 40± 30 6 ± 0 270 ± 70 80 ± 20 
Oxalic acid 7.2 ± 0.3 16 ± 1 540 ± 80 6 ± 0 130 ± 20 250 ± 70 
Control 5.7 ± 0.2 2.1 ± 0.7 52 ± 2 3 ± 0 350 ± 20 20 ± 10 
# in 0.01M CaCl2 
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Table A-2.8: Carbon K-edge NEXAFS peak assignments 
(Cody et al., 2011, 1998; Kleber et al., 2011; Solomon et 
al., 2005) 

C functional group Photon energy [eV] 
Aromatic C 284-285.5 
Phenolic C 286.5–287 
Aliphatic C 287.1–287.8 

Carboxyl C/ Amide C 288.0–288.8 
O-alkyl C 289-289.5 

Carbonyl C 290-290.5 
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Table A-2.9: Energies used to map the concentration of each element using 
difference maps 
Absorption edge Pre-edge (eV) Peak (eV) 
C 1s 280 295 
N 1s 398 407 
O 1s 528 545 
Ca 2p 340 349.3 
Mn 2p 636 640 
Fe 2p 700 709.5 

 
  



81 

 

Table A-2.10: Average δ13C values and the calculated percentage exudate-
derived C for organic C in the pore water samples analyzed by NanoSIMS 
(mean ± standard error) 
Treatment δ13C (‰) % exudate-

derived C 
N (number of 

regions analyzed) 
Glucose 40 ± 9 0.4 8 

Acetic acid 220 ± 30 2.5 9 
Oxalic acid 65 ± 4 0.7 10 

Control 27 ± 7 0.3 9 
 
  



82 

 

2. Figures 

 
 

Figure A-2.1: Schematic of microcosm design 
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Figure A-2.2: O2 concentrations as a function of distance to the root in clay soil. 
Points represent mean ± standard error of the mean (n = 2).  Asterisks denote 
locations with mean O2 concentrations significantly lower than the control determined 
(one-way ANOVA, Tukey’s ad-hoc HSD test, p < 0.05). Solid lines represent model 
fits used to calculate microbial O2 consumption based on Fick’s first law of diffusion 
(Højberg and Sørensen, 1993). The inset shows volume-specific rates of O2 
consumption in the rhizosphere for each exudate treatment. See SI for details on 
fitting parameters and rate calculations (Table A-2.9). 
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Figure A-2.3: Average LDPI mass spectra of organic C present in the pore water 
(black line) shown with the laser background (red line).  
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3. Soil characteristics and handling 

3.1 Field sampling 

To test the universal nature of the rhizosphere effect, two soils were chosen to 

represent two important biomes, forests and grasslands. A clay loam (Humic 

Dystrudept) under coniferous forest (H.J. Andrews Experimental Forest, Oregon, 

USA) and a medium-textured silt loam (Typic Haploxeroll) under cultivation with 

wheat (Columbia Basin Agricultural Research Center, Pendleton, Oregon, USA) were 

sampled in spring 2011. At both sites, volumetric (undisturbed soil cores) and bulk 

(homogenized) samples were collected from surface horizons (Ap and Ah, 

respectively) and stored moist at 4˚C until further use. Core samples were used to 

determine bulk density and field capacity, whereas mixed samples were split into two 

halves. One half served for general sample characterization in the laboratory, such as 

water and ash content, pH, elemental composition and mineralogy. The other half was 

used for experiments.  Both soils widely differed in their physical and chemical 

characteristics (Table A-2.1).  

4. Experimental approach 

4.1 Exudate solutions 

Exudate solutions were prepared in MilliQ water containing inorganic nutrients (330 

µM KCl, 70 µM KH2PO4 and 70 µM MgSO4) for osmoregulation. The concentrations 

of each exudate solution were normalized on a C-basis such that 120 µmol C d-1 were 

provided. Supplied at a rate of 1.5 ml d-1, exudate C supplied through the root 

amounted to 4.2 mmol of C over the course of the 35 d incubation period. Given a C 

content of 1.4 and 1.5% for silt-loam and clay soil, respectively, and assuming that 

approximately 10 g of soil surrounding the root are affected, exudate C additions 

amount to approximately 36 and 34% of total soil C at the end of the experiment (for 

silt-loam and clay soil, respectively). The pH of D-glucose, acetic acid, and oxalic 

acid solutions was buffered to pH 7, 4.75 and 4.27, respectively, using 1M NaOH and 

filter-sterilized (0.22 µm) before transfer into the syringe pump. Control microcosms 

received filter-sterilized (0.22 µm) inorganic nutrient solution only. 
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4.2 Microcosm design 

Fig. A-2.1 shows an exploded diagram of the microcosms designed for delivery of 

root exudate solutions. Each microcosm consisted of a 15 × 12 × 1 cm clear acrylic 

frame with a 14 × 10 × 0.8 cm opening, and an acrylic front panel was attached for 

protection. Fig. A-2.1 further shows the position of the microporous cylindrical 

rhizon samplers (length = 10 cm, diameter = 2.5 cm) serving as artificial root to 

deliver the exudate solutions. The removable front panel and protective, gas 

diffusion-limiting Kapton film cover allowed for O2 microsensor measurements 

without disturbing the system. Aeration holes in the frame were filled with glass wool 

and allowed for steady air circulation through the soil. 

4.3 Incubations 

Soils were air-dried just enough to facilitate sieving (2-mm sieve). Soils were 

subsequently homogenized, wetted to 75% field capacity with MilliQ water, and pre-

incubated at constant moisture in the dark for 7 d at 25˚C before the experiment. After 

preincubation, soils were carefully packed into microcosm frames containing the 

artificial root, thereby aiming to reproduce the field bulk density values of 1.05 (clay) 

and 1.24 (silty-loam) g m-1. Soils were then covered using Kapton and paraffin films. 

Both films were firmly sealed to the edge of the frame using double-sided Scotch 

tape. Microcosms were wrapped in ultraclean aluminum foil and transferred to the 

environmental chamber where they were connected to the syringe pump. 
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5. Analysis of physical-chemical gradients across individual zones 

5.1 O2 profiling 

To measure oxygen profiles without disturbing the soil, microcosms were placed on 

the back panel and the front plate of the microcosm was carefully removed while the 

soil was held in place by both Kapton and paraffin films. At the desired sampling 

location, a droplet of agar medium was pipetted on the transparant Kapton film and 

the film underneath was punctured using a sterile syringe needle.  The tip of the 

microsensor, mounted on a micromanipulator (MM33-2, Unisense, Denmark) and 

connected to a picoamperemeter (PA-2000, Unisense, Denmark), was then slowly 

lowered through the agar medium covering the hole in the Kapton film into the soil.  

In this setup, the agar medium served as a sealant to slow oxygen diffusion through 

the hole. To establish oxygen concentration profiles, six replicate measurements were 

conducted at distances of 0.5, 1, 5 and 15 mm from the root in each microcosm. For 

consistency, oxygen concentrations in the soil were always recorded at the position 

closest to the root, i.e., 4 mm from the surface of the soil facing the front plate. After 

completion, front plates were reattached and microcosms were transferred to an 

anaerobic glove box.  Oxygen profiles for the clay loam are shown in Fig. A-2.2.  

Diffusion model parameters and O2 consumption calculations: 

Specific oxygen consumption rates in the soil surrounding the artificial root were 

calculated as described in Nielsen et al. (1990) and Højberg and Sørensen (1995). 

First, to describe the oxygen profile an equation of the form  

    ! ! = !!! ln ! + !!     (2) 

where C(r) is the concentration of oxygen at a distance r from the root surface and A1 

and A2 are constants resulting from the integration procedure, was derived from 

Fick’s second law of diffusion applied to a cylindrical root system assumed to be at 

steady state. Equation 2 was then fitted to the measured data using the damped least-

squares (DLS) method (see Table A-2.2 for fit results). 

Second, for the equations describing the fitted curves (Table A-2.2), a first 

derivative 𝜕!(!)
𝜕!  was obtained to calculate oxygen diffusion fluxes for each treatment. 

The system was considered to be radially symmetric around the root, and diffusion 
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fluxes of oxygen were determined from Fick's first law of diffusion applied to a 

cylinder 

    ! ! = !−!!!! ! 𝜕!(!)𝜕!      (3) 

where J(r) is the diffusive flux per unit of surface area at a distance r from the center 

of the root axis, n and Ds are the porosity and the diffusion coefficient of the 

respective soils. Effective diffusion coefficients De for both soils were estimated 

based on porosity and volumentric water contents (Aachib et al., 2004), with Ds 

values of 1.43 × 106 m2 s-1 for silt-loam and 0.81× 106 m2 s-1 for clay.  

Finally, specific oxygen consumption rates were calculated by multiplying the 

diffusive flux (mass per surface area per time) with the surface of the cylinder (2πrh) 

and dividing by the volume (πr2h) of the root cylinder. The radius of the artificial root 

was 0.125 cm and rates were reported in units of nmol cm-3 s-1. 

5.2 Microcosm sampling 

After completion of the oxygen measurements, microcosms where transferred into an 

anaerobic glove box where parafilm and Kapton film covers were carefully removed. 

Soil from three zones surrounding the artificial root (0-4, 5-12, and 13-50 mm) was 

carefully excised. Excised samples were thoroughly mixed and subsamples were 

processed directly (pH measurements and sequential extractions), air-dried (elemental 

analysis), or stored at -80˚C until further processing (DNA/RNA extraction). 

5.3 Sequential extraction of reactive mineral phases  

In the anaerobic glove box, an aliquot of moist soil equivalent to 1 g of oven-dry soil 

was combined with 40 ml of extractant solution in a 50-ml polypropylene centrifuge 

tube, agitated in the dark using a reciprocal shaker, and centrifuged (Table A-2.3).  

After centrifugation, the supernatant was removed, filtered through 0.22 µm 

syringe filters, stabilized in 1% high-purity HNO3, and stored at 4˚C before ICP-MS 

analysis. Prior to the next extraction step, the solid residue remaining in the centrifuge 

tube was washed twice (by adding 20 mL of MilliQ water, shaking vigorously by 

hand, then centrifuging at 17,000 x g for 15 min) to remove entrained solution and 

minimize interaction between the different extracting solutions. All solutions were 

purged of oxygen and equilibrated in the glove box prior to use.  Absolute 
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concentrations determined by ICP-MS are reported in Tables A-2.4 and A-2.5. 

5.4 DNA/RNA extractions and pyrosequencing  

DNA and RNA were extracted from soil samples using a MoBio RNA Powersoil kit 

in combination with a MoBio RNA Powersoil DNA elution accessory kit as per 

manufacturer’s protocol.  Between 1.8 and 2 g of soil was transferred to a bead 

beating specific 15-mL tube. Samples were homogenized using a FastPrep-24 (MP 

Biomedicals, California, USA) run at a speed of 4 m/s for 3 bursts of 30 seconds. 

RNA and DNA were eluted in final volumes of 40 ul of RNAse free water.  RNA and 

DNA were quantified using a Nanodrop 2000 (Thermo Scientific, Willmington, 

USA).  Samples were stored at -80˚C until further processing. 

Pyrotag sequencing was done at Research and Testing Laboratory (Texas, 

USA) using a Roche Genome sequence FLX+ 454 sequencer.  Sequencing targeted 

identification of prokaryotic 16S ribosomal sequences and fungal ribosomal 

sequences (ITS region for rDNA and LSU region for rRNA).  Prokaryotic data used 

primers 926F and 1392R for both RNA and DNA samples.  Fungal data was obtained 

using primers ITS1F and ITS4R for DNA samples and primers LR0R and LR5 for 

RNA samples.  All samples were sequenced to a theoretical depth of at least 3000 

sequences per sample.  RNA samples were converted to cDNA prior to analysis.  

Each sample was amended with a unique 8 bp ‘tag’ to be used for post sequencing 

separation. 

Pyrotag sequence data were denoised (Edgar, 2010) and chimera checked 

(Edgar et al. 2011) before analysis in QIIME (Caporaso et al., 2010).  Representative 

sequences for individually defined OTUs based on >97% similarity were used for all 

analyses and OTUs with only one representative were removed (Edgar, 2010) and 

taxonomy of each was determined using uclust (McDonald et al., 2012; Wang et al., 

2007). Sequences were aligned and a phylogentic tree was created (Price et al., 2010) 

and used to calculate alpha and beta diversity indices. Alpha diversity indices; 

including Simpson, Shannon and Chao 1; were calculated for each sample (Table A-

2.6).  Beta diversity analyses, consisting of principle coordinates analysis calculated 

from weighted UniFrac data, were used to show similarity of samples.  In all cases, 
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sequencing effort for each sample was standardised based on rarefication and based 

on at least 1000 sequences each. 

5.5 Isotope ratio mass spectrometry (δ13C and total C) analysis 

Total C and δ13C enrichment of soil collected from individual zones were determined 

using a LECO (St. Joseph, MI, USA) isotope ratio mass spectrometer (IRMS) at the 

Oregon State University Stable Isotope Research Unit, and were referenced to Vienna 

Pee Dee Belemnite (VPDB).  

6. Characterization of pore water C 

6.1 UV/vis spectroscopy 

Due to the low sample volume (100-200 µL), organic C concentrations in the pore 

water were calculated from their absorbance at 450 nm (Yang et al., 2001). Visible 

spectra of pore water samples were obtained using a UV/vis spectrophotometer, and 

concentrations were calculated based on Beer’s law and a extinction coefficient (ε450) 

of 5.75 × 10-3 l cm-1 mg-1 organic C. ε450 was determined based on the absorbance of a 

series of DOC standard solutions with organic C concentrations verified using a 

Shimadzu TOC 5000. Organic C concentrations in the pore water samples are shown 

in Table A-2.7. 

6.2 Inductively coupled plasma mass spectrometry (ICP-MS) analysis of 

inorganic constituents 

Al, Si, Mn, Ca and Fe concentrations (Table A-2.4 and A-2.5) in acidified (1% 

HNO3) pore water samples were measured using a Perkin Elmer SCIEX Elan DRC 

II Inductively Coupled Plasma Mass Spectrometer (ICP-MS). 

6.3 Laser desorption synchrotron ionization (LDSI) mass spectrometry 

Laser Desorption Synchrotron Ionization (LDSI) mass spectrometry was performed 

on a modified time-of-flight secondary ion mass spectrometer (TOF.SIMS V; 

IonTOF, Germany) coupled to a synchrotron VUV light port at beamline 9.0.2 of the 

Advanced Light Source, Lawrence Berkeley National Laboratory (Kostko et al., 

2011; Takahashi et al., 2011). Prior to analysis, 2 µL aliquots of pore water sample 

were pipetted on silicon substrates (Wafer World, Inc., USA) and air-died. The 

desorption laser was calibrated to emit 8.5 ns pulses focused to a spot diameter of ~30 

µm, and its power was reduced until no laser-induced fragmentation could be 



91 

 

detected in the background (~0.7 MW cm-2) while achieving sufficient desorption 

efficiency. The UV energy was tuned to 10.5 eV to specifically target aromatic 

fragments with low ionization thresholds (Hanley and Zimmermann, 2009). Using 

this setup, the sample was raster-scanned at 2 mm s-1 over a 500 x 500 µm area to 

minimize the impact of the laser. Mass spectra were binned and normalized to the 

highest signal intensity. Averaged mass spectra of pore water extracted from silt-loam 

are displayed with their respective laser background from 250-450 amu (Fig. A-2.3).  

6.4 Scanning transmission X-ray absorption microscopy/near-edge X-ray 

absorption fine structure (STXM/NEXAFS)  

Stack images were aligned via a spatial cross-correlation analysis, clean areas of the 

Si3N4 membrane were used to normalize the transmission signal obtained from 

analyzed ROIs, and NEXAFS spectra were extracted from groups of pixels of 

individual organic colloids using the aXis 2000 software package (Hitchcock, 2009). 

Extracted C NEXAFS spectra were normalized using the Athena software package 

for X-ray absorption spectroscopy (Ravel and Newville, 2005). Edge step 

normalization was performed using set E0 values of 290 eV across the full recorded 

range (278–330 for C 1s).  Peak assignments can be found in the Table A-2.8. 

The relative abundance of C, Ca, N, O, Mn and Fe species was mapped by 

calculating the difference between two images converted to optical density maps, one 

measured above the respective edge and one below the respective absorption edge.  

The energies used are given in Table A-2.9.  

6.5 High-resolution secondary ion mass spectrometry (NanoSIMS) 

To determine whether organic colloids in the pore water were derived from native 

organic matter in the soil (with a δ13C signature of -27 ‰) or from the isotopically-

labeled exudate C provided (δ13C = 8800 ‰) to the soil, isotopic images were 

acquired on a NanoSIMS 50 (Cameca, Gennevilliers, France) at Lawrence Livermore 

National Laboratory. This instrument allows the simultaneous imaging of five 

isotopes with high spatial resolution (up to 50 nm) and high mass resolution. For this 

study, electron multiplier (EM) detectors were positioned to collect 12C-, 13C-, 12C14N- 

and 12C15N-. Due to the poor yield of N-, nitrogen was detected as the molecular ion 

CN-. The secondary mass spectrometer was tuned for a mass resolving power 
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(defined as M/ΔM, where M designates the mass and ΔM is the mass difference 

between the mass of interest and the isobaric interference) of > 6800 in order to 

resolve isobaric interferences. 

Ion images of the ROIs previously imaged by STXM were generated with a 

1.5 pA Cs+ primary beam, focused to a spot size of ~100 nm, and stepped over the 

sample in a 256 x 256 pixel raster. Dwell time was 1 ms/pixel, and raster size was 10 

x 10 µm. Secondary ions were detected in simultaneous collection mode by pulse 

counting to generate 60–180 serial quantitative secondary ion images (or ‘layers’). 

NanoSIMS image data were processed as quantitative isotopic ratio images 

using the L’image software package developed by L. Nittler (Carnegie Institution of 

Washing- ton), and were corrected for effects of quasi-simultaneous arrival (QSA), 

detector dead-time and image shift from layer to layer (due to drift in the location of 

the ion beam from frame to frame). Data planes collected before sputtering 

equilibrium was achieved (typically 5–10) were discarded. The isotopic composition 

(δ13C) of each ROI was calculated by averaging over all replicate layers where C 

isotopes were at sputtering equilibrium. δ13C values were calculated as follows: 

 

where Rm is the isotopic ratio of the sample and RSTD that of the reference standard. 

Repeated NanoSIMS analyses of a Bacillus subtilis spore preparation were used as a 

reference standard for the C and N isotopic measurements (δ13C = -14.4‰) (Kreuzer-

Martin and Jarman, 2007). Isotopic enrichment of standards was independently 

determined at the University of Utah and used to normalize sample analysis as 

described previously by (Finzi-Hart et al., 2009). Mean δ13C of pore water C regions 

previously analyzed by STXM are given in Table A-2.10. 

  

discarded. The isotopic composition (d13C and d15N) of
each ROI was calculated by averaging over all replicate lay-
ers where both C and N isotopes were at sputtering equilib-
rium. d13C and d15N were calculated as follows:

daX ! Rm
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where Rm is the isotopic ratio of the sample and RSTD that
of the reference standard. Repeated NanoSIMS analyses of
a Bacillus subtilis spore preparation were used as a reference
standard for the C and N isotopic measurements
(d13C = "14.4&; d15N = 12.3&) (Kreuzer-Martin and Jar-
man, 2007). Isotopic enrichment of standards was indepen-
dently determined at the University of Utah and used to
normalize sample analysis as described previously by (Fin-
zi-Hart et al., 2009). 56Fe16O"/12C" ratios were used to
localize Fe in the sample.

For those analysis locations analyzed by both SIMS and
STXM imaging, ROIs for NanoSIMS data analysis were
drawn based on the morphology of individual features
using L’image. For the forty additional randomly-located
NanoSIMS images, ROIs were drawn around discrete Fe-
rich particles defined using two thresholds: Fe-rich particles
with (i) average 56Fe16O"/12C" ion ratios greater than 0.05
and (ii) pixel sizes between 200 and 5000 (i.e., total areas be-
tween 0.3 and 7.5 lm2). These thresholds were based on the
STXM characterization of three randomly located Fe (hy-
dr)oxides in the sample, which all had 56Fe16O"/12C" ratios
P0.03 and particles sizes ranging from (1 to 2.5 lm2. For
comparison, ROIs of the remaining (mostly organic) soil
particles were defined as those particles with 56Fe16O"/12C"

ratio values >0.001 and <0.03.

3. RESULTS

3.1. Selection of regions of interest (ROIs)

SEM mapping of the prepared samples indicated that
20–150 lm long hyphal structures associated with periodic
clusters of minerals, organic matter and microbial residue
were common features. The six hyphae-associated micro-
structures were analyzed for C, N and Fe speciation using
STXM/NEXAFS and subsequently for 15N and 13C enrich-
ment (to locate added isotopically enriched fungal cell wall
material) using the more destructive NanoSIMS imaging
technique. We did not observe any specific locations where
13C was significantly enriched above natural abundance,
but noticed slightly enriched 13C values uniformly distrib-
uted across all analyzed areas (data not shown). However,
three of the STXM/SIMS sample locations had areas with
15N enrichment above background levels and are discussed
further.

3.2. NanoSIMS imaging of the d15N and Fe distribution

NanoSIMS imaging was used to reveal general patterns
in the distribution of 15N-enriched fungal cell wall material
and potential transformation products within the sample
collected after 3 weeks of incubation. General morpholo-
gies as well as the 15N and Fe distribution within the three

sample locations chosen for the combined imaging analysis
are shown in Fig. 1. Transmission maps of the three loca-
tions show the same morphological patterns. In general,
fungal hyphae are surrounded by soil particles (identified
as mineral particles, amorphous organic matter, microbial
residue in Section 3.3). Comparable morphological features
were observed in preparations of samples collected after 1
and 2 weeks of incubation (see Fig. A1 in Appendix). Com-
parison of d15N and Fe distribution maps for the three loca-
tions shows that the spots with greatest enrichment of 15N
tend to coincide with Fe-rich particles.

3.3. STXM/NEXAFS characterization of 15N-enriched
features on Fe-rich surfaces

STXM/NEXAFS spectromicroscopy was used to inves-
tigate the C and N chemistry of 15N-enriched OM associ-
ated with Fe-rich particles and the chemical form of Fe
present. To this end, C, N and Fe NEXAFS spectra were
extracted from 15N-enriched ROIs (white arrows in
Fig. 1). Averaged NEXAFS spectra of 15N-enriched organ-
ic matter on Fe-rich particles (=Fe-associated OM) and
additional reference materials are shown in Fig. 2 and are
described below.

3.3.1. C NEXAFS spectroscopy
The average C NEXAFS spectrum of the original fungal

cell wall material consists of peaks representing signals of
aromatic (a), aliphatic (c), carboxyl/amide (d) and O-alkyl
(e) carbon (Fig. 3A). The predominance of the O-alkyl
and carboxyl/amide C peak indicates the presence of b-
1,3-glucan and NAG units in the cell wall, whereas aro-
matic C may originate from glycoproteins. Comparison of
spectra extracted from the original fungal cell wall material
to the 15N-enriched OM found on Fe-rich soil particles
after 3 weeks of incubation reveals substantial changes
(Fig. 2A). These changes could be due to a strong back-
ground of native organic materials coating the Fe-rich par-
ticle and/or substantial chemical transformations of the
original material over the course of the incubation.

Spectral deconvolution of C NEXAFS spectra from the
original and the 15N-labeled Fe-mineral associated OM
shows the changes in functional group abundance that oc-
curred over the course of the soil incubation (Table 1a). The
most prominent change includes a strong decrease of O-al-
kyl C abundance associated with polysaccharides, such as
b-1,3-glucan, with a simultaneous increase in carboxyl/
amide C corresponding to proteinaceous materials. A
change was also observed for aliphatic and phenolic C,
which is notably more abundant on the Fe-rich particles.
This might indicate a preferential association of lipid mate-
rial with hydroxylated Fe oxide surfaces, or could have ri-
sen from the complexation of carboxylic groups with Fe
or other metals on the surface (Plaschke et al., 2005; Arm-
bruster et al., 2009). However, the increase in phenolic C
also suggests that native organic matter derived from plants
represents a substantial fraction of the organic coating
found on these surfaces.

In order to gain insights into the molecular form of 15N-
enriched compounds found on Fe-rich particles, we
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1. Abstract 

Global warming has the potential to accelerate litter decomposition rates and increase 

soil CO2 emissions, prompting current interest in the rate-controlling mechanisms. 

Recent work has identified the bioavailability of key resources as the main control on 

litter decompostion rates. A particularly strong correlation has been established 

between manganese (Mn) content in needle litter and litter decomposition rates across 

a variety of forest ecosystems, suggesting that Mn is an important component of the 

decomposition pathway. There is good reason to assume that biotic Mn oxidation  

aids in the decomposition of litter. Specifically, decomposer organisms may employ 

Mn3+-ligand complexes as potent oxidizers in the breakdown of aromatic lignin 

components. Here we related changes in Mn form and distribution to litter 

transformations over the course of a 7-year litter decomposition experiment in an old-

growth forest ecosystem. X-ray absorption spectroscopy and soft ionization mass 

spectrometry show that biotic Mn oxidation coincides with the decomposition of 

aromatic litter components. Spatially-resolved synchrotron-FTIR and X-ray 

microprobe imaging revealed that fungi colonizing individual needles redistribute and 

transform reduced Mn2+ naturally present in fresh needles into oxidative Mn3+ forms 

on the needle surface. These reactive Mn3+ species were co-localized with aromatic 

oxidation products, suggesting a direct role in the oxidative breakdown of aromatic 

litter constituents. These mechanistic insights suggest that including factors 

influencing Mn bioavailability and oxidation rate could improve the ability of models 

to predict litter decomposition rates in forest soils.  
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2. Introduction 

Decomposition of above-ground plant detritus (litter) is a fundamental process 

contributing to the formation of soil organic matter (SOM) in forest ecosystems 

(Hättenschwiler et al., 2005; Swift et al., 1979). Litter transformation and 

mineralization rates regulate the proportion of litter-derived carbon (C) that is either 

retained in the system as SOM or lost as CO2 (Prescott, 2010), thereby influencing net 

C storage in soils. Even though only small rate increases would accelerate global 

warming by virtue of increasing CO2 emissions from soils (Chapin et al., 2011), 

uncertainty persists over the rate-controlling mechanisms (Cotrufo et al., 2013; 

Klotzbücher et al., 2011). A better understanding of the underlying mechanisms 

would enable more accurate predictions of the response of decomposition rates to 

global environmental change. 

Litter decomposition rates are influenced by climatic factors (e.g., temperature 

and moisture), but have long been thought to be regulated by litter chemistry, 

specifically lignin content (Berg and McClaugherty, 2007; Meentemeyer, 1978). 

Lignin – an aromatic biopolymer - often makes up between 15 and 40% of the litter 

mass and is concentrated in cell walls (Turner et al., 2007). It encrusts cellulose 

microfibrils to form protective physical units (‘ligno-cellulose complexes’) that are 

embedded in a matrix of hemicellulose. Conventional thinking is that the relatively 

high initial litter decomposition rates are due to the preferential use of soluble and 

readily accessible polysaccharides and hemicelluloses over lignin components. In 

later stages, decomposition slows because litter is enriched in lignin and any 

remaining celluloses and hemicelluloses remain enclosed and protected in ligno-

cellulose complexes (Berg and McClaugherty, 2007). However, this view was 

contradicted by recent evidence that lignin-derived compounds do not accumulate in 

decomposing litter (Preston et al., 2009a) and are not preferentially retained in 

mineral soils (Schmidt et al., 2011; Thevenot et al., 2010). In fact, lignin was shown 

to readily decompose, even during initial decomposition stages, in the presence of 

dissolved organic substrates (Klotzbücher et al., 2011). This effect was attributed to 

dissolved and readily assimilable substrates providing decomposer organisms with 

the extra energy required for the co-metabolic breakdown of lignin. This observation 
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suggests that litter decomposition may not only be controlled by litter chemistry, but 

also by the availability of key resources for the efficient microbial breakdown of 

individual biopolymers. 

One such resource appears to be manganese (Mn). Berg and others (Aponte et 

al., 2012; Berg et al., 2010, 2007; Davey et al., 2007; De Marco et al., 2012; Heim 

and Frey, 2004) found a strong positive relationship between Mn content of litter and 

litter decomposition (expressed as % mass loss) in boreal, temperate and semi-arid 

forest ecosystems. This led the authors to conclude that “Mn concentration is the 

single main factor” governing litter decomposition in these forest biomes (Berg et al., 

2010). Despite its apparent influence on decomposition rates the underlying 

mechanism of this Mn-dependence is still poorly understood. 

A potential mechanistic explanation for this relationship is the proposed role 

of enzymatic Mn oxidation in the breakdown of lignin (Hofrichter, 2002). Culture 

studies with lignin-decomposing fungi showed that trivalent Mn3+ is involved in the 

oxidation of lignin model compounds (Perez and Jeffries, 1992; Wariishi et al., 1992). 

It was proposed that Mn3+ is generated via the oxidation of soluble Mn2+ by fungal 

exoenzymes such as Mn peroxidase or phenol oxidases (e.g., laccase). Upon 

formation, Mn3+ ions are stabilized in solution by chelating ligands such as organic 

acids exuded by the fungus. These Mn3+-ligand complexes are thought to act as 

diffusible electron mediators and potent oxidants (Hofrichter, 2002). Since lignolytic 

enzymes cannot access lignified cell walls directly due their large size (30-50 kDa, 

(Hofrichter et al., 2010), it was proposed that fungi rely on smaller diffusible Mn3+ 

complexes as initial agents of lignin oxidation. More recently, it was discovered that 

not only fungi, but also a diverse range of heterotrophic bacteria isolated from 

terrestrial and aquatic systems, can oxidize Mn enzymatically (Bugg et al., 2011; 

Diaz et al., 2013). In spite of the widespread physiological potential for Mn oxidation, 

its ecological significance in the context of litter decomposition is still uncertain. 

Few reports on Mn cycling in forest litter layers exist, but circumstantial 

evidence suggests that biotic Mn oxidation occurs. Fresh foliar plant material contains 

relatively large amounts of Mn compared to other plant tissue and most soils 

(Marschner, 1986). It is predominantly present in its reduced form (i.e., Mn2+), due to 
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its role in photosystem II and other enzymatic systems (Mukhopadhyay and Sharma, 

1991). Homogeneous oxidation of Mn2+ to Mn3+/4+ oxides by O2 is 

thermodynamically prohibited at pH < 9, owing to an energetic barrier imposed by 

the first electron transfer step (Luther III, 2010). Consequently, Mn oxidation (i.e., the 

formation of Mn3+ and Mn4+ species) in litter layers is controlled by the microbiota. 

While enzyme assays routinely report MnP and phenol oxidase activities in 

decomposing litter (Lang et al., 1997; Šnajdr et al., 2011, 2008; Voříšková et al., 

2013), these indirect and non-specific measurements provide no indication of Mn 

oxidation. Litter becomes enriched in Mn relative to fresh foliar plant material, and 

further accumulates Mn during the decomposition process (Aponte et al., 2012; 

Homann, 2012; Preston et al., 2009b). Mn in litter appears to be predominantly bound 

in organic complexes (Tam et al., 1991), but it is unknown whether its form is as 

unreactive Mn2+ or the more reactive Mn3+. On needle litter colonized by fungi, Mn-

rich black precipitates have been observed (Ponge, 1988, 1985, 1984). Although such 

precipitates resemble Mn3+/4+ oxides resulting from fungal Mn oxidation in model 

systems (Hansel et al., 2012; Thompson et al., 2005), it is not clear whether they are 

actively involved in the oxidative decomposition of litter. 

Here we ask if the observed Mn dependence in litter decomposition is caused 

by the fact that fungal breakdown of lignin relies on fungal Mn oxidation. To address 

this question, we determined if decomposition of aromatic components in foliar litter 

is coupled to microbial Mn cycling in a forest litter layers. For this purpose, we took 

advantage of a long-term litter decomposition study conducted in an old-growth 

Douglas-fir forest in the Oregon Cascades. For this experiment, each year’s litterfall 

was spatially separated by nylon mesh placed on the forest floor for seven years. The 

mesh created a series of six well-confined litter layers (a ‘littercake’) containing 

Douglas-fir needles of increasing decomposition stage. The underlying volcanic soils 

(Andic Dystrudept) showed abundant patches of dense ectomycorrhizal mats 

(Griffiths et al., 1990), which can result in peroxidase activities 28- to 126-times 

greater than that of non-mat soils (Cromack Jr. et al., 1988; Griffiths and Caldwell, 

1992). We therefore expected particularly rapid Mn cycling at this site. 
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We hypothesized that litter-decomposing fungi (and perhaps bacteria) recruit 

Mn2+ and produce reactive Mn3+ at the site of fungal attack, causing the oxidation of 

aromatic litter components. We tested this hypothesis by linking Mn transformation 

to litter decomposition across the whole litter layer at two different scales: (i) 

individual layers and (ii) individual needles. At the scale of single layers, we assumed 

that Mn oxidation co-varies with measures for the decomposition of aromatic litter 

components. Changes in Mn oxidation state and physical form across individual 

layers were identified by selective extractions and X-ray absorption near-edge 

structure (XANES) spectroscopy, while the decomposition state was determined 

using Fourier-transform infrared (FTIR) spectroscopy and laser desorption post-

ionization (LDPI) mass spectrometry. At the scale of individual decomposing 

needles, we expected to detect oxidative degradation of aromatic litter components at 

points in the vicinity of fungal hyphae, where Mn3+ is formed. To spatially resolve 

Mn oxidation state and chemical transformations in needle tissue surrounding fungal 

hyphae colonizing the litter, we used two chemical imaging techniques – hard X-ray 

microprobe and synchrotron-FTIR imaging. Due to the analytical difficulties 

associated with distinguishing aromatic lignins from tannins, this study considers the 

impact of Mn3+ on aromatic litter components as a general category. 
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3. Methods 

3.1 Litter decomposition study 

This study took advantage of an on-going litter decomposition experiment at the HJ 

Andrews Experimental Forest (HJA), which is part of the National Science 

Foundation Long-Term Ecological Research (LTER) network. The HJA (lat. 

44°15′N, long. 122°10′W) is a 6,400 ha watershed administered as an LTER site on 

the Willamette National Forest since 1948 (Franklin et al., 1990). About 90% of the 

area’s annual precipitation falls from October to April with the wettest period in 

December and peak drought conditions occurring in July. 

Within the HJA, the study was conducted at a site in watershed #8 found at an 

elevation of 982 m and slope aspect 223 degrees. Mean annual temperature at the 

nearby headquarters averaged 8.8˚C and annual precipitation was 2200 mm during 

1974–2003 (Sulzman et al., 2005). The soil underlying a dense cover of old-growth 

Douglas-fir (Pseudotsuga menziesii) is an Andic Dystrudept. 

At this site, a "rolling" litter decomposition study spanning the years 2005 to 

2011 was conducted to examine the temporal and spatial variation in litter 

decomposition across individual layers.  Nylon mesh panels (1 mm netting, 60 x 60 

cm frames) were placed out at this site annually. They were stacked over time to 

separate each year’s litter fall from the next without confining processes by artificial 

closure. Upon harvest at the end of the dry season in November 2011, the whole 

littercake was transferred on a supporting sheet and place in sealed plastic containers. 

Fresh needles and underlying O, A and B horizon material were also collected and 

placed in amber vials and zip lock bags. Samples were transported at 4 ˚C and 

immediately returned to the laboratory. In the laboratory, individual litter layers of the 

littercake were isolated and decaying needles were manually separated from other 

forms of litter such as cones and twigs. Soils were pushed through a 2-mm sieve and 

mixed thoroughly. Needle litter from each individual layer and the underlying soil 

horizons were then subsampled for laboratory analyses. Any variability reported 

represents effects of subsampling and lab procedures. One subsample from each litter 

layer and mineral soil horizon was processed at field moisture for wet-chemical 

extractions and microscopic analyses. A second subsample was dried in an anaerobic 
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glove box at room temperature in the dark to prevent changes in Mn oxidation state 

for further spectroscopic analyses. A third subsample was oven-dried (50 ˚C, 

overnight) and ground for litter chemistry analyses. 

3.2 Manganese chemistry 

We determined extractable Mn as well as the relative amounts of organically 

complexed and reducible Mn using a sequential extraction procedure. Na-

pyrophosphate binds strongly to Mn and was used as a proxy to estimate the amount 

bound in organic complexes (Courchesne and Turmel, 2007), while dithionite-citrate-

bicarbonate was used to determine the reducible fraction (Guest et al., 2002). To 

determine the organically-complexed fraction (Mnorg), an aliquot of field-moist 

needle litter or soil equivalent to 200 mg of oven-dry sample was combined with 14 

ml of 0.1 M Na-pyrophosphate solution at pH 10 in a 15 ml polypropylene centrifuge 

tube, agitated in the dark using a reciprocal shaker for 8 h, and centrifuged at 17,000 

x g for 15 min. After centrifugation, the supernatant was removed, filtered through 

0.22 µm syringe filters, and stabilized in 1% high-purity HNO3. Prior to the next 

extraction step, the litter residue remaining in the centrifuge tube was washed twice 

(by adding 5 mL of MilliQ water, shaking vigorously by hand, then centrifuging at 

17,000 x g for 15 min) to remove entrained solution. To determine the reducible Mn 

pool (Mnred), 11 mL 0.3 M Na-citrate, 1.5 mL 1 M NaHCO3 and 200 mg Na-

dithionite was added to the remaining solid sample residue. After agitation for 1 h, the 

tubes were centrifuged and the supernatant filtered as described above. Elemental 

concentrations of Mn (as well as Fe, Ca, and Al) were determined on a Perkin Elmer 

SCIEX Elan DRC II inductively coupled plasma mass spectrometer (ICP-MS) at the 

Aqueous Geochemistry Lab (Lawrence Berkeley National Laboratory).  Total 

extractable Mn content (Mnextr) was calculated as the sum of Mnorg and Mnred. 

Mn oxidation state was determined using X-ray absorption near-edge structure 

spectroscopy (XANES) at the Mn K-edge. Anaerobically-dried litter and soil samples 

were hand-ground in the glove box, densely packed in poly(tetrafluoroethylene) 

sample holders, and sealed with X-ray transparent Kapton tape. Mn XANES spectra 

were recorded at the wiggler beamline 4-3 at Stanford Synchrotron Radiation 

Lightsource (SSRL) with a Si(110) ϕ = 0 double-crystal monochromator. The X-ray 



104 

 

beam entering the monochromator was slit down to 1 mm × 20 mm and a second set 

of slits in the sample hutch was set at 2 mm × 20 mm and fluorescence yield was 

collected with a Stern-Heard ion chamber detector (Lytle et al., 1984). Data were 

collected at 0.1 eV steps across the Mn K-edge region (6535-6570 eV), in 0.3 eV 

steps just above (6570-6680 eV) and below (6520-6535 eV) the edge, and at 10 eV 

steps out to 6310 and 6850 eV to facilitate normalization. Three sweeps were 

collected and the energy was calibrated against the inflection point of Mn foil taken at 

6539 eV. Background subtraction, normalization and fitting of the spline function 

were performed on the collected spectra using the Athena software package (Ravel 

and Newville, 2005). The average oxidation state of Mn was derived from individual 

spectra using a linear-combination fitting procedure (Manceau et al., 2012). The 

procedure used 17 pure valence Mn2+, Mn3+, and Mn4+ reference standards (open 

source, Manceau et al., 2012) and fitting results are summarized in Table A-3.1. 

3.3 Litter decomposition state 

Changes in the organic composition of the decomposing litter were determined using 

FTIR spectroscopy. To obtain FTIR spectra, ground litter was mixed with KBr (1:100 

wt. ratio), and the mixture was gently ground in an agate mortar. Prior to use, KBr 

was dried at 105 ˚C to minimize moisture-related interference. The homogeneous 

mixture was pressed into a pellet using a hydraulic press. FTIR spectra of the KBr 

pellets were recorded from 4000 to 650 cm−1 with a resolution of 4 cm−1 on a Thermo 

Nicolet NEXUS 670 FTIR spectrometer (Thermo Fisher Scientific Inc., Waltham, 

MA). For each sample, 512 scans were collected in transmission mode and averaged 

before Fourier transform processing. At least two pellets were prepared for each 

sample to test measurement reproducibility. The OMNIC software package (Thermo 

Fisher Scientific Inc., Waltham, MA) was used on the fingerprint region of the 

spectra (1800–850 cm−1) to perform baseline correction, normalization and peak 

deconvolution on the spectra. Peak assignment for relevant functional groups was 

based on those reported in the literature and is presented in Table A-3.2. The relative 

abundance of individual functional groups was calculated as the percentage of the 

total area of all identified peaks.  
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To identify changes in aromatic components of the litter over the course of the 

decomposition experiment, a novel soft-ionization mass spectrometry technique was 

employed. Synchrotron-based laser desorption post ionization (LDPI) mass 

spectrometry of fresh needles and litter layers was performed on a modified time-of-

flight secondary ion mass spectrometer (TOF.SIMS V; IonTOF, Germany) coupled to 

a synchrotron UV light port at beamline 9.0.2 of the Advanced Light Source, 

Lawrence Berkeley National Laboratory (Kostko et al., 2011; Takahashi et al., 2011). 

Prior to analysis, 3 mg of ground needle material was suspended in high-purity 

(99.9%) MeOH, pipetted on silicon substrates (Wafer World, Inc., USA), and dried in 

a clean hood under constant N2 gas flow. The desorption laser was calibrated to emit 

8.5 ns pulses focused to a spot diameter of ~30 µm, and its power was reduced until 

no laser-induced fragmentation could be detected in the background (~0.7 MW cm-2) 

while achieving sufficient desorption efficiency. Under ultra-high vacuum, the 

sample was scanned with the laser with 2 mm s-1 over a 20 mm distance to avoid 

sample damage. To optimize the signal-to-noise ratio (S/N), mass spectra collected 

during each scan were the sum of ~16,000 laser shots on the sample surface. We 

performed three replicate scans for each sample and mass spectra are presented as 

averages normalized to the total intensity. To identify peaks in the resulting mass 

spectra that corresponded to aromatic structures, ionization energies (IE) for each of 

the most prominent mass peaks were determined. Based on the low IEs of larger 

aromatic systems (Adam and Zimmermann, 2007; Hanley and Zimmermann, 2009)), 

peaks with IEs of less than 8.5 eV were attributed to aromatic (i.e., predominantly 

lignin but also tannin) structures. The IE of an individual mass was determined by 

varying UV photon energy (i.e., the ionization energy) between 8 and 13 eV, 

collecting mass spectra at 1 eV photon energy intervals, and plotting IE curves (signal 

intensity of a given mass as a function of photon energy). Table A-3 lists the major 

peaks with IEs of less than 8.5 eV. Mass spectra were binned and normalized to the 

integrated signal intensity.  
Total C and N contents were determined using a Europa Scientific 20/20 

isotope ratio mass spectrometer in the Stable Isotope Research Unit at Oregon State 

University.  



106 

 

3.4 Chemical imaging analyses 

Needles from all layers were visibly colonized by fungal hyphae, frequently 

concentrated around dark infections of the surface. To determine Mn distribution and 

oxidation state associated with these fungal infections, elemental maps and Mn 

XANES spectra of cross-sectioned needle litter were obtained using X-ray 

fluorescence mapping and X-ray absorption spectroscopy (µXRF/XAS). To this end, 

individual needles taken from the top layer were embedded in epoxy (Spurr) and 

cured. Cross sections were obtained by cutting the resin block and polishing the 

exposed surface using sand paper and diamond paste. µXRF maps and µXANES 

spectra were collected at the hard X-ray microprobe beamline 10.3.2 (Marcus et al., 

2004) at the Advanced Light Source (Lawrence Berkeley National Laboratory, 

Berkeley, USA). µXRF maps were acquired by continuously raster scanning the 

sample with a 5 x 5 µm beam in 5-µm steps and a 100 ms count time. Maps were 

collected with the incident photon energy set at 7 and 10 eV, and the fluorescent 

peaks for K, Ca, Ti, Si, Cr, Mn, Fe, Ni, Cu, and Zn were obtained at each energy. The 

fluorescence yield was normalized by I0 and the dwell time. Several spots of interest 

were selected from the µXRF maps for Mn K-edge µXANES analysis. Fluorescence 

yield was recorded in QuickXANES mode to acquire data with minimal beam 

damage per spot. The beam size was 3 x 3 µm and the monochromator was scanned 

in 0.03 eV steps over the Mn K-edge edge, and steps > than 0.05 eV above and below 

the absorption edge. Energy calibration was relative to metallic Mn 6537.7 eV (Kraft 

et al., 1996). Spectra were de-glitched with the software package available at 

beamline 10.3.2 and normalized as described above. 

To obtain high-resolution maps of the functional group chemistry at the fungi-

needle interface, thin-sections of infected needles were also prepared using a cryostat 

(Leica 1950 Cyrostat, Leica Instruments; Nussloch, Germany) without the use of 

carbon-based embedding reagents. Prior to sectioning, needles were surrounded by 

MilliQ H2O and flash frozen in liquid N2. The specimens were then removed from the 

tube and transferred on a chuck mount that was allowed to equilibrate to cutting 

temperature in the cryostat for 30 min.  To attain 5-µm sections, the cryostat was set 

to -18 ˚C chamber temperature and -16 ˚C mount temperature. A 70-µm curl guard 
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was adjusted as needed to achieve flat non-deformed sections. Flat sections were 

transferred to gold-coated (IR reflective) microscope slides and needle surfaces 

infected with fungi were identified using a light microscope.  High-resolution infrared 

maps of these locations were acquired using synchrotron FTIR (SR-FTIR) 

spectromicroscopy at ALS beamline 1.4.3 (Lawrence Livermore National 

Laboratory). Maps were collected on a Nicolet Nic-Plan IR microscope (Thermo 

Fisher Scientific Inc., Waltham, MA) equipped with a liquid-N2 cooled mercury-

cadmium telluride (MCT) A detector. The microscope was coupled to a Nicolet 

Magna 760 FTIR spectrometer connected to the synchrotron light source. All maps 

were collected by point-by-point raster scanning of the thin-sections using a 32x 

Reflachromat Nicolet objective with a 2-µm spot size. For each spot, 64 scans were 

collected from 4000 to 650 cm-1 at a resolution of 4 cm-1. After completion of the SR-

FTIR analysis, µXRF maps of the same regions were collected with a 3 x 3 µm beam 

in 2 µm steps and a count time of 100 ms. µXANES spectra at the Mn K-edge of 

regions of interest identified in the µXRF maps were acquired as outlined above.  

4. Results 

4.1 Mn transformation 

The amount of extractable Mn (Mnextr) in decomposing needle litter progressively 

increases with litter age and, on dry-weight basis, is significantly higher than that of 

fresh needles and the underlying mineral horizons (Table 3.1). The contribution of 

Mnorg (= organically complexed Mn2+ and Mn3+) increases most rapidly in the first 

three layers, before reaching a maximum in layer four, and decreasing thereafter. 

With increasing litter age, Mn XANES absorption maxima shift from energies 

associated with Mn2+-dominated phases to Mn3+- and Mn4+-rich phases (Fig. 3.1a). 

The average oxidation state of Mn calculated from these shifts progressively 

increases from +2.07 in fresh needles to +2.74 in layer 6  (Fig. 1a), and shows a good 

correlation with Mnextr (R2 = 0.98, P < 0.001). The relative amount of Mn3+ species 

increases most dramatically in layers 1 and 2, whereas that of Mn4+ species increases 

strongly from layers 3 to 6.  Needles in the underlying organic horizons show another 

slight increase in average oxidation state (+2.83).  Mn oxidation state (+3.1 and +3.0) 

and, consequently, the relative contributions of Mn3+ and Mn4+ increase in the 



108 

 

mineral horizon, which is consistent with the predominance of mixed valence Mn3+/4+ 

oxides expected in mineral soil (Guest et al., 2002; Negra et al., 2005). 

4.2 Litter decomposition 

The C/N ratio of the fresh and decomposing litter decreases most rapidly from 

layers 1 to 3, is lowest in layer 4, and increases again in the subsequent layers (Table 

3.1). The ratio of C/N is negatively correlated with Mnorg (R2 = 0.80, P < 0.02) (Fig. 

3.2), but not with organically complexed Al, Ca or Fe (P > 0.05). The relative FTIR 

absorbance of amide groups increases over the first four layers (Fig. 3.1b). Peak 

deconvolution shows that the relative absorbance of amide groups (∑amide, Table 

3.1) positively correlates with Mn oxidation state (R2 = 0.76, P < 0.05) (Fig 3.2b). 

The increase in amide absorbance is paralleled by a decrease in that of C-O-C bonds 

of polysaccharides (Fig. 3.1b and Table 3.1).  The FTIR absorbance of functional 

groups associated with aromatic C decreases with increasing litter age (∑aromatic, 

Table 3.1), and trends with Mn oxidation (R2 = 0.75, P = 0.05).  LDPI mass 

spectrometry also showed an overall decrease in intensity of mass peaks identified as 

molecular ions of aromatic dimers (Fig. 3.1c). Further inspection of the spectral 

patterns show that a set of peaks at lower mass-to-charge (m/z) ratios (∑ar+ = 342 

and 368) gains intensity with depth, while the intensity of another set of peaks at 

higher m/z ratios (∑ar- = 396-414) declines (Fig. 3.1c, Table 1). The relative decline 

of these aromatic species (∑ar-) shows a strong correlation with Mn oxidation state 

(Fig. 3.2c) (R2 = 0.92, P = 0.01). 

4.3 Mn form and distribution on decomposing needle surfaces 

As Mn chemistry and organic composition of the litter changed more rapidly 

in the initial stages of decomposition, we chose needles from layer 1 for a detailed 

imaging analysis. These needles were colonized by fungi forming dense hyphal 

networks with distinct dark patches we hypothesized to be Mn3+/4+ oxides (Fig. 3.3a). 

Quantitative elemental maps of resin-embedded cross-sections of these needles show 

Mn concentrated in diffuse patches on the surface, associated with individual hyphae, 

or in larger particles (Fig. 3.3b). Other major elements (e.g., Ca, Fe and Si) are 

randomly distributed. Mn XANES spectra collected from diffuse patches and discrete 

particles on the needle surface show a greater abundance of Mn3+ and Mn4+ and, 
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consequently, a higher average oxidation state than those extracted from individual 

hyphae and the needle tissue (Fig. 3.3c).  

4.4 Manganese chemistry at the hyphae-epidermis interface 

Photographs of thin-sectioned decomposing needles show dark hyphae colonizing the 

epidermis (Fig. 3.4a). Along this interface, SR-FTIR chemical imaging visually 

separates needle tissue rich in aromatic structures from amide-rich fungal materials 

(Fig. 3.4b).  Elemental maps of this interface show qualitatively that Mn accumulates 

where fungal hyphae are in direct contact with the needle epidermis (Fig. 3.4b). 

Selected Mn hotspots (points 3-5, Fig. 4c) at this interface are more oxidized (average 

oxidation state ~2.6-2.7) than Mn in the needle interior (~2.1-2.2) (Fig. 3.5a).  

These hotspots of oxidized Mn are co-localized with carbonyl groups (1750-

1680 cm-1) as shown in the SR-FTIR absorbance map (Fig. 3.4b). To identify 

potential chemical alterations due to oxidative Mn species at the site of direct contact 

between fungal hyphae and the needle surface, we extracted SR-FTIR spectra along a 

transect across this interface (red line, Fig. 3.4b). Spectra extracted from fungal 

tissue, the fungi-epidermis interface (contact zone), the needle epidermis, and 

mesophyll are shown in Fig. 3.5b. The spectrum collected at the fungi-epidermis 

interface shows enhanced absorbance of bands corresponding to carbonyl  (~1700 

cm-1) as well as C=C groups (~1600 cm-1) (Fig. 3.5b). These peaks are less 

pronounced in spectra extracted from uninfected epidermis regions of fresh needles 

(Fig. 3.5b). In addition, the spectrum extracted from the infected epidermis (C) shows 

significantly less absorbance of bands corresponding to C-O-C bonds of 

polysaccharides (1180-950 cm-1) than the uninfected region. 

5. Discussion 

We initially hypothesized that litter-decomposing fungi repurpose the Mn2+ naturally 

present in litter to produce reactive Mn3+ species at the site of oxidative needle 

degradation. The above results suggest a strong relationship between biotic Mn 

oxidation and litter decomposition both at macro- (litter layer) and micro-scales 

(fungal needle colonization), the causality of which is discussed in the following.  
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5.1 Co-variation of Mn oxidation, microbial colonization, and litter 

decomposition 

Within the layered Douglas-fir litter examined here, Mn was progressively 

transformed. Total extractable MnEXTR increased rapidly in layer 1-3 and followed by 

a slower increase in layers 4 to 6. Similarly, Mnorg (bioavailable Mn) and the 

proportion of Mn3+ increased most rapidly within the first 3 layers (Table 3.1 and Fig. 

3.1b).  In contrast, accumulation of Mnred and Mn4+ phases did not occur until layers 4 

to 6. Mn accumulation in the initial decomposition stages has been observed in both 

deciduous and coniferous litter (Aponte et al., 2012; Preston et al., 2009b). Although 

Mnextr is an imperfect measure for total Mn content, these results suggest that Mn was 

accumulated most rapidly in the initial stages of decomposition, residing 

predominantly in organic complexes. The increasing presence of Mnorg and Mn3+ 

species indicate greater bioavailability and reactivity of Mn forms produced in the 

early stages of decomposition. In later stages, increasing Mn oxidation resulted in 

Mn3+/4+ forms similar to those observed in Mn oxide precipitates (Hansel et al., 2012; 

Thompson et al., 2005). These solid oxides are less bioavailable than organic 

complexes, but have been proposed as oxidize polymeric substances by virtue of their 

reactive surfaces (Sunda and Kieber, 1994). Together, these findings suggest that 

early stages of decomposition are dominated by the generation of mobile Mn3+ 

complexes, while later stages are characterized by the accumulation of solid Mn3+/4+ 

oxide precipitates. 

The growing microbial signature in the litter accompanied the formation of 

more mobile and reactive Mn forms in the initial stages. Mn oxidation and 

accumulation in Mnorg pools in the initial stages correlated with decreasing C/N ratios 

and stronger contributions of amide functionalities in the decomposing litter (Fig. 

3.2). Relative increases in N content and amide functionalities present in proteins and 

chitin are associated with microbial biomass, so increases in these quantities suggests 

an increasing microbial density in the litter. N content (Preston et al., 2009a), fungal 

biomass (Šnajdr et al., 2011) and visible fungal colonization of needle litter (Ponge, 

1988, 1985, 1984) commonly rise within the first two years of decomposition. Within 

a similar time frame, maxima in MnP activity can be observed (Alarcón-Gutiérrez et 
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al., 2009; Šnajdr et al., 2011). Our results thus support the hypothesis that Mn 

mobilization and the formation of reactive Mn phases is caused by the successive 

microbial colonization of the litter. 

Our FTIR results, which show a decline in polysaccharide and aromatic 

constituents and a concurrent increases in amide functionalities (Fig. 3.1b; Table 3.1), 

fit exponential curves better than linear ones. These findings are consistent with 

exponential mass loss (Fogel and Cromack Jr., 1977) and chemical transformations 

(Preston et al., 2009b) detected in Douglas-fir needles after 6 years of decomposition. 

The loss of both aromatic and polysaccharide components coincided with Mn 

oxidation (Table 3.1), with the loss in aromatics resulting in slightly higher 

correlation coefficients. However, FTIR absorption bands for aromatics have to be 

interpreted with caution as they overlap with other, non-aromatic groups. LDPI, 

providing more detailed molecular information on the composition of aromatic 

structures in the litter, showed that some fragments became more abundant (∑ar+) 

while others became less abundant (∑ar-) over time (Fig. 3.1, Table 3.1). The loss of 

these molecular fragments (∑ar-) showed the most significant correlation with Mn 

oxidation (Fig. 3.2c). Preston et al. (2009b) observed an increase in carboxylic and 

aromatic C relative to phenolic and methoxy C over the same 6-year decomposition 

period. We therefore tentatively attribute mass peaks increasing in intensity (∑ar+) to 

the accumulation of carboxylated aromatic fragments and those decreasing in 

intensity (∑ar-) to phenolic and methoxy fragments lost during the decomposition 

process. Methoxy and phenol groups are thought to be primary targets for fungi using 

MnP and laccase (Hofrichter, 2002; Martínez et al., 2005), suggesting a causal 

relationship between biotic Mn oxidation in the oxidation of phenolic and methoxy 

moieties. 

5.2 Fungal Mn oxidation during the colonization of needle litter 

Our imaging analysis demonstrated that fungi are actively involved in Mn cycling at 

the scale of individual decomposing needles. Isolated fungal hyphae and dense hyphal 

networks were enriched in Mn compared to the needle tissue they colonized (Fig. 

3.3b), suggesting biotic accumulation and transport of Mn. Compared to the needle 

background, hyphal networks also showed a greater contribution of Mn3+ and Mn4+ 
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forms, indicating active biotic Mn oxidation. In addition to Mn in these diffuse 

patches, we observed larger particles consisting predominantly of Mn3+/4+ forms on 

needle surfaces.  Ponge (1985, 1988, 1990) remarked that a significant fraction of 

needle-colonizing fungal hyphae were dead, while Blanchette (1984) found dead 

hyphae in decaying wood covered in Mn precipitates. These observations suggest that 

in cases where the fungal supply of Mn3+-stabilizing chelators vanishes upon cell 

death, excess Mn3+ in solution disproportionates and precipitates as Mn3+/4+ oxides on 

dead fungal residues. These co-precipitates may then accumulate as larger aggregates 

observed here. We conclude that fungal colonization of single needles is accompanied 

by biotic Mn redistribution, oxidation and accumulation of Mn3+/4+ oxide phases. 

Our high-resolution chemical imaging analysis showed that within dense 

hyphal networks, reactive Mn3+ occurs in hotspots at the interface between hyphae 

and needle epidermis (Fig. 3.4c). These hotpots showed a mixture of Mn2+ and 

reactive Mn3+ species and almost no signs of Mn3+/4+ oxide accumulation (Fig. 3.5a). 

This observation is consistent with the conceptual model that microbially produced 

Mn3+ engages in oxidation reactions with litter components at this interface, and is 

reduced back to Mn2+ in the process. As a result, in this scenario no Mn3+/4+ oxides 

accumulate and fungi re-oxidizes Mn2+ to form Mn3+. The observed presence of 

comparable amounts of Mn2+ and Mn3+ therefore suggests active cycling of the 

Mn2+/3+ couple and Mn involvement in oxidation reactions. 

A more direct indication for oxidative reactions of Mn3+ species is the 

chemical alteration of both polysaccharide and aromatic components observed in the 

infected regions. Reactive Mn3+ species were co-localized with carbonyl groups (Fig. 

3.4c), suggesting oxidative alteration of the infected epidermis region.  Inspection of 

the FTIR spectra extracted from the infected epidermis region revealed a decrease in 

absorbance of bands associated with polysaccharides (1180-950 cm-1) (Fig. 3.5b), 

suggestive of cellulose removal. In spectra taken from the contact zone between 

hyphae and epidermis, another set of pronounced bands at 1700 cm-1 and 1610 cm-1 

arises from conjugated C=O and C=C stretching vibrations. These vibrations arise 

from aromatic aldehydes, ketones and carboxylates (Stuart, 2004; Tejedor-Tejedor et 

al., 1992, 1990) and have been observed in oxidized plant material (Biache et al., 
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2011; Daly and Horn, 2009; Stewart, 1996; Yu et al., 2012). Interestingly, these 

aromatic carboxylates and aldehydes have also been identified as the main products 

of Mn3+-mediated lignin oxidation (Hofrichter, 2002; Martínez et al., 2005; Wariishi 

et al., 1989).  The removal of polysaccharides with the concurrent oxidative alteration 

of aromatic lignin is a widely noted fungal decay pattern, where hyphae generate 

oxidized trenches on cell walls via diffusive oxidizers without invading the cell 

interior (Martínez et al., 2005). The bioaccumulation of Mn, production of Mn3+ 

species, and presence of Mn3+-specific lignin oxidation products along this zone 

provides a strong argument for Mn3+-mediated oxidation of aromatic components in 

litter. 

5.3 Alternative explanations for biotic Mn cycling 

Despite these lines of evidence, we have to acknowledge the possibility that, rather 

than directly oxidizing aromatic structures, Mn3+ species are accumulated due to other 

processes.  One possibility is the presence of Mn-containing enzymes at the site of 

decay. The Mn2+/3+ couple serves as the redox-active center of superoxide dismutase 

and oxalate oxidase, both of which are known to participate in oxidative processes.  

Superoxide dismutase protects organisms from oxidative stress during lignin 

decomposition by quenching reactive oxygen species (ten Have and Teunissen, 

2001), while oxalate oxidase has been proposed to produce extracellular H2O2 for 

other enzymatic reactions (Aguilar et al., 1999). However, both enzymes are 

intracellular (Hernández-Ortega et al., 2012; ten Have and Teunissen, 2001) and 

therefore unlikely to cause the substantial extracellular accumulation of oxidized Mn 

observed here. A more likely possibility is that Mn oxidiation occurs as a by-product 

of laccase-mediated, extracellular superoxide production (Hansel et al., 2012; 

Learman et al., 2011). While superoxide can cleave and demethoxylate aromatic 

radicals in lignin (Guillén et al., 1997), it also spontaneously oxidizes Mn2+ and 

causes uncontrolled precipitation of Mn3+/4+ oxides (Learman et al., 2011). Based on 

our data, we cannot eliminate this possibility. Yet, given that Mn seems to be actively 

recruited to certain locations it appears more plausible that there is a physiological 

function of Mn oxidation. In fact, laccase-indiced Mn oxidation was also shown to 

generate H2O2, fueling the catalytic function of MnP which in turn would promote 
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further Mn3+-mediated lignin oxidation (Archibald and Roy, 1992; Guillén et al., 

1997; Schlosser and Höfer, 2002). While questions remain regarding the exact 

mechanisms, both micro- and macro-scale observations support a strong functional 

link between microbial Mn oxidation and litter decomposition. 

5.4 Linking Mn cycling and litter decomposition across scales 

When combined, our findings for the entire litter layer and individual needles point to 

a specific order of events with respect to biotic Mn transformation and litter 

decomposition. Organically-complexed Mn accumulated and reactive Mn3+ species 

were formed in the initial stages of decomposition (layers 1-3), likely driven by the 

increasing biotic activity in the litter. In the later stages (layers 4-6), particulate 

Mn3+/4+ oxides accumulated.  This is consistent with our observations of fungal needle 

colonization, where hyphae concentrate Mn2+, form reactive Mn3+ species in their 

vicinity and accumulate Mn3+/4+ oxides.  

Similarly, consistencies across both scales provide support for a sequence of 

Mn3+-mediated oxidation reactions.  In the litter layers, microbial Mn oxidation 

appears to correlate with the loss of methoxy and phenolic subunits (Fig. 3.2c). Mn3+ 

complexes are thought to oxidize methoxy groups to phenolic groups, which makes 

the aromatic system even more susceptible for oxidative attack by Mn3+ (Hofrichter, 

2002) or phenol oxidases (Martínez et al., 2005). Oxidation of phenolics by Mn3+ was 

proposed to generate aromatic radicals (Hofrichter, 2002). Further oxidation by Mn3+ 

then leads to either ring cleavage (Hofrichter, 2002) or generates aromatic aldehydes 

(Ruiz-Dueñas and Martínez, 2009; Wariishi et al., 1989) and ultimately aromatic 

carboxylates (Gilli et al., 2012; Martínez et al., 2005).  Chemical imaging confirmed 

such aromatic aldehydes and carboxylates in proximity of Mn3+ hotspots at the 

interface of fungi and needle epidermis (Fig. 3.5b).  

5.5 Biological Mn recruitment and retention in the litter layer? 

Over 6 years of litter decomposition, we observed a six-fold increase in MnEXTR in the 

litter (Table 3.1). Given that litter mass loss is estimated to be only 30% over the 

same period (Fogel and Cromack Jr., 1977), this Mn accumulation rate necessitates 

mechanisms to recruit Mn into the litter layer.  In light of the high Mn concentrations 

associated with fungal hyphae (Fig. 3.3b), one can speculate on the role of 
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decomposer organisms in recruiting Mn from litter and the mineral soil. In our 

system, ectomycorrhizal mats inhabiting litter layers and underlying soils were 

observed during sampling. For the same system, elevated Mn concentrations in 

decomposing needles and the soil solution compared with non-mat soil have been 

reported (Entry et al., 1991). Coincidently, these authors also observed enhanced 

decomposition of Douglas-fir needles in these mats. Ectomycorrhiza are known to 

colonize decomposing litter (Ponge, 1990) and degrade Douglas-fir needles (Durall et 

al., 1994). The mats found in our system are dominated by Piloderma species (Kluber 

et al., 2011), some of which have genes for the production of MnP and phenol 

oxidase (Chen et al., 2003, 2001), and exhibit MnP and phenol oxidase activities an 

order of magnitude higher than in the adjacent bulk soil (Cromack Jr. et al., 1988; 

Griffiths and Caldwell, 1992). In light of the results presented here, we suggest that 

ectomycorrhiza may not only play a role in Mn recruitment to the litter layer, but also 

directly employ Mn in the decomposition process.  

With respect to Mn storage in the litter, a particularly noteworthy observation 

is the biotic accumulation of particulate Mn3+/4+ oxide precipitates (Fig. 3.1a, Fig. 

3.3b). These precipitates are readily reduced to more mobile divalent form by fungal 

metabolites such as oxalate (Stone, 1987). An intriguing question is whether litter-

decomposing fungi not only store excess Mn as oxides, but also remobilize Mn2+ 

from Mn oxides deposits in times of increased physiological need. 

6. Conclusions 

This study provides evidence for a direct link between biotic Mn redox cycling and 

the transformations of biopolymeric litter components across a forest litter layer. 

Collectively, our results show that litter-decomposing fungi first recruit and 

accumulate reduced Mn2+ in the litter layer, transform it into oxidative Mn3+ forms at 

the site of oxidative litter decomposition, and later accumulate it as Mn3+/4+ oxide 

precipitates. Moreover, we find that Mn oxidation – specifically the formation of 

reactive Mn3+ species - in this ecosystem is not incidental, but tightly coupled to the 

oxidative degradation of aromatic structures in litter.  

These findings provide a mechanistic basis for the widely-noted ‘Mn-

dependence’ (Aponte et al., 2012; Berg et al., 2010, 2007) of litter decomposition.  
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Our results suggest that this relationship largely rests on the ability of decomposer 

organisms to recruit Mn and oxidize it at the site of decay in the litter layer. We 

therefore propose that Mn bioavailability and oxidation rate be recognized as major 

determinants of litter decomposition in forest ecosystems.  

These insights are of particular importance in light of the fact that global 

environmental change alters Mn bioavailability in mineral soils (Cheng et al., 2010; 

Guo et al., 2012; Natali et al., 2009), plant uptake and foliar litter concentrations 

(Duval et al., 2012; Natali et al., 2009).  Given the tight coupling between Mn and C 

cycling demonstrated in this study, it will be important to better understand how these 

changes in Mn fluxes affect litter decomposition rates. 
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12
7 Table 3.1: Chemical transformations of litter over six years of decomposition 

Sample litter age #C/N #Mnextr #Mnorg #Mnred §Mn+x  FTIR  LDPI 
        ∑amide ∑lignin ∑saccharides  ∑carbonyl  *∑ar-− 

*∑ar+ 

   ratio mg g-1 % %   relative absorbance (%)  relative intensity (%) 

Fresh needles 2012 48 0.4±0.0 25±1 75±9 2.07  13 24 47 15  n.a. n.a. 
Litter layer 1 2011-10 47 1.1±0.0 66±3 34±3 2.15  15 23 46 16  5 1.5 
Litter layer 2 2010-09 39 1.4±0.1 74±4 26±2 2.22  17 20 44 18  4 2.3 
Litter layer 3 2009-08 35 1.8±0.1 85±4 15±1 2.31  20 19 44 17  3 1.4 
Litter layer 4 2008-07 37 1.8±0.1 87±6 14±1 2.49  22 18 42 17  3 2.3 
Litter layer 5 2007-06 36 2.0±0.1 83±4 17±2 2.59  21 18 44 16  2 2.4 
Litter layer 6 2006-05 38 2.4±0.1 74±3 26±2 2.74  21 18 41 19  2 2.5 
O horizon (needle litter) < 2005 45 1.4±0.0 72±2 28±6 2.83  n.a. n.a. n.a. n.a.  n.a. n.a. 
A horizon (2-20 cm)  0-20 cm 24 0.8±0.1 26±2 74±11 3.14  n.a. n.a. n.a. n.a.  n.a. n.a. 
A/B horizon (20-37 cm)  20-37 cm 23 0.2±0.0 5±0 95±4 3.03  n.a. n.a. n.a. n.a.  n.a. n.a. 
* ∑ar— and ∑ar+ denote the sums of peak intensities of masses identified in Fig. 3.1c.   
§ average oxidation state of Mn as determined by linear combination fitting of Mn XANES spectra (Manceau et al., 2012) 

# values given as mean ± standard error 
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8. Figures 

 
Figure 3.1: Manganese and litter transformations in Douglas-Fir needles over six 
years of decomposition. a) Mn K-edge XANES spectra with approximate positions of 
absorption maxima for Mn2+, Mn3+ and Mn4+ forms (Guest et al., 2002; Manceau et 
al., 2012). Pie chart insets show the relative amounts of Mn2+, Mn3+ and Mn4+ with 
the adjacent number representing the average oxidation state as determined by linear 
combination fitting (Manceau et al. 2012). b) FTIR spectra of litter layers. Specified 
wavenumber ranges correspond to (1) amide I of protein and chitin, (2) COO-/ar-C=C 
stretch of carboxylates and aromatic lignin structures, (3) amide II of protein and 
chitin, and (4) C-O-C stretch of polysaccharides.  c) LDPI mass spectra of litter layers 
collected at photon energy of 9.5 eV. Annotated masses correspond to aromatic 
structures (ionization energies ≤ 8.5 eV) that either increase (∑ar+) or decrease (∑ar-) 
in intensity with time. All spectra are normalized and plotted with an offset for better 
readability. Fresh needles and the underlying organic and mineral horizons were 
included for comparison. 
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Figure 3.2: a) C/N ratio as an indicator of the microbial colonization in relation to 
organically-complexed Mn. b) Changes in the FTIR absorbance of amide groups as a 
proxy for microbial protein/chitin relative to variations in average Mn valence.  c) 
Transformation of LDPI detectable aromatic (e.g. lignin) structures during litter 
decomposition in relation to changes in the average Mn valence.  
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Figure 3.3: µ-XRF/XAS analysis of whole needle cross-sections.  a) Photographs 
showing individual needles colonized by fungal hyphae that create dark patches 
during decomposition. b) False color XRF maps of resin-embedded needle cross-
sections showing the concentration of Mn (green) dense patches, hyphae and particles 
in contrast to Ca (blue) and Si (red). Color intensity is directly related to elemental 
concentrations. The apparent three-dimensional appearance of the map is due to the 
penetration of X-rays ~100-200 µm into the resin-embedded cross-sections. c) Mn 
XANES spectra of regions highlighted in b) illustrating the more oxidized state of Mn 
in diffuse patches and particles associated with the needle surfaces.  Pie charts show 
the relative amounts of Mn2+, Mn3+ and Mn4+ and the number indicates the resulting 
average valence state as determined by linear combination fitting (Manceau et al. 
2012). 
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Figure 3.4: Spectromicroscopic analysis of fungal Mn transformations at the hyphae-
epidermis interface of three decomposing needles.  a) Photographs showing fungal 
hyphae and residues (dark) on epidermis (first row of cells), hypodermis (second row 
of cells) and mesophyll (bright tissue).  b) Heat maps showing the distribution of 
lignin, amide and carbonyl at the interface. Maps were generated by SR-FTIR 
spectromicroscopy using the integrated absorbance of spectral regions as indicated. 
The red line denotes a transect across the hyphae-epidermis interface used to extract 
SR-FTIR spectra shown in Fig. 5b.  c) Corresponding Mn distribution maps of the 
same interfaces generated by µXRF. Scale bar = 30 µm. 
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Figure 3.5: Mn and litter chemistry along the hyphae-epidermis interface.  a) Mn 
XANES showing that the Mn along the hyphae-epidermis interface (points 1-2, Fig. 
3.4c) is more oxidized than Mn in the mesophyll (points 4-5, Fig. 3.4c). Due to 
noticeable photo-reduction with increasing analysis duration, spectra are averages of 
the first 5 scans.  Pie charts show the relative amounts of Mn2+, Mn3+ and Mn4+ with 
the adjacent number indicating the average oxidation state as determined by linear 
combination fitting (Manceau et al. 2012).  b) FTIR spectra extracted from transect 
across the hyphae epidermis interface (red line shown in Fig. 4b).  Note that 
absorbance at ~1700 and ~1610 cm-1 at the interface (B) increases relative to (C) 
uninfected regions and a fresh needle epidermis, indicating a chemical alteration of 
the infected epidermis region. Spectra extracted along this transect are the average of 
four pixels (8 x 8 µm2).  
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4 1. Tables 

Table A-3.1: Results of the linear combination fitting of Mn XANES spectra (Manceau et al., 2012) 
   Mn2+ Mn3+ Mn4+    
Figure in text location Relative contribution (%) average Mn valence NSS x 10-3 
Fig. 1a Fresh litter 93 7 0 2.1 0.9 
 Layer 1 85 15 0 2.1 0.9 
 Layer 2 78 22 0 2.2 0.7 
 Layer 3 74 20 6 2.3 0.3 
 Layer 4 67 17 16 2.5 0.4 
 Layer 5 59 22 18 2.6 0.3 
 Layer 6 49 28 23 2.7 0.4 
 O horizon 46 24 30 2.8 0.5 
 A horizon 29 28 43 3.1 0.2 
 A/B horizon  33 31 36 3.0 0.2 
 B horizon 24 61 15 2.9 1.0 
Fig. 3c vascular tissue 99 0 1 2.0 0.2 
 mesophyll 88 12 0 2.1 0.3 
 fungi 99 0 1 2.0 0.2 
 diffuse spot 1 72 0 28 2.6 1.3 
 diffuse spot 2 83 4 13 2.3 0.9 
 particle 1 45 21 35 2.9 2.4 
 particle 2 49 0 51 3.0 0.5 
 particle 3 27 20 53 3.3 0.2 
Fig. 5a spot 1 85 15 0 2.2 4.7 
 spot 2 88 12 0 2.1 3.6 
 spot 3 43 57 0 2.6 9.2 
 spot 4 48 48 4 2.6 1.3 
  spot 5 27 73 0 2.7 6.4 
NSS is the normalized sum-squared residual = ∑n[data – fit] / ∑n[data]  



 

 

13
5 Table A-3.2: Main vibrational bands in the bulk FTIR spectra of Douglas-Fir needle litter and their assignments 

biomolecule 
Wavenumber 
(cm-1) vibrational modes assignment references 

polysaccharides 1180-950 ν(C-O-C)  C-O stretch (Heraud et al., 2007) 
amide 1640-1700 ν(C=O)  amide I (C=O stretching) (Faix, 1992; Nelson, 1991; 

Williams and Fleming, 
2008) 

 1580-1530 ν(N-H) and ν(C-H)  amide II (N-H bending, C-H stretching) (Nelson, 1991; Stuart, 2004; 
Williams and Fleming, 
2008) 

aromatic 1260-1200 ν(C-O)  guaiacyl C-O stretch (Faix, 1992) 
 1530-1480 ν(C=C)  aromatic skeletal vibration (semicircle 

ring stretch) 
(Heraud et al., 2007) 

 1620-1590 ν(C=C) and νs(COO–) aromatic skeletal vibrations (quadrant 
ring stretch) and carboxylates 

(Heraud et al., 2007; Senesi 
and Sposito, 1989) 

carbonyl 1750-1700 ν(C=O)  C=O stretch of esters, aldehydes, and 
ketones 

(Nelson, 1991; Stuart, 2004) 

 

  



 

 

13
6 Table A-3.3: a) Assignment of most prominent peaks in LDPI mass spectra based on ionization energies. b) Evolution of the 

identified mass peaks over six years of litter decomposition 
 normalized intensity (%) 
m/z 300-500 340 368 396 399 400 406 414 ∑ar

&
 ∑ar+ ∑ar-   272 196 256 ∑non-ar

#
 

a) Peak assignment:                 
Ionization energy 8.1 8.5 8.2 8.1 8.5 8.2 8.0 7.3     8.7 8.7 8.9  
correlation 
coefficient (R

2
) 0.91 0.94 0.82 0.94 0.96 0.92 0.86 0.92     0.95 0.93 0.93  

references*   a a, b     b     a, b  b  
assignment  ar ar ar ar ar ar ar     non-ar non-ar non-ar  
                 
b) Litter layers:                 
L1 56.0 0.7 0.8 0.9 0.5 0.6 0.6 2.0 6.1 1.5 4.6  0.3 0.2 0.3 0.7 
L2 53.2 1.1 1.3 0.6 0.3 0.4 0.8 1.5 5.8 2.3 3.5  0.4 0.1 0.3 0.8 
L3 49.6 0.4 1.0 0.5 0.3 0.4 0.5 1.4 4.5 1.4 3.1  0.5 0.2 0.2 0.9 
L4 48.3 0.8 1.6 0.4 0.3 0.3 0.4 1.0 4.8 2.3 2.5  0.6 0.2 0.2 1.0 
L5 46.3 1.1 1.3 0.3 0.2 0.3 0.3 0.5 4.1 2.4 1.6  0.3 0.2 0.3 0.8 
L6 46.2 1.1 1.4 0.3 0.2 0.3 0.3 0.4 4.1 2.5 1.6   0.3 0.2 0.3 0.7 
* masses attributed to lignin:  a) (Hofrichter et al. 2013); b) (Liu et al., 2013) 
&
 sum of the normalized intensity of masses with measured ionization energies  ≤ 8.5 eV assigned to aromatic structures 

#
 sum in the normalized intensity of masses with measured ionization energies > 8.5 assigned to non-aromatic structures 
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Conclusion 
 
The research in this thesis focused on developing chemical imaging strategies for 

undisturbed soil samples, with the goal of improving our understanding of the role of 

reactive metal species in SOM dynamics.  

1. Multi-modal chemical imaging 

With regard to the technological goals, the research presented in this thesis 

specifically demonstrated:  

• The suitability of SEM, STXM/NEXAFS, and NanoSIMS to characterize nano- to 

micro-scale associations of both organic and mineral phases (chapters one and 

two). The application of this multi-modal imaging approach on the same soil 

samples extracted with minimal disturbance is among the first of its kind (see 

also: Remusat et al., 2012). Combined with high-pressure freezing and cryo-

sectioning sample preparation techniques developed in parallel (Bougoure et al., 

in prep.), this approach is especially useful for the investigation of neo-formation 

of and transformations within soil microaggregates. 

• The potential of combined µ-XAS/XRF and SR-FTIR imaging in characterizing 

both reaction partners of metal-organic interactions at the micro- to milimeter-

scale (chapter three). This research relied on cryostat thin-sectioning technique 

that involves no pretreatment of the sample other than immersion in water and 

flash freezing in liquid N2. This holds substantial promise for future research 

addressing interactions of SOM with metals across environmental gradients at 

root-soil boundaries, in macroaggregates, or along preferential flow paths.  

Based on the experiences in conducting this research, the following describes general 

guidelines for the use of chemical imaging techniques to answer questions in the 

realm of SOM-mineral interactions. 

A. Preparation of samples and analysis scheme (‘what is the best analytical 

approach for our sample?’): The optimal preparation and analysis scheme 

depends on sample type as well as the scale at which phenomena occur. Table 4.1 

offers some workable analytical approaches for samples of different types and 

sizes for investigations into interactions occurring at nano- to millimeter scales.  
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B. Pitfalls (‘How do we prevent chemical changes in the sample?’): The second 

step is to consider potential impacts of sample preparation, transport and 

analysis on SOM and reactive metal species. Sample preparation techniques 

for solid samples described in Table 4.1 include, among other things, freeze-

drying, air-drying, hydration, sulfur embedding and exposure to oxygen. 

While the impact on the sample is minor compared to more conventional 

procedures, it is still important to evaluate if any of these procedures would 

disturb the SOM-metal interactions of interest through physical disruption or 

dissolution-precipitation and reduction-oxidation reactions. Similarly, it is 

worth noting if CO2 adsorption, vibration, or light and oxygen exposure of the 

specimen during sample transport are of concern. Finally, precautions should 

be taken against chemical alterations during the analysis, especially for those 

using synchrotron X-ray beams. Photo-catalytic reactions alters SOM 

chemistry (Cody et al., 2009) and photolytic beam reduction affects reactive 

metals associated with organic compounds (Harrington et al., 2012). These 

chemical changes may not only affect the results obtained with the X-ray 

beam, but also data collected during subsequent imaging analyses. 

C. Analytical strategy (‘How do we get the data we need?’): The third step is to 

determine a sampling strategy for each technique best suited to answer the 

overall question.  Determining the optimal analytical strategy encompasses 

choosing the appropriate (i) way to identify and select regions of interest, (ii) 

mode of data acquisition (e.g., image, line or point scans), (iii) number of 

replicate analyses, and (iv) data quality. The choice of the analytical strategy 

will set the requirements for analysis time. The analytical strategy has to be 

evaluated given the limited access to analytical facilities.  
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Table 4.1: Suggestions for sample preparation and analysis schemes for chemical 
imaging of SOM-metal interactions 

Sample 
type (size 

in µm) 

Scale of 
phenomena 

(um) 

Suitable multi-
modal analysis 

Isolation 
procedure 

Preparation Refs. 

Solutes/ 
colloids 
(0.1-1) 

0.1-0.25 
SEM/TEM 

STXM/NEXAFS 
NanoSIMS* 

Pore water 
extraction 

Dry-deposition Chapter two 

Centrifugal 
sedimentation + 

thin-film formation 

(Perret et al., 
1991; Keiluweit 
et al., in prep) 

Particle 
isolates 
(0.5-50) 

0.25-10 

 
SEM/TEM 

STXM/NEXAFS 
NanoSIMS* 

 

Size/ density 
fractionation 

Freeze-drying + 
dry-deposition 

(Heckman et al., 
2013; Remusat et 

al., 2012) 

Wet-deposition Chapter one 

Whole 
aggregates 
(100-1000) 

0.25-10 
SEM/TEM 

STXM/NEXAFS 
NanoSIMS* 

Hand- picked 

High-pressure 
freezing + cryo-

ultramicrotomy + 
freeze-drying 

(Bougoure et al., 
in prep.) 

S embedding + 
cryo-

ultramicrotomy  

(Kinyangi et al., 
2006) 

Flash-freezing + 
cryo-

ultramicrotomy 

(Lehmann et al., 
2007) 

Pt coating + 
Focused ion beam 

milling 
(Obst et al., 2005) 

Whole 
aggregates 
(500-5000) 

10-200 
BF/FL 

SR-FTIR 
µ-XRF-XAS# 

Hand-picked Flash-freezing + 
cryostat sectioning Chapter three 

* Scanning and/or transmission electron microscope/scanning transmission X-ray 
microscope/near-edge X-ray absorption fine structure spectroscopy/mass spectrometry 
imaging using a NanoSIMS (maximum spot size: 0.05-0.1 µm2) 
# Bright field and/or fluorescence microscope/synchrotron-based µ-FTIR and X-ray 
microprobe for µ-X-ray fluorescence and absorption spectroscopy (maximum spot size: 1.5-
2.5 µm2) 
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D. Data processing and interpretation (‘How do we get the answers we are 

seeking?’): The final step is to establish robust data extraction, processing and 

reduction routines that provide the desired answer. This includes (i) developing 

the appropriate software routines for the collected data types and (ii) determining 

the need for auxiliary information aiding in data interpretation (e.g. reference 

standards). In the case of multi-modal imaging, it is also important to consider 

how the interpretation is considered by the different modes of analysis (e.g., 

surface versus transmission analysis). 

An experimental plan to test falsifiable hypotheses with chemical imaging techniques 

requires thorough consideration of steps 1-4. This is difficult to achieve without prior 

knowledge of the nature of the sample, and the type and quality of data that can be 

obtained with each technique. It is therefore recommended to conduct limited, 

preliminary analyses with the specific purpose to ascertain points 1-4.  This is a 

challenging - given the limited access to analytical facilities – yet necessary task to 

determine whether hypotheses are testable with a given sample and approach at the 

outset. 

2. Insights into the role of reactive metal species 

With regard to the goal of evaluating the value of chemical imaging techniques for 

observing environmentally relevant samples, the research in this thesis shows that 

these techniques can indeed provide novel insights into SOM and their interaction 

with reactive metals in soils.  In chapter one, we found that associations with iron 

(hydr)oxides serve as sinks for microbially processed, N-rich fungal necromass in 

ectomycorrhizal mats.  Not only did the imaging approach presented here offer an 

explanation why a substantial amount of N in the system was not detected with 

conventional extraction techniques, it also provided a mechanistic underpinning for 

the observations that residues of root-associated fungi are ‘major contributors to SOM 

formation and stabilization’ (Clemmenson et al. 2012).  Our results suggest that 

fungal-derived C and N is preserved due to the high affinity of their microbial 

transformation products for metal oxide phases.  
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The second chapter demonstrated the ability of root exudates to reverse such 

protective associations between SOM and metals, thereby increasing microbial access 

to SOM and so causing C loss in the rhizosphere. The apparent ability of plant roots 

to actively undermine this ‘stable’ SOM pool demonstrates that mineral-organic 

associations are more susceptible to changes in the environmental conditions than 

previously assumed. An important question that follows from this research is to what 

extent local microbial- or root-induced changes in organic ligand concentration, redox 

state, or chemical equilibria in the soil solution promote active cycling in mineral-

associated (or ‘passive’) SOM pools (Guenet et al. 2012; Torn et al. 2013). 

In chapter three, the functional role of biotic Mn cycling in litter 

decomposition was established using a combination of chemical imaging and bulk 

techniques. These findings add to the growing body of evidence that redox active 

metal species not only protect SOM from microbial decomposition, but also further 

its oxidation in soils. It also prompts intriguing questions regarding a possible role of 

Mn redox cycling for lignin oxidation in mineral soils. One could speculate that the 

particularly high degrees of lignin oxidation observed in soils with fluctuating redox 

conditions (Amelung et al., 1999) may be attributable to Mn redox cycling. 

Collectively, this research underscores the need to consider the reactivity of 

metal species in assessing their impact on SOM dynamics. This work demonstrates 

that this reactivity, particularly that of redox-active species, renders seemingly 

protective associations with SOM susceptible to changes in environmental conditions 

and facilitates the oxidation of SOM. Determining the conditions favoring reversible 

and oxidative interactions between reactive metal species and SOM represent an 

important future challenge for soil C research. 
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