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The Pacific Northwest is an internationally important region for the 

production of Brassica seed and other seed crops including grass seed.  Oregon 

lawmakers mandated research into the co-existence of canola (Brassica napus) with 

other Brassica production in the Willamette Valley and House Bill 2427 was signed 

into law in 2013, providing funds for Oregon State University to research residue 

management, diseases, volunteer survival and insect pests associated with canola, 

turnip (B. rapa), and radish (Raphanus sativus) seed production.  Outbreaks of black 

leg and light leaf spot diseases, the latter new to North America, were observed in 

Brassicaceae crop fields during March 2014.  Black leg, caused by Leptosphaeria 

maculans and L. biglobosa, and light leaf spot, caused by Pyrenopeziza brassicae, are 

economically important fungal pathogens of Brassicaceae crops.  Brassicaceae crops 

and weeds were surveyed in western Oregon for these two diseases.  Weed host 

populations were mapped, diseased plant samples were collected, and pathogens 

characterized.  Predominate weeds found along roadsides included birdsrape mustard 

species (B. rapa) and wild radish (Raphanus spp.).  Both Leptosphaeria species were 



 

 

found throughout the Willamette Valley on both Brassicaceae crop and weeds but L. 

maculans was the most common and was observed close to Oregon’s borders with 

Washington and California.  Two mating types of P. brassicae were detected on 

roadside weed populations, indicating potential for sexual reproduction and long-

distance spore release on weed plants in Oregon.  New hosts for black leg and light 

leaf spot were discovered, including Leptosphaeria on western yellowcress (Rorippa 

curvisiliqua (Hook.) Besser ex Britton).  Information regarding the presence of these 

pathogens on weed hosts is useful for gauging the importance of weeds in the spread, 

persistence, and management of black leg and light leaf in Oregon.  
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Chapter 1: Introduction 

 

Background  

The Pacific Northwest is an internationally important region for the production of 

Brassica seed and other seed crops, including grass seed.  Brassica vegetable seed crop 

production in Oregon and Washington make up half of the United States’ and a quarter of the 

world’s supply of Brassica vegetable seed (Schreiber 1995).  Most of the Brassica specialty seed 

production within Oregon is located in the Willamette Valley, where canola (B. napus) is a crop 

of interest for grass seed producers as a rotational crop.  Due to questions about the compatibility 

of growing canola in the Brassica specialty seed production area, Oregon House Bill 2427 was 

signed into law in 2013.  This bill provided funds for Oregon State University to research the 

coexistence of canola with specialty Brassica seed production focusing on insect pests, diseases, 

volunteer control, and residue management associated with canola, turnip, and radish seed 

production.   

Specialty Brassica seed crops had been surveyed for disease by OSU prior to House Bill 

2427 funding and a number of diseases frequently were observed in seed fields in western 

Oregon from 2010 through 2013 (Ocamb, pers. comm.).  Diseases common to Brassicaceae seed 

and vegetable crops in western Oregon include: black spot (Alternaria brassicae (Berk.) Sacc. 

and A. brassicicola (Schwein.) Wiltshire), clubroot (Plasmodiophora brassicae Woronin), 

downy mildew (Peronospora parasitica (Pers.: Fr.) Fr.), powdery mildew (Erysiphe polygoni 

DC.), Sclerotinia stem rot (Sclerotinia sclerotiorum (Lib.) de Bary), and white rust (Albugo 

candida (Pers.) Kunze) (Pscheidt and Ocamb 2016).  During 2014, large outbreaks of black leg 

(Leptosphaeria maculans (Desmaz.) Ces. & De Not. and L. biglobosa Shoemaker & H. Brun)  
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and light leaf spot (Pyrenopeziza brassicae Sutton & Rawl) were observed in the Willamette 

Valley, initially in canola and turnip seed fields, which were part of Oregon House Bill 2427 

research; infected specialty Brassica seed and vegetable crops also were found infected in 2014.  

This was the first reported occurrence of light leaf spot in North America and black leg 

epidemics had not been seen in Oregon since the 1970’s (Claassen et al. 2015;  Ocamb et al. 

2015).  Outbreaks of these two diseases appear likely to have effects on the many types of 

Brassica crops produced in western Oregon.  Black leg has maintained a ubiquitous presence 

across the Willamette Valley, and light leaf spot is being observed increasingly widespread since 

it was first identified in 2014.  Light leaf spot was observed in 2016 on Brassica cover crops and 

weed hosts in the Skagit Valley of Washington, which is home to the majority of Brassica 

specialty seed crops in Washington (Carmody et al. 2016).  These fungal diseases were found on 

many different Brassicaceae crops, and are infecting Brassicaceae weeds.   

 

Phoma: the genus 

 The genus Phoma is a diverse group of fungi, containing over 200 species, 110 of which 

are recognized as plant pathogens affecting specific families of plants (Aveskamp et al. 2008).  

Two economically important plant pathogens found within the Phoma genus are Phoma 

medicaginis var. medicaginis Malbr. & Roum and Plenodomus lingam.  Plenodomus lingam 

(Tode) Höhn. (syn. Leptosphaeria maculans (Desm.) Ces. & De Not.; anamorph Phoma lingam 

[Tode : Fr.] Desm.) causes black leg or Phoma stem canker on members of the Brassicaceae 

family.  Leptosphaeria maculans is the teleomorph of P. lingam while Leptosphaeria biglobosa 

(syn. Plenodomus biglobosus) is the teleomorph of an unnamed anamorph that is typically  
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associated with a less severe form of black leg (Shoemaker and Brun 2001).  Black leg is an 

economically important disease of canola and Brassicaceae seed and vegetable crops.   

Most pathogenic Phoma species share a similar life cycle.  Phoma macrostoma var. 

macrostoma Mont., P. lingam, and L. biglobosa enter host tissues through stomata or other 

natural openings, as well as via wounds in the epidermis; P. clematidina (Thüm.) Boerema, P. 

medicaginis var. medicaginis, and Plenodomus lindquistii (Frezzi) Gruyter, Aveskamp & 

Verkley, enter host tissue directly through the plant’s epidermis (Aveskamp et al. 2008;  Bailey 

et al. 2011;  Castell-Miller et al. 2007;  Huang et al. 2003;  Roustaee et al. 2000;  Sosnowski et 

al. 2001;  Van De Graaf et al. 2002;  West et al. 2001).  The fungi grow in the intercellular space 

of the tissue and start to kill host tissue.  Lesions form as host tissue is killed and pycnidia are 

produced.  Pycnidia release pycnidiospores (conidia) that are typically spread by splashing water.  

As host tissues senesce, the fungi will form sexual structures known as pseudothecia.  

Pseudothecia produced by L. maculans and L. biglobosa develop and forcibly eject ascospores; 

these windblown spores can move at least several miles and are responsible for wider 

distribution of the disease (Rimmer and van den Berg 2007).  Phoma species are successful as 

pathogens across many geographic locations due in part to their ability to produce plentiful 

conidia, affect multiple host species within plant families, and exhibit relatively fast growth rates 

(Aveskamp et al. 2008).  International spread of Phoma species is primarily due to the movement 

of infected seeds or transplants, but can also be spread by plant material such as chaff and straw 

associated with canola harvested for crushing  (Fernando et al. 2016).     

The genus, Phoma, is currently divided into nine sections based on characteristics of 

pycnidial conidiomata: Heterospora, Macrospora, Paraphoma, Peyronellaea, Phoma,  



Claassen 4 
 

 

 

Phyllostictoides, Pilosa, Plenodomus, and Sclerophomella (Aveskamp et al. 2008).  Many 

characteristics including: size and shape of conidiomata, pycnidiospores, and chlamydospores 

(durable resting spores) as well as rates and patterns of growth on various agar media are used to 

differentiate between species of Phoma.  Phoma lingam and the anamorph of L. biglobosa do not 

produce chlamydospores.  DNA-based techniques can be used to distinguish between and 

identify species of Phoma or subtypes within certain species.  Amplified fragment length 

polymorphism analysis can be used to sort isolates of Leptosphaeria maculans into two types 

that correspond to pathogenicity of the isolate (Purwantara et al. 2000).  A DNA-based approach 

was used to identify L. biglobosa when variance in pathogenicity and a large range of genetic 

variability were identified among isolates of P. lingam (Fitt et al. 2006).   

 The number of fungal species currently assigned to the genus Phoma is 223 (Boerema et 

al. 2004), although prior to Boerema’s classification of the genus, there were 3000-5000 species.  

Aveskamp et al. (2008) suggest that a large number of species have not been described since un-

typed specimens remain, and that the genus is taxonomically problematic because the criteria of 

the genus is full of ambiguous morphological descriptions and variations are seen in 

microstructures and growth in culture (Aveskamp et al. 2008).  More taxonomical work should 

be done to better categorize the genus Phoma.  

 

Nomenclature and occurrence of the black leg pathogen  

The name of the fungus that causes black leg has changed over time as the disease 

problem on Brassica crops appeared in different regions.  Tode described the causal fungus of  
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black leg on debris of cabbage (Brassica oleracea var. capitata) in Germany in 1791, and the 

fungus was assigned the name Sphaeria lingam (Tode) (Henderson 1918).  Black leg was later 

found on living tissue of B. oleracea (cabbage) in 1849 in France by Desmaziere, who was first 

to recognize it as a plant pathogen and assigned the name P. lingam (Tode) Desm.   Saccardo 

changed the name from P. lingam to Phoma oleracea in 1880, and Prillieux subsequently 

designated the name as P. brassicae Thüm in 1897, which was used by McAlpine in 1901.  The 

disease was reported in Australia on cabbage and cauliflower (B. oleracea var. botrytis) in 1897 

by McAlpine, who renamed the fungus, P. brassicae Thüm.  In Holland, Bos and Quanjer found 

the disease and named the fungus, P. oleracea Sacc.  Bos and Quanjer concluded that cultures of 

P. brassicae Thüm. and P. oleracea Sacc. were identical, so Henderson decided, based on their 

descriptions and his own work with this fungus, that the names, P. brassicae Thüm and P. 

oleracea Sacc., were synonyms for P. lingam (Henderson 1918).   

Black leg was first reported in the United States 1910 when Manns detected it on cabbage 

in Ohio.  Harter found black leg on cabbage in many other states, including Ohio, Michigan, 

Iowa, Virginia, Wisconsin, and New York as well as on cauliflower in Louisiana.  In Wisconsin, 

yield losses in cabbage due to black leg reached 90% (Henderson 1918).  Black leg caused major 

losses in Ohio, with Manns (1910) reporting “excessive” losses in two districts, and “several 

cases were noted by growers where their fields last year suffered almost total loss from this 

disease”.  Manns and Harter both associated the disease with the fungus, P. oleracea (Henderson 

1918).  Black leg was detected on cabbage and rapeseed crops in Wallowa and Jackson counties 

of Oregon in 1912 (Henderson 1918), but yield losses were not reported.  In summer plantings in 

2015, a conventional broccoli (Brassica oleracea var. italic) field in Oregon  
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averaged 4.9 tons/ha across a 15-ha field planted with infected seed, well below the processor’s 

standard of 13.6 tons/ha and the grower’s estimate of 14.8 to 16 tons/ha based on previous years’ 

yields (Ocamb, pers. comm.).     

Leptosphaeria maculans, the teleomorph or sexual stage of P. lingam, was split into two 

groups prior to 2001, Tox+ and Tox0, or group A and group B, due to variations observed in 

pathogenicity (Williams and Fitt 1999).  Both groups can cause black leg with group A/(Tox+) 

being the more virulent and aggressive of the two.  In 2001, group B/( Tox0), now L. biglobosa, 

was differentiated as a separate species from L. maculan group A/(Tox+) based on differences in 

pseudothecium morphology (Shoemaker and Brun 2001).  Black leg is now considered to be a 

disease caused by a complex of species, L. maculans and L. biglobosa, the two species divided 

into seven subgroups, based on biochemical and molecular differences (Mendes-Pereira et al. 

2003).  Both L. maculans and L. biglobosa occur worldwide, have the same host range, and often 

coexist on the same plant (Mendes-Pereira et al. 2003;  West et al. 2002).  Although both species 

infect the same hosts, L. biglobosa is often regarded as a weakly virulent form, but it has been 

recently recognized that L. biglobosa contains highly pathogenic strains that can cause 

significant yield losses (West et al. 2001).  Leptosphaeria biglobosa and L. maculans have 

designated holomorphs, Plenodomus biglobosus and Plenodomus lingam, respectively (de 

Gruyter et al. 2013).  The two species can be differentiated with several techniques.  According 

to West et al. (2002) classification of isolates as A/(Tox+) or B/(Tox0) by colony morphology on 

agar media, polymerase chain reaction (PCR) on conidia from cirri on lesions, and ISSR profiles 

are ways to differentiate between the two main groups.  Differences in the size of leaf lesions and 

the rates/levels of pycnidial production also can be used to differentiate between A/(Tox+) and  
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B/(Tox0) groups but the smaller lesions of B/(Tox0) can be confused with those of light leaf spot 

(Pyrenopeziza brassicae), black spot (Alternaria brassicae), or hypersensitive reactions.    

 

Black leg symptoms and disease biology  

Symptoms of black leg include spots on leaves and/or stems and stem cankers.  When L. 

maculans and L. biglobosa infect young plants, black to dark brown lesions can form on the 

portion of the stem between the first leaves and the ground; hence, the term black leg.  These 

stem infections can constrict the stem, causing severe seedling blight.  These blights are 

commonly seen in Australia, Canada, and Europe (West et al. 2001).  The leaf lesions begin as 

light green spots that turn light brown to gray/white, often with a chlorotic halo.  Tiny, black 

pycnidia are produced as lesions mature.  When pycnidia produce asexual spores, pycnidiospores 

also known as conidia, are extruded as a column known as a cirrhus, which can be discerned 

under low magnification.  Henderson (1918) described two types of pycnidia produced by P. 

lingam.  One type forms under the cuticle on dead or dying spots on living plants, on stems, or 

on damaged areas of tissue.  This form of pycnidia is usually associated with lesions.  The spores 

discharged from this form are a pinkish-purplish to whitish color.  The second type of pycnidium 

forms on dead plants (infected plant residues) or parts that fall from infected plants, such as 

leaves and petioles.  This second type of pycnidium is slightly larger than the first type, and 

usually darker in color with a whitish cirrhus (Henderson 1918).  Leaf lesions can vary in 

appearance based on the resistance of the host, the stage of development of the lesion, and group 

(A or B) designation.  Group A (Tox+) isolates form pale green lesions that turn light brown to 

whitish with pycnidia as the disease progresses (West et al. 2002).  Group B (Tox0) forms  
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smaller spots that tend to be darker and greener with fewer pycnidia.  But group identification 

based solely on lesion appearance is not always accurate so multiple methods are used to 

characterize isolates. 

In addition to leaf spots, gray-colored, oval-shaped lesions can develop on stems and 

roots, and may be superficial; pycnidia will form on stem and upper tap root lesions.  Stem 

cankers, another symptom of black leg, typically occur at the bases of stems, permeating inner 

stem tissues, and often forming lesions with dark brown, black to purple edges.  Stem cankers 

also can form higher on the stem.  As cankers mature, they darken then turn ashy-gray in the 

center; pycnidia formation is typically associated with ashy-gray areas on canker surfaces of 

living plants.  Cankers can cause damage during pod development and seed-ripening if lesions 

enlarge and cause cracking of the stem.  Upper stem lesions are typically located on the stem five 

or more centimeters aboveground, thus differentiating them from crown cankers.  Upper stem 

lesions develop from leaf lesions later in the growing season.  Both crown cankers and upper 

stem lesions can cause premature ripening of seed by disrupting water transport or by girdling 

stems.  In severe cases, crown cankers and stem lesions can cause lodging of stems or death of 

the plant (West et al. 2001).  Seed pods may become infected but lesions on pods are difficult to 

discern. 

After harvest of infected plants, pseudothecia may develop on crop debris left on the soil 

surface, providing primary inoculum for subsequent epidemics in the vicinity of infected 

residues.  Ascospores produced in pseudothecia are forcibly ejected when mature and spread by 

the wind.  Ascospores can remain viable for about six weeks after release from pseudothecia 

(West et al. 2001).  Rain-splashed conidia produced by pycnidia on plant residues or infected  
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living plants are potential sources of primary inoculum, especially during periods lacking 

ascospore production (Travadon et al. 2007).   In Australia, canola plants within 500 meters of  

infected plant residues were most at risk for infection (West et al. 2001).  Crop residues in 

western Oregon with black leg can remain infectious for longer than one year when on the soil 

surface (Ocamb, pers. comm.).   

The initial or primary infection by P. lingam or L. maculans occurs when pycnidiospores 

or ascospores infect leaves or stems, or via infected seeds that result in diseased seedlings (du 

Toit et al. 2013).  When either ascospores or pycnidiospores land on leaves or cotyledons, the 

fungus typically enters the plant through stomatal pores and infection typically is limited more 

by wetness than temperature.  After the primary infection, the fungus grows internally, possibly 

growing down leaf petioles to the stem and forming stem cankers.  The systemic infection of a 

plant with this fungus does not initially kill the host tissues.  The xylem vessels are utilized by 

the fungus to spread to other portions of the plant, which can result in an asymptomatic infection 

stage (Hammond et al. 1985).  After the initial infection and resulting pycnidial formation, 

pycnidiospores spread via water splashing, and multiple generations of pycnidial production can 

occur during a single Brassica crop cycle.   

 

Host range of the black leg fungus 

Phoma lingam infects members of the genera Brassica, Cardamine, Descurainia, 

Erysimum, Iberis, Lepidium, Matthiola, Lobularia, Raphanus, Sinapis, Sisymbrium, and Thalaspi 

(Farr 1989;  Gabrielson 1983;  Hall 1992;  Henderson 1918).  In a series of small scale field  
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experiments, Henderson (1918) found that plants become infected after inoculation with a spore 

suspension from pure P. lingam cultures or from pycnidia on plant residues, with and without  

wounding, or by watering seeds with a spore suspension.  Black leg symptoms occurred 7 to 28 

days after inoculation, and after another 2 weeks, pycnidia formed.  In seed inoculation tests, 

planting in soil inoculated with P. lingam or applying a spore suspension to seeds planted in 

sterile soil were both effective at causing disease.  While seed inoculation did not affect 

germination, it did allow for earlier infection of the seedlings.  Henderson also isolated P. lingam 

from infected seed pods, indicating another method of transmission.   

 

Epidemiological factors for black leg 

There are many factors that affect epidemic severity, including environmental conditions, 

pathogen levels and population distribution, cultivar, cultural practices, and disease management 

practices.  The A (Tox+) and B (Tox0) groups have differences in leaf symptoms, metabolite 

production, stem symptoms, and genetic sequences and have different distributions throughout 

the world (West et al. 2001).  The older surveys distinguished between group A and B isolates 

based on pigment production using artificial media.  More recent survey methods utilize PCR or 

other molecular methods such as ELISA, to distinguish between A and B groups of Phoma.  

Some regions have predominately the more aggressive group A, while others have either a 

mixture of both A or B or mostly group B.  From survey work in various countries, West et. al 

(2001) associated disease severity and population makeup.  There are severe epidemics, 

especially in Western Australia, caused by highly aggressive isolates that are mostly from group 

A (Tox+).  Western Europe has a greater prevalence of group A where epidemics are more severe  
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than in Eastern Europe, which has predominately a group B population.  In Canada, the 

population is shifting toward group A and epidemics are worsening.  These data came from 

various regions where different survey methods were used over different time periods, so these  

data do not provide a concrete linkage but suggest an association between prevalence of group A 

(Tox+) genotypes and more severe disease.   

Population makeup affects disease severity, which can change during the growing season 

depending on time of observation (West et al. 2001).  Leptosphaeria maculans is heterothallic 

and has two mating types and race structures can differ by geographic location.  Populations in 

Mexico appear clonal despite having both mating types (Dilmaghani et al. 2013).  Race structure 

in Australia is often more complex than in Europe, and consequently populations in Australia are 

capable of causing severe epidemics (Balesdent et al. 2005).  In a study comparing isolates from 

North America, Europe, and Australia, it was reported that Australia had 18 races while Europe 

had 8 races of L. maculans; this race reduction is hypothesized to be a result of the use of 

specific resistance genes in canola cultivars (Balesdent et al. 2005).  Populations of L. maculans 

in eastern and western Canada have different race makeups due to differing climates that either 

favor or discourage sexual reproduction, respectively (Dilmaghani et al. 2012).  Recent work of 

worldwide spread and origin of L. maculans suggests that the fungus may have originated from 

the United States (Dilmaghani et al. 2012).  It is hypothesized that the fungus became a pathogen 

of brassicas as new hosts were introduced from Europe.  
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Black leg management 

Cultural practices such as crop residue management and crop rotation are important in 

decreasing inoculum levels and disease incidence.  Four years is a common crop rotation length  

for canola crops in many countries (West et al. 2001).  Three to four years also is the 

recommended rotation length for other Brassica crops (Mohler et al. 2009).  Inoculum survival is  

affected by plowing and residue management practices.  In Australia, minimum tillage is 

common and results in increased inoculum potential from the infected plant debris left on the soil 

surface (West et al. 2001).  In many countries, farmers wait to plow the residue of canola crops 

to prevent shattered seed from becoming dormant in the seedbank.  The seeds are allowed to 

sprout and then controlled by tillage, decreasing the amount of volunteer canola plants in the 

following years.  However, this practice does not allow sufficient time for residue break down 

between plantings, and the presence of surface residues allows the fungus to develop 

pseudothecia and release ascospores.  Gabrielson (1983) surmised, based on viable P. lingam 

found on cabbage stem residues in Washington two years following harvest, that as long as crop 

residues are present, Leptosphaeria spp. will survive in the field. 

Planting time can be adjusted to help control exposure to Leptosphaeria spp.  In France, 

winter canola fields are planted early so the plants will be bigger and less susceptible when most 

of the ascospores from previous crops are released.  While in Australia, fields are planted late so 

that the seedlings come up after most of the ascospores from previous crops have been released 

(West et al. 2001).   

Another cultural control utilized in canola production to reduce the severity of black leg 

epidemics is resistant cultivars.  In the U.K., ‘recommended cultivars’ are tested and rated on  
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their resistance to P. lingam (Fitt et al. 2006).  Canada and Australia have similar testing 

methods and ratings for the different cultivars grown in each country (Fitt et al. 2006).    

In the United States, foliar and seed treatments with fungicides are used to manage black 

leg.  Special Local Need registrations are available on a state to state basis.  If disease develops, 

registered fungicides may be used as protective measures.  For a list of seed and foliar fungicides  

used for black leg management in the United States, see Appendix 1.  Foliar applications are 

important as a measure for preventing new infections and spread of disease (Huang et al. 2011).  

Foliar fungicides are usually only applied to canola where seed yields are high.  For example, 

high yields (e.g. 4±5 tons/ha in England) are typical in Western Europe and warrant the use of 

foliar fungicides but fungicides are not sprayed in regions such as in Australia or Canada where 

yields are lower due to hot weather or shorter day length.  However, fungicide programs can be 

ineffective due to the latent period between initial infection and the appearance of leaf spots, or if 

an insufficient protective program is utilized.  This is especially true for the first foliar 

application of the season, as plants may have been exposed to and infected by ascospores but 

remain symptomless.  Subsequent applications may be difficult to time based on the long period 

over which ascospores may be released.     

 

Black leg disease models 

Disease prediction models have been developed to forecast when ascospore release is 

likely to occur.  In Australia, a forecast model developed to predict ascospore release based on 

rainfall and temperature data, determined ascospores were first released after 43 days of daily 

mean temperatures below 22 C˚ and when more than 4 mm of rain occurred after harvest (Salam  
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et al. 2003).  This model aided in determining when to apply protective fungicides and to 

determine planting time.  The forecast models, Improved Black leg Sporacle and SporacleEzy,  

by Salam et al. (2007) have been tested and provide good predictions of ascospore release in 

Australia, the U.K., Poland, Canada, and France.  In France, another model uses first detection of 

ascospores and subsequent weather conditions, (rainfall, temperature and humidity) to determine  

when canola crops will be at most risk for infection (West et al. 2001).  In canola production, 

disease control is to protect yield.  In specialty seed production, disease control is aimed at 

preventing yield loss, as well as producing disease free seed.  Therefore, depending on local 

disease pressure and the producer’s management practices, the timing and number of fungicide 

applications for specialty seed crops may be more critical than for canola production.   

 

Regulatory control for black leg management 

Epidemics of black leg can be economically important to countries that grow Brassica 

crops.  The United States has experienced losses in Brassica vegetable crops, specialty seed 

crops, and canola, while the U.K., Australia, and Canada observed losses in canola crops 

(Rimmer and van den Berg 2007).  In some cases states have implemented quarantines and 

require seed testing for Brassica crops.  In western Washington, a quarantine is in place that 

requires seed testing for P. lingam before sale of seed and before planting of any Brassicaceae 

seed to be used for seed production, commercial vegetable production and cover crop use 

(WSDA 2015).  With increasing disease pressure in the Pacific Northwest, the Washington State 

Department of Agriculture expanded the black leg quarantine into eastern Washington in 2015, 

which require mandatory seed testing of Brassicaceae seed prior to planting.  If black leg is  
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found, infected seed may be treated with an appropriate seed treatment, retested, and planted if 

retesting results are negative (WSDA 2015).  However, testing of treated seed does not adhere to  

the International Seed Testing Association rules for testing for black leg (International Seed 

Testing 2016).  In Canada, a regulation prohibits the use of infected seed and dictates the rotation 

length to be used before planting Brassica crops into a field that was previously infected with P. 

lingam (West et al. 2001).  These requirements, when followed, appeared to slow the spread of 

the disease throughout Alberta, Canada. 

Due to the recent outbreak of black leg in Oregon, an administrative temporary rule was 

implemented in 2014 by Oregon Department of Agriculture for black leg management, as the 

previous black leg crucifer seed test requirement was inadvertently dropped for western Oregon 

with the advent of Oregon House Bill 2427.  In January 2015, an administrative permanent rule, 

Oregon Rule 603-052-0860, was put into effect.  This rule states that Brassicaceae seed must be 

tested and found to be free of black leg and treated with an approved fungicide or a hot water 

(15-25 minutes at 50˚C) before planting.  The rule designated that Brassicaceae crops may only 

be grown on the same site two out of every five years and that volunteers must be controlled.  

Additionally, in fields with confirmed cases of black leg, producers must adopt and carry out a 

treatment plan which could involve strategies such as foliar fungicide application, removing 

infected plant material, post-harvest residue management and crop destruction.  This rule was 

amended in 2016 and states that all Brassicaceae seed must be certified free of black leg, and 

now includes seed for home use as well as seed for commercial use and removed the 

requirements for treating seed after seed testing.  
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Nomenclature and occurrence of light leaf spot pathogen 

Light leaf spot is caused by the fungus Cylindrosporium concentricum Grev. 

(teleomorph: Pyrenopeziza brassicae B. Sutton & Rawl.).  Light leaf spot was first reported by 

Greville in 1823 on cabbage in Scotland (Thomson 1936), who named the fungus, 

Cylindrosporium concentricum.  In 1850, Berkeley found light leaf spot in vegetable gardens in  

England and recognized the fungus as the same species that Greville had described, and 

proposed that it be named Gloeosporium concentricum.  The fungus was returned to the genus 

Cylindrosporium in 1924 by von Hoehnel (Thomson 1936).  In 1936, Thomson agreed with the 

name, C. concentricum, after conducting comparative studies of the fungus.  Its teleomorph, 

Pyrenopeziza brassicae, was first reported in Ireland on Brussels sprouts (Brassica oleracea var. 

gemmifera) in 1965, and is commonly seen in New Zealand on oilseed and vegetable Brassica 

(Cheah and Hartill 1985;  Staunton and Kavanagh 1966) 

Light leaf spot affects mostly cultivated plants in the Brassicaceae family.  This disease 

has been reported in Europe, Australia, New Zealand, and Southeast Asia.  In canola in the U.K., 

crop losses from light leaf spot were estimated to be more than £140M ($171 million USD) in 

2014 (CropMonitor 2016).  Prior to the increase in acreage to canola crops, light leaf spot was 

generally thought to cause minimal discoloration and disfiguration in vegetable crops 

(Rawlinson et al. 1984).  Light leaf spot was detected in 2014 on brassicas in western Oregon 

(Ocamb et al., 2015). 

 

 

 



Claassen 17 
 

 

 

Light leaf spot symptoms and disease biology  

Symptoms of light leaf spot include leaf and stem lesions, discoloration or disfiguration 

of vegetable produce and plant stunting.  Leaf lesions start as light green patches that turn light 

brown as they age.  On the upper surfaces of leaf lesions, white conidial spore masses form and 

as lesions spread, the centers turn light brown in color, while white spore masses continue to 

form at the edges (McCartney and Doughty 2007).  Irregular plant growth can occur next to 

infected vein tissues, resulting in twisting and distortion of leaves (Hickman et al. 1955).  Leaf  

lesions tend to form at the tips and edges of leaves or in crevices where water collects, creating 

an ideal environment for the fungus to grow (McCartney and Doughty 2007;  Rawlinson et al. 

1984).  Stem lesions are light brown or tan with black to olive colored edges.  In canola, pod 

infections can cause curling and shriveling of the pod, and if infection begins while the plant is 

still flowering, the plant may not develop pods. 

Light leaf spot can infect all aboveground parts of host plants (Hickman et al. 1955).  The 

light leaf spot fungus can survive and grow on living and dead host tissue (Thomson 1936).  The 

fungus is spread by both ascospores and conidia, which are very similar in size and morphology 

(Karolewski et al. 2002;  Rawlinson et al. 1984).  It can take 5 days for spores to germinate and 

penetrate the cuticle of plants when ambient temperatures range between 5 to 15˚C (Rawlinson et 

al. 1984).  Conidia penetrate the cuticle directly, avoiding stomatal openings, and are probably 

aided by enzymatic degradation of the cuticle (Davies et al. 2000).  The leaf surface must be wet 

for infection to take place and the time required for infection depends on the temperature 

(Figueroa et al. 1995a;  Rawlinson et al. 1984); under colder temperatures, leaves must be wet 

longer.  The ideal conditions for conidia or ascospores of C. concentricum to infect are ambient  
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daily temperatures of 16 to 18˚C with 48 hours of leaf wetness (Karolewski et al. 2002).  Lesions 

will form when ambient temperatures range from 5 to 20˚C (Figueroa et al. 1995b).  In canola, 

the lifecycle process from spore deposition, infection, and production of conidia takes 13 to 30 

days to complete under field conditions, and at least 20 days under controlled conditions 

(Rawlinson et al. 1978).  After the fungus has infected a leaf, there is a latent period before the 

fungus will sporulate.  Cylindrosporium concentricum can overwinter undetected in this latent 

stage, until environmental conditions become more favorable as temperatures warm in early  

spring.  This latent period ranges from 15 to 40 days, depending on temperature and 

environmental factors such as duration of leaf wetness  (Figueroa et al. 1995a).  Stem lesions will 

only produce conidia under conditions of “very” high relative humidity (McCartney and 

Doughty 2007).  The process of asexual sporulation occurs when a mycelial plate forms in 

cuplike conidiomata in cavities beneath the cuticle of living plant tissue (Rawlinson et al. 1984).  

Conidiophores form on this plate and grow until conidia push through the cuticle.  As 

conidiophores are forming, hyphae grow and imbed deeper into the plant tissue.   

Pyrenopeziza brassicae, the teleomorph of the light leaf spot causal agent, is a 

heterothallic fungus with two mating types, and when both are present, apothecia can result (Ilott 

et al. 1984).  The light leaf spot fungus can produce apothecia on detached, dead parts of infected 

plants.  Apothecia are small, black, cup-like structures with eight ascospores in each ascus.  

Apothecia have been observed in the U.K. on vegetable and canola crops, and are very common 

in New Zealand.  The two mating types were originally distinguished by a difference of 95 base 

pairs in PCR products, but there were inconsistent results for the amplification of the second 

mating type (Foster et al. 1999).  A more consistent assay for detecting mating type was designed  
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by Foster et al. (2002) using three primers, two of them mating-type specific forward primers 

and the third a reverse primer designed to pair with both of the forward primers.    

 

Host range of the light leaf spot fungus 

Canola, cauliflower, cabbage, broccoli and Brussels sprouts are reported to be susceptible 

to light leaf spot (Hickman et al. 1955).  Winter canola is particularly susceptible due to the lack  

of highly resistant cultivars (Boys et al. 2007).  Studies for resistance are evaluating epicuticular 

wax as a possible way to defend against infection (McCartney and Doughty 2007).   

 

Epidemiological factors for light leaf spot 

Epidemics of light leaf spot can be initiated by infection from ascospores and conidia 

produced on crop residues, volunteer, and weed plants, as well as infected seed (Maddock and 

Ingram 1981).  Infection in seedlings resulted from soaking seed in spore suspensions, which is 

suggestive of seed transmission of light leaf spot (Rawlinson et al. 1984).  In the U.K., 

ascospores are considered important for spread of the disease to new areas, while conidia are 

responsible for local increases in disease (Gilles et al. 2001).  Infection of the inflorescence often 

is caused by secondary spread via rain-splashed conidia or from early infection during the rosette 

stage (Rawlinson et al. 1984).  Secondary spread by conidia is a large contributor to development 

of epidemics when rain is plentiful.  In New Zealand, apothecia develop on crop debris, maturing 

and releasing ascospores at the earlier growth stages of subsequent canola plantings (Cheah and 

Hartill 1985).  As ascospore levels decline, conidia become the primary source of inoculum 

(Karolewski et al. 2002).  Although the fungus is not very competitive, it is able to survive  
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between growing seasons as mycelium or conidia on debris, as well as saprophytically on dead 

plant material (Maddock and Ingram 1981). 

 

Light leaf spot management  

Fungicides are used to control light leaf spot.  The first application is the most important 

but is often difficult to time because it must be made while plants are asymptomatic (Boys et al.  

2007;  Rawlinson et al. 1978).  Early season applications may be useful in decreasing the amount 

of secondary inoculum produced on infected leaves because plants are smaller, the canopy is 

more open and it is easier to get coverage of infected leaves (Figueroa et al. 1994).  Subsequent 

applications may be used later in the growing season to reduce disease spread to seed pods.  For 

a list of examples of seed and foliar fungicides used for light leaf spot management in the United 

States, see Appendix 1. 

Crop rotation and incorporating infected crop debris reduce the survival of C. 

concentricum.  Apothecia on debris that was incorporated into the soil quickly decomposed and 

did not produce ascospores, whereas apothecia on debris on the soil surface beneath a canopy of 

weeds were able to discharge ascospores for five months (Cheah and Hartill 1985).  In field 

studies, canola crops that were preceded by a canola crop had greater amounts of light leaf spot 

disease than in canola crops planted after a cereal crop (Figueroa et al. 1994). 

 

Objectives of research for this thesis 

The objectives of this research included: 1) investigation of the host range of black leg 

and light leaf spot and, 2) clarification of species of black leg pathogens and mating types of the  
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light leaf spot pathogen are present in Oregon.  The third objective was to determine if isolates 

from weed hosts are capable of infecting crop species and vice versa and, 4) to survey the 

distribution of black leg and light leaf spot on Brassicaceae weeds in western Oregon, to gauge 

the influence weed populations may have on disease persistence or spread. 
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Chapter 2. Black Leg and Light Leaf Spot on Brassicaceae Hosts in Western Oregon 

Briana J. Claassen, Pete A. Berry, William J. Thomas, Carol Mallory-Smith, and Cynthia M. 

Ocamb 

 

Abstract:  Black leg, caused by Leptosphaeria maculans and L. biglobosa, and light leaf spot, 

caused by Pyrenopeziza brassicae, are economically important fungal pathogens of Brassica 

crops.  Levels of black leg have recently increased on Brassica seed and vegetable crops across 

the Willamette Valley of western Oregon starting in 2014.  Light leaf spot was detected in 

Oregon in 2014 and this a new pathogen introduction for North America.  Post-harvest field 

ratings for these diseases were conducted during 2015 and 2016 in commercial plantings of 

canola, turnip, and forage Brassica seed fields.  Black leg incidence was higher in turnip 

compared to canola and forage seed crops while disease incidence was lower on seed crops 

harvested during 2016 compared to 2015.  Due to the presence of Brassicaceae plants along the 

highway and interstate road system that crosses the Willamette Valley, a survey for black leg and 

light leaf spot on wild or native Brassicaceae plants was conducted.  Plants were inspected for 

diseases, and isolates of Leptosphaeria and Pyrenopeziza were collected and characterized.  

Predominate weeds found in the spring survey were birdsrape mustard (Brassica rapa L.) and 

wild radish (Raphanus spp.).  Both species of Leptosphaeria occurred in weed populations; L. 

maculans was the most common and was found within 32 kilometers from Oregon’s borders 

with Washington and California.  Pyrenopeziza brassicae was not found as widely distributed as 

L. maculans and both mating types of P. brassicae were detected on Brassicaceae weed 

populations.  Information regarding the presence of these pathogens on weedy hosts will be 

useful for gauging the importance of weeds in the spread and persistence of these diseases within 
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the Willamette Valley, and the potential for weeds along roadsides to facilitate movement of 

these pathogens into neighboring states.  

 

 

INTRODUCTION 

Black leg is an economically important fungal disease of Brassicaceae crops caused by a 

species complex, Leptosphaeria maculans (Desm.) Ces. & De Not. (synanamorph: Plenodomus 

lingam (Tode) Höhn., anamorph: Phoma lingam (Tode Fr.) Desm.) and Leptosphaeria biglobosa 

Shoemaker & H. Brun (synanamorph: Plenodomus biglobosus (Shoemaker & H. Brun) Gruyter, 

Aveskamp & Verkley) (Farr & Rossman, 2016; Rimmer & van den Berg, 2007).  Leptosphaeria 

biglobosa is typically considered to be less aggressive than L. maculans on Brassicaceae crops 

(Fitt et al. 2006), although more aggressive strains have been reported in Australia and Poland 

(Huang et al. 2005;  Vincenot et al. 2008).  Light leaf spot is a disease newly-introduced to 

Oregon and North America (Ocamb et al. 2015) that is caused by the fungus, Pyrenopeziza 

brassicae B. Sutton & Rawl. (anamorph Cylindrosporium concentricum Grev.) (McCartney & 

Doughty 2007;  Rimmer & van den Berg 2007).  Both diseases have become problematic in the 

Willamette Valley of western Oregon, reoccurring in overwintered crops since being observed 

during the spring of 2014.  Certain Brassicaceae weeds are reported to be hosts for these fungal 

pathogens, including Leptosphaeria on hedgemustard (Sisymbrium officinale (L.) Scop.), 

mouseear cress (Arabidopsis thaliana (L.) Heynh.), small tumbleweed mustard (Sisymbrium 

loeselii L.), annual wallrocket (Diplotaxis muralis (L.) DC.), perennial wallrocket (Diplotaxis 

tenuifolia (L.) DC.), tumble mustard (Sisymbrium altissimum L.), and wild radish (Raphanus 

raphanistrum) (Chen and Séguin-Swartz 1999; Henderson 1918).  Both black leg and light leaf 

spot have been observed on birdsrape mustard (B. rapa L.), and black mustard (B. nigra (L.)  
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W.D.J. Koch) (Chen & Séguin-Swartz 1999;  Claassen et al. 2015;  Henderson 1918;  Maddock 

& Ingram 1981).  Claassen et al. (2015) observed black leg on birdsrape mustard, black mustard, 

curvepod yellowcress (Rorippa curvisiliqua (Hook.) Besser ex Britton), and wild radish as well 

as light leaf spot on birdsrape mustard, black mustard, and wild radish after disease outbreaks 

occurred in crop fields in western Oregon.  To better gauge the risk of infected weeds as disease 

reservoirs for the Brassicaceae crops in the Willamette Valley, the distribution of wild 

Brassicaceae plants and the presence of the two diseases were examined in western Oregon.  

Objectives of this research were: 1) to survey weedy Brassicaceae along roadways for black leg 

and light leaf spot, 2) determine the species of Leptosphaeria present on weeds, 3) define the 

mating types of C. concentricum present on weeds in western Oregon, and 4) conduct a post-

harvest evaluation of commercial Brassica seed fields for these diseases. 

 

MATERIALS AND METHODS 

Weed and disease survey.  In spring 2016, surveys of Brassicaceae weed populations were 

conducted along Interstate 5 (I-5) in western Oregon.  Surveys of southern and northern Oregon 

were conducted on April 4 and 8, 2016, respectively.  The southern survey route began at I-5 

milepost 228, traveled south to milepost 6 and returned north to milepost 228.  The northern 

survey route began at I-5 milepost 228, traveled north to Highway 205 exit 21B, continued on 

Interstate 84 west-bound back to I-5, and returned south on I-5 to milepost 228.  Populations of 

Brassicaceae weeds were recorded via global positioning system (GPS) with a handheld Garmin 

(eTrex H model; Garmin International, Inc.; Olathe, KS).  Weed species and general population 

size were determined, as well as suspected diseases based on visual signs and symptoms.  The  
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size of Brassicaceae weed populations were recorded as small (1-10 plants), medium (11 – 100), 

large (101 – 1000), or very large (>1000) by visual counts.  Plants were distinguished based on 

flower color and leaf/stem morphology.  Birdsrape mustard has clasping upper leaves and tends 

to be yellowish-green in color with non-hairy surfaces.  Wild radish leaves are “shallowly  

toothed” and hairy.  Birdsrape mustard has small, yellow flowers while wild radish species have 

yellow or white to purple flowers, both with four petals (Callihan et al. 2000).  On routes heading 

north and south, populations were recorded as seen and sampled every 16 or 8 kilometers (km), 

respectively.  If a population was not found within the range of 8 or 16 km, respectively for south 

or north sections of the survey, the next population was sampled.  On southern routes, 

populations in the median were recorded with a GPS.  On the northern route, the populations 

were recorded only if they were not visible on the southern route to prevent duplicate population 

recordings and samplings.  Additional Brassica weed sites in the Willamette Valley along 

commercial fields and county and state highways were surveyed for fungal diseases.  Samples of 

symptomatic host tissues of weed species were collected from each sample site, placed in 

individual sealable plastic bags, and stored on ice during transport.  Representative diseased 

tissue collected at each sample site consisted of 4 to 7 leaves, dependent on the number of 

symptomatic plants present at each site.  Brassicaceae weed hosts were confirmed by 

bidirectional Sanger sequencing of plant host DNA, using primers that amplify the plant 5S 

rDNA NTS region, described in La Mura et al (2010).  Black leg was diagnosed based on the 

formation on pycnidia and morphological examination of fungal spores under 400x 

magnification.  Light leaf spot was diagnosed based on morphological examination of fungal 

spores under 400x magnification and by molecular methods following extraction of fungal DNA  
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from symptomatic tissue.  Fungal cultures were obtained from diseased tissue collected on the 

two surveys. 

 

Mapping of Brassicaceae weed populations.  Spatial files were collected and compiled from 

current Oregon geographic information system (GIS) data.  The Oregon Spatial Data Library 

found through the Oregon Geospatial Enterprise Office Clearinghouse provided the majority of 

the data used for mapping of disease and Brassicaceae population.  The agencies providing the 

data were the Oregon Department of Transportation (ODOT), Oregon/Washington Bureau of 

Land Management (BLM), Oregon Department of Energy, National Atlas of the United States, 

US Geological Survey (USGS), the USDA Forest Service (USFS), and distributed in conjunction 

with the Basline97 effort for Oregon for GIS layers of major roads, counties, rivers, cities, and 

elevation (DEM).  The datum (North American Datum – 1983) and projection (Oregon 

Statewide Lambert Conformal Conic (ft.) were based off the original data used from the 

clearinghouse.  Due to the size of the study area, the provided datum and projection were 

adequate for the analysis and used for the waypoints uploaded from the GPS unit.  The GPS field 

data were recorded using a Garmin e-Trex H and downloaded through BaseCamp for initial data 

management.  The data were processed using ArcMap 10.2.2 (ESRI) and used to display 

waypoints and Oregon geospatial data.  The Brassicaceae weed species were mapped according 

to population size ratings (small to very large) described above.  The data points on the maps 

correspond to the size of the infestations of plants where disease was found.  If no disease was 

found, the point size did not vary.  
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Pathogen characterization.  Diseased tissue samples were transferred to moist chambers (10 x 10 

x 2.5 cm clear plastic, lidded containers containing moistened paper towels) within one day of 

sampling and then stored in the dark at 5˚C to induce sporulation of the fungal pathogens.   

Sporulation usually occurred after 4 days of incubation at 5˚C, and then the pathogens were 

determined.  The organisms were identified morphologically by examination of fungal spores 

with a light microscope at 400x magnification.  Sample sites were recorded as positive for a 

disease if one or more leaf produced characteristic sporulation.     

Leptosphaeria isolates were collected via single spore isolation and stored on 10% V8 

agar (100 mL V8 juice, 900 mL reverse osmosis water, 1 g CaCO3, and 10 g bacteriological agar 

(AmrescoTM, VWR, Solon, OH).  Pyrenopeziza brassicae isolates were collected via single spore 

isolation and stored on malt extract agar (CriterionTM, Hardy Diagnostics, Santa Maria, CA) 

amended with 1 g of streptomycin sulfate (SMEA).   

Fungal identity was confirmed using molecular techniques on extracted DNA from 

fungal isolates.  For P. brassicae, sporulating leaf tissue was placed in microfuge tubes and 

stored at -20˚C until used for DNA extractions.  Leptosphaeria isolates were incubated at 20˚C 

until there was sufficient mycelial growth for DNA extractions.  Sample tissues were prepared 

for extraction by transferring to Lysing Matrix A tubes (MP Biomedical LLC, Solon, OH) in a 

FastPrep 24 instrument (MP Biomedicals, LLC., Solon, OH) set to 6.0 for 1 min.  Total genomic 

fungal DNA was extracted from 100 mg of fungal hyphae or plant tissue using a DNeasy Plant 

Minikit (Qiagen Inc., Valencia, CA).  Genome-specific primers OrSU677 (5’- 

TATCGTCAACGGGCTTCTCG-3’) and OrSU678 (5’- TGGGTCCAGAAAACAACCCC-3’) 

were used to detect P. brassicae (Thomas et al. in preparation) and OrSU675 (5’- 
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GACCAGCAGCTCCATGTTCAG-3’) and OrSU676 (5’- GAACATTTCCTCTGGGTCTCC-

3’) were used to detect L. maculans and L. biglobosa.  Polymerase chain reaction (PCR) assays 

were optimized for 25-μl reactions consisting of 12.5 μl 2X Accustart II PCR ToughMix (Quanta  

Biosciences Inc., Gaithersburg, MA), 0.5 μl each of respective 10μM primers (200nM), and 2.0 

μl of template DNA (100~200 ng).  The thermocycler protocol for the detection of P. brassicae 

consisted of 95ºC for 3 min followed by 35 cycles of 20 s 95ºC, 30 s at 54ºC, and 20 s at 72ºC, 

with a final step at 72ºC for 2 min.  The thermocycler protocol for detection of Leptosphaeria 

isolates consisted of 95°C for 2 min, followed by 40 cycles of 30 s at 95°C, 30 s at 54°C, and 30 

s at 72°C, followed by a final step at 72°C for 3 min.  All PCR products were visualized by 

electrophoresis in 1.5% agarose gels (160 V for 38 min) in 1X TBE buffer. 

When total genomic fungal DNA extracted from putative Leptosphaeria isolates was 

positive via PCR screening with OrSU675 and OrSU676, PCR products were submitted for 

bidirectional sequencing of the ITS1 and ITS4 regions.  The resulting forward and reverse 

sequences were aligned with Clustal Omega (EMBL-EBI) and matching sequences were run 

through BLAST ® (NCBI) to identify the Leptosphaeria species. 

Isolates of P. brassicae from weed and earlier crop field surveys (Thomas et al, in 

preparation) were screened for mating type using primers from Foster et al. (2002).  The two 

mating types were distinguished by band size via gel electrophoresis; mating type 1 (MAT-1) 

produces a 687 basepair (bp) amplicon while mating type 2 (MAT-2) produces an 858 bp 

amplicon.  PCR reactions were optimized for 25-μl reactions consisting of 12.5 μl 2X Accustart 

II PCR ToughMix (Quanta Biosciences Inc., Gaithersburg, MA), 0.5 μl each of respective 10μM 

primers (200nM), and 2.0 μl of template DNA (100~200 ng).  The thermocycler protocol for this  
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multiplex assay consisted of 95°C for 2 min, followed by 35 cycles of 30 s at 95°C, 30 s at 54°C, 

and 60 s at 72°C, followed by a final step at 72°C for 3 min.  PCR products were visualized by 

electrophoresis in 1.5% agarose gels (160 V for 60 min) in 1X TBE buffer.   

 

Post-harvest ratings of Brassica crop fields.  In June and July of 2015 and 2016, commercial 

Brassica crop fields (canola, forage rape, and turnip) (Table 4) were evaluated after seed harvest 

for these diseases but only black leg was recorded.  Light leaf spot was not apparent on the lower 

stems of crop stubble, so it was not included in the post-harvest crop disease survey; the 

occurrence of black leg and light leaf spot in seed crops before flowering have been previously 

reported (Thomas et al. in preparation).  Two V-shaped transects in opposite ends of each field 

were surveyed.  Each transect began 27 m into the field, and crop residues at 4 to 5 locations 

were examined per transect during 2015.  Crop residues at four samplings per transect were 

examined in 2016.  The distance between sampling locations within each transect ranged from 

36 to 49.5 m for canola, 31.5 to 49.5 m for turnip and,  35 to 50 m for forage seed fields, 

depending on field size.  Each sampling location consisted of a 1-meter cross-section of crop 

residue for three rows.  The stems of canola and forage Brassica or storage roots of turnip in 

each section were visually examined for black leg as indicated by the presence of stem cankers 

and characteristic pycnidia or pseudothecia, and number of stems/storage roots were recorded.  

The incidence of black leg on canola stems, forage Brassica stems or turnip storage roots was 

calculated at the field level.  The association between the crop type and year of evaluation with 

the incidence of black leg was analyzed in a generalized linear mixed model, assuming a 

binomial distribution of the response variable.  Crop type and year were fixed factors and field  



Claassen 34 
 

 

 

nested within crop type was a random factor in the analyses.  Random effects were removed 

from models when the estimated variance was 0.  Analyses were conducted using the GLIMMIX 

procedure in SAS version 9.4 (SAS Institute, Cary, NC).   

 

RESULTS 

Weed and disease survey.  From the weed surveys conducted, 298 Brassicaceae weed 

populations were recorded via GPS and 63 of these weed population sites were sampled for 

disease from a 333-mile segment of I-5, 205 and 84.  Host species observed in these surveys 

were comprised of three species: 61 sites of birdsrape mustard (B. rapa) and 2 of wild mustard 

(Sinapis arvensis L).  Black leg and light leaf spot were found in 41 and 30 sites, respectively, 

with both diseases occurring at 19 sites (Table 2.1).  The furthest north sample positive for black 

leg was found in Washington County near mile marker 294 on I-5, less than 32 km from the state 

line with Washington (Figs. 2.1 and 2.4).  Black leg was found in southern Oregon along I-5 

with a positive sample detected near mile marker 107 in Douglas County (Figs. 2.1 and 2.5), and 

then there was a break in populations of Brassicaceae weeds.  But further south, near mile 

marker 36, detection of black leg-infected weed populations resumed and continued south to 

within 32 km of the California and Oregon state border.     

Light leaf spot was detected as far north as upper Clackamas County, near milepost 10 on 

Cascade Highway 213 North , less than 32 km from the state line with Washington (Figs. 2.2 and 

2.6).  Unlike black leg with its ubiquitous spread along the I-5 corridor, light leaf spot was not 

observed south of Douglas County.  The southern-most location where light leaf spot was 

detected was near mile marker 102 on I-5 (Figs. 2.1 and 2.7).   The 19 sites where black leg and  
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light leaf spot co-occurred consisted of birdsrape mustard along I-5, and the furthest north where 

a population with both pathogens was in Marion County, near I-5 mile marker 265 (Figs. 2.3 and 

2.8).  The southern-most weed population found with both pathogens was located in northern 

Douglas County, near exit 154 of I-5 (Figs. 2.3 and 2.9).   

 

Pathogen characterization.  Isolates of the black leg fungus were collected from tissues sampled 

in 21 of the weed survey stops, and Leptosphaeria strains were sequenced to species.  Twenty 

isolates were determined to be L. maculans (GenBank accession: M96384.1, 100% match) and 

the remaining isolate was typed to L. biglobosa (GenBank accession: DQ458906, 96% match) 

(Table 2.2).  Anamorphic isolates of the light leaf spot fungus collected from weed plants 

represented both mating types, MAT-1 and MAT-2, while Pyrenopeziza isolates from Brassica 

crops tested thus far were mating type, MAT-1 (Table 2.3).   

 

Post-harvest ratings of Brassica crop fields.  A total of 15 and 18 Brassica fields were surveyed 

in 2015 and 2016, respectively (Table 2.4).  Eight and 9 canola, 6 and 5 turnip, and 1 and 3 

forage Brassica seed fields were rated in 2015 and 2016, respectively (Table 2.4).  The mean 

incidence of black leg infection in turnip seed fields was greater than levels of disease observed 

in canola or forage Brassica seed fields (P = 0.0017) (Fig. 2.10).  There was a greater overall 

incidence of black leg infection across the three crop types in 2015 evaluations than in 2016 

evaluations (P = 0.0017) (Fig. 2.11).  Mean percentage incidence of black leg infection in canola 

fields ranged from 24 to 46% and 12 to 32% in 2015 and 2016, respectively (Table 2.4).  Mean 

percentage black leg incidence in turnip fields ranged from 47 to 61% and 23 to 59% in 2015 and  



Claassen 36 
 

 

 

2016, respectively.  The incidence of black leg in forage Brassica averaged 42% for the one field 

evaluated in 2015 while the mean percentage incidence ranged from 17 to 21% in 2016. 

 

DISCUSSION 

Even though the 298 sites of Brassicaceae weeds reported in our surveys represent only a 

fraction of the weed populations present in western Oregon, one can infer that the distribution of  

black leg and light leaf spot on weed hosts is widespread in western Oregon, and that birdsrape 

mustard appears to be an important host throughout this region.  Black leg was found on weeds 

in two-thirds of the sites sampled throughout the northern, central, and southern portions of 

western Oregon, indicating that black leg has a ubiquitous presence on Brassicaceae weeds along 

this interstate corridor.  But one can surmise, based on the post-harvest crop ratings for black leg 

that the larger threat for commercial fields may come from infectious crop residues on farm after 

a black leg outbreak first occurs on-farm.  Outbreaks of black leg have not been reported in seed 

fields located in Douglas County at this time, so it may be that black leg has not spread via 

susceptible weed populations present along roadsides.  The first report of light leaf spot in North 

America was observed on oilseed and specialty seed Brassica crops in Oregon in 2014 (Ocamb 

et al., 2015).  It appears from our weed surveys that P. brassicae has potentially moved from 

infected crop plants to wild hosts since being introduced, possibly creating a long-term weed 

reservoir for this new pathogen in the Pacific Northwest.  These weed populations can serve as 

sources of windblown spores of black leg and light leaf spot which could infect nearby 

commercial Brassica fields.  In 2016, light leaf spot was first noticed on birdsrape mustard in 

Washington and then the disease was detected in Brassica cover crops that had overwintered in  
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the vicinity of the infected weeds in Skagit Valley (Carmody and du Toit, personal commun.).  

The proximity of Brassicaceae weed populations infected with black leg and light leaf spot to 

Washington to the north and California to the south should be of concern to these neighboring 

states and perhaps a warning for the northern tier of Brassica production in the United States as 

well as Canada.  It would be beneficial to expand this weed survey throughout Oregon and into 

Washington and California as well, to see if these pathogens associated with unprecedented 

disease outbreaks in western Oregon are in neighboring regions, or whether the pathogens appear 

on weeds after sowing of Brassica vegetable or cover crop seed infected with Pyrenopeziza.  

When fungi were characterized, the isolates of Leptosphaeria spp. collected from weed 

plants were nearly always L. maculans, typically considered the more virulent species of the two, 

(Fitt et al. 2006), so clearly the weed plants have the potential to host aggressive black leg  

strains.  Leptosphaeria biglobosa, although obtained from only one weed site along the interstate 

corridor in this report, may be more aggressive than previously seen in Oregon.  We have shown 

in recent reports that L. biglobosa can cause disease at levels very indistinguishable from L. 

maculans on arugula (Schneider et al., in preparation) or Rorippa (Chapter 3).   

Isolates of P. brassicae collected from crop hosts in Oregon that we have tested so far 

have consisted of one mating type, MAT-1, while a second mating type, a required complement 

for sexual reproduction, was found on weed hosts.  While, a larger examination of P. brassicae 

isolates from crop fields should be conducted to better characterize mating type frequency and 

distribution on cultivated hosts in western Oregon, it appears at this time that weed hosts may be 

a critical source of ascospores produced by P. brassicae.  Weed hosts could function as 

important sources of inoculum for light leaf spot in western Oregon, providing a reservoir for  
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ascospores production and long distance dispersal, perpetuating light leaf spot outbreaks.  

Pyrenopeziza brassicae is reported to not be very competitive (Gabrielson 1983;  Maddock and 

Ingram 1981), and may be suppressed by the high levels of Leptosphaeria species that occur on 

crop plants in western Oregon (Thomas et al, in preparation).  In these widespread black leg 

foliar epidemics, high levels of infected crop residues result, as seen by our post-harvest disease 

ratings reported here.  When individual pieces of crop plant debris are examined during autumn, 

hundreds to thousands of pycnidia and pseudothecia formed by Leptosphaeria can be found 

while apothecia of P. brassicae are not seen forming on crop debris.  The reproduction of 

Leptosphaeria appears to be less intense on weed plants and generally black leg infection is 

focused at the base of the main stem.  Also, weeds may more readily have light leaf spot 

occurrences without the presence of black leg on the same plant, which may allow the less-

competitive P. brassicae a niche for ascospore production on plant residues the following 

autumn.  So infections of weeds, such as birdsrape mustard, may be functionally important for 

persistent light leaf spot outbreaks on crop plants once light leaf spot is introduced into an area, 

even in the presence of black leg.   
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Table 2.1  Diseases present in surveyed Brassicaceae populations in the Willamette Valley 2016 

Way point IDx Host Black legy Light leaf spoty Black leg and light leaf spoty 

91 B. rapa + - - 

102 B. rapa + + + 

107 B. rapa + - - 

115 B. rapa + - - 

118 B. rapa + + + 

125 B. rapa + + + 

128 B. rapa - + - 

132 B. rapa + + + 

137 B. rapa - + - 

144 B. rapa + - - 

146 B. rapa - - - 

150 B. rapa + - - 

158 B. rapa - - - 

163 B. rapa + - - 

168 B. rapa - - - 

179 B. rapa + - - 

184 B. rapa + - - 

188 B. rapa - - - 

189 Sinapis arvensis + - - 

192 S. arvensis + - - 

205 B. rapa + - - 

212 B. rapa - + - 

223 B. rapa - + - 

225 B. rapa - - - 

234 B. rapa - - - 

238 B. rapa - - - 

242 B. rapa - + - 

249 B. rapa - + - 

252 B. rapa - + - 

256 B. rapa + + + 

262 B. rapa + + + 

278 B. rapa + + + 

292 B. rapa - - - 

302 B. rapa - - - 

317 B. rapa# + - - 

323 B. rapa + + + 

326 B. rapa + + + 

331 B. rapa + + + 

332 B. rapa + + + 

341 B. rapa# + - - 
x * denotes disease survey data on secondary highway system.   
y (+) indicates a positive identification of the specific disease and (–) indicates a negative for the specific 

disease. 
# denotes hosts only identified visually, all others confirmed via 5s rDNA sequencing. 
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Table 2.2 Leptosphaeria species on birdsrape mustard (B. rapa) and wild mustard (S. arvensis) in Oregon 

2016 

Way point ID Host Leptosphaeria species 

91 B. rapa L. maculans 

102 B. rapa L. maculans 

107 B. rapa L. maculans 

118 B. rapa L. maculans 

125 B. rapa L. maculans 

132 B. rapa L. maculans 

144 B. rapa L. biglobosa 

150 B. rapa L. maculans 

163 B. rapa L. maculans 

179 B. rapa L. maculans 

184 B. rapa L. maculans 

192 S. arvensis L. maculans 

205 B. rapa L. maculans 

262 B. rapa L. maculans 

278 B. rapa L. maculans 

298 B. rapa L. maculans 

317 B. rapa L. maculans 

323 B. rapa L. maculans 

331 B. rapa L. maculans 

348 B. rapa L. maculans 

354 B. rapa L. maculans 
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Table 2.3 Mating types of Pyrenopeziza brassicae isolates collected in Oregon  

Isolate Host name Common name County Mating typeX 

14CC-1 B. rapa turnip for seed Linn MAT-1 

14CC-2 B. napus oilseed canola Polk MAT-1 

14CC-3 B. rapa turnip for seed Linn MAT-1 

14CC-4A B. napus oilseed canola Polk MAT-1 

14CC-4B B. napus oilseed canola Polk MAT-1 

14CC-5 B. rapa forage turnip cross for seed Polk MAT-1 

14CC-6 B. nigra black mustard Marion MAT-1 

14CC-7A Brassica sp. cover crop for forage Marion MAT-1 

14CC-7B Brassica sp. cover crop for forage Marion MAT-1 

14CC-8A Raphanus sp. wild radish Polk MAT-1 

14CC-9 B. napus oilseed canola Polk MAT-1 

14CC-11 B. rapa forage turnip for seed Linn MAT-1 

14CC-14A B. rapa forage turnip for seed  Linn MAT-1 

14CC-14B B. rapa forage turnip for seed  Linn MAT-1 

15LS-1B B. rapa turnip for seed Benton MAT-1 

15LS-3 B. rapa turnip for seed Linn MAT-1 

15LS-5A B. rapa birdsrape mustard Clackamas MAT-1 

15LS-6B B. rapa volunteer turnip Marion MAT-1 

15LS-7A B. rapa volunteer turnip Marion MAT-1 

15LS-9B Sinapis sp. wild mustard Marion MAT-1 

15LS-10B B. rapa birdsrape mustard Clackamas MAT-1 

15LS-13B B. juncea volunteer red mustard Benton MAT-1 

102 B. rapa birdsrape mustard Linn MAT-1 

125 B. rapa birdsrape mustard Lane MAT-1 

128 B. rapa birdsrape mustard Lane MAT-1 

212 B. rapa birdsrape mustard Douglas MAT-1 

223 B. rapa birdsrape mustard Douglas MAT-1 

242 B. rapa birdsrape mustard Lane MAT-1 

249 B. rapa birdsrape mustard Linn MAT-1 

278 B. rapa birdsrape mustard Marion MAT-1 

332 B. rapa birdsrape mustard Marion MAT-1 

118 B. rapa birdsrape mustard Lane MAT-1 

137 B. rapa birdsrape mustard Douglas MAT-2 

262 B. rapa birdsrape mustard Linn MAT-1 

323 B. rapa birdsrape mustard Marion MAT-1 

326 B. rapa birdsrape mustard Marion MAT-1 

348 B. rapa birdsrape mustard Marion MAT-1 

354 B. rapa birdsrape mustard Marion MAT-1 

360 B. rapa birdsrape mustard Marion MAT-1 
X MAT-1 = mating type 1, MAT-2 = mating type 2.  
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Table 2.4 Post-harvest ratings of commercial Brassica crops for black leg 2015 and 2016 

Year 
Site 

Name 
Crop 

Sample # per 

site 
County Average % Phoma incidence 

2015 1C canola 8 Polk 39 

2015 2C canola 8 Polk 43 

2015 3C canola 8 Marion 24 

2015 4C canola 10 Linn 46 

2015 5C canola 8 Polk 29 

2015 6C canola 8 Polk 28 

2015 7C canola 8 Marion 39 

2015 8C canola 8 Marion 60 

2015 10T turnip 10 Linn 59 

2015 11T turnip 10 Polk 47 

2015 14T turnip 10 Polk 61 

2015 15T turnip 10 Linn 60 

2015 16T turnip 10 Linn 50 

2015 17T turnip 10 Polk 52 

2015 12FB forage Brassica 10 Polk 42 

2016 C1 canola 8 Lane 22 

2016 C2 canola 8 Polk 16 

2016 C3 canola 8 Polk 18 

2016 C4 canola 8 Linn 22 

2016 C5 canola 8 Marion 21 

2016 C6 canola 8 Marion 32 

2016 C7 canola 8 Linn 20 

2016 C8 canola 8 Linn 12 

2016 C9 canola 8 Polk 22 

2016 T1 turnip 8 Marion 23 

2016 T2 turnip 8 Polk 48 

2016 T3 turnip 8 Polk 45 

2016 T4 turnip 8 Polk 47 

2016 T5 turnip 8 Polk 59 

2016 FB1 forage Brassica 8 Polk 17 

2016 FB2 forage Brassica 8 Marion 20 

2016 FB3 forage Brassica 8 Polk 21 
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Figure 2.1 Black leg detections on Brassicaceae weeds in western Oregon in 2016. Populations of 

Brassicaceae weeds categorized as small (1-10 plants), medium (11 – 100), large (101 – 1000), or very 

large (>1000). 
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Figure 2.2 Light leaf spot detections on Brassicaceae weeds in western Oregon in 2016.  Populations of 

Brassicaceae weeds categorized as small (1-10 plants), medium (11 – 100), large (101 – 1000), or very 

large (>1000). 
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Figure 2.3 Co-infections of black leg and light leaf spot detected on Brassicaceae weeds in western 

Oregon in 2016.  Populations of Brassicaceae weeds categorized as small (1-10 plants), medium  

(11 – 100), large (101 – 1000), or very large (>1000).
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Figure 2.4 Black leg detections on Brassicaceae weeds in                         Figure 2.5 Black leg detections on Brassicaceae weeds in        

the Willamette Valley region of Oregon in 2016.                                             the south-western portion of Oregon in 2016.  Populations of 

Populations of Brassicaceae weeds categorized as small (1-10 plants),            Brassicaceae weeds categorized as small (1-10 plants), 

medium (11 – 100), large (101 – 1000), or very large (>1000).                        medium (11 – 100), large (101 – 1000), or very large (>1000). 
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Figure 2.6 Light leaf spot detections on Brassicaceae weeds in          Figure 2.7 Light leaf spot detections on Brassicaceae weeds in        

the Willamette Valley region of Oregon in 2016.  Populations of                   the south-western portion of Oregon in 2016.  Populations of 

Brassicaceae weeds categorized as small (1-10 plants),                                  Brassicaceae weeds categorized as small (1-10 plants), 

medium (11 – 100), large (101 – 1000), or very large (>1000).                      medium (11 – 100), large (101 – 1000), or very large (>1000). 
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Figure 2.8 Co-infections of black leg and light leaf spot on                            Figure 2.9 Co-infections of black leg and light leaf spot detections 

on Brassicaceae weeds in the Willamette Valley region of Oregon in 2016.    in the south-western portion of Oregon in 2016.  Populations of 

Populations of Brassicaceae weeds categorized as small (1-10 plants),            Brassicaceae weeds categorized as small (1-10 plants), 

medium (11 – 100), large (101 – 1000), or very large (>1000).                        medium (11 – 100), large (101 – 1000), or very large (>1000). 
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Figure 2.10 Percentage incidence of stems/storage roots with black leg infection by crop from post-

harvest evaluations 2015 and 2016.  Bars with different letters are significantly different based on least 

square means comparisons (P = 0.0017). 
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Figure 2.11 Percentage incidence of stems/storage roots with black leg infection by year from post-

harvest evaluations 2015 and 2016.  Bars with different letters are significantly different based on least 

square means comparisons (P = 0.0017). 
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Chapter 3. First Report of Rorippa curvisiliqua as a Host for Leptosphaeria spp. (Black Leg) 

B. J. Claassen, W. J. Thomas, C. Mallory-Smith, and C. M. Ocamb 

 

In June 2015, plants of curvepod or western yellowcress (Rorippa curvisiliqua (Hook.) 

Besser ex Britton) were collected from a roadside in Linn County, Oregon.  Stem lesions and 

small, black structures were found on plant stems, consistent with signs and symptoms of black 

leg caused by Leptosphaeria biglobosa Shoemaker & H. Brun and L. maculans (Desm) Ces & 

De Not.  Plants were incubated in moist chambers at 5°C to induce sporulation.  A single spore 

culture was obtained, examined microscopically and confirmed to be L. biglobosa based on 

conidial morphology.  The beta tubulin region was amplified with primers Bt1a and Bt1b and   

bidirectionally Sanger sequenced (Innis et al. 1989).  The sequence was 100% similar to 

Genbank accession numbers FO905649.1 and was deposited in Genbank as accession 

KY264021.  To confirm pathogenicity, curvepod yellowcress seeds collected in 2014 from a 

field edge in Marion County were sown in a greenhouse by sprinkling onto 180-celled (70 mL 

volume) styrofoam trays filled with Metro-Mix 840 (Sun Gro Hort, Agawam, MA).  Styrofoam 

trays were covered with a transparent plastic cover, placed on trays, and bottom-watered as 

needed.  Plants were thinned to one plant per cell, and inoculated with spore suspensions of the 

original L. biglobosa isolate (isolate 15PL-42) recovered from infected curvepod yellowcress 

plants as well as four L. maculans isolates, 14PL-27, 14PL-37, 15PL-15, and 15PL-36 (GenBank 

accession numbers KY050738, KY099622, KY050739, and KY050740, respectively) collected 

from canola (Brassica napus), kale (B. oleracea), Chinese cabbage (B. rapa var. pekinensis), and  
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wild radish (Raphanus sp.), respectively.  Cultures were increased on V8 agar as well as quarter 

strength potato dextrose agar amended with streptomycin at 20° C with a 12-hr photoperiod.   

Cultures that were at least 3 weeks old were washed with sterile water and conidia were collected 

(Chen and Fernando 2006).  For each isolate, 10 plants were inoculated with 500 µL of spore 

suspension (1 x 106 spores/ml) per plant; 10 plants were treated with water as a control.  

Treatments were randomly assigned to rows of plants in a single tray.  Trays were placed in the 

greenhouse (15-21°C) and then moved to a clear plastic-covered cold frame.  Fourteen weeks 

post inoculation, stem lesions and small, black pycnidia developed on the base of stems of 

inoculated curvepod yellowcress plants, similar to those found on infected roadside plants.  

Symptomatic plants were collected, placed in moist chambers until pycnidia sporulated.  Spores 

were transferred to V8 agar to obtain reisolated cultures, fulfilling Koch’s postulates.  The 

experiment was conducted twice.  Incidence of infection for L. maculans and L. biglobosa 

averaged 95% and 100%, respectively.  There was no statistical difference among the incidence 

of infection for the four L. maculans isolates and the L. biglobosa isolate.  No control plants 

developed any symptoms of black leg and no spores were recovered from attempted re-

isolations.  Results of this study confirm R. curvisiliqua is a host for L. maculans and L. 

biglobosa.  The presence of infected wild or weed hosts may lead to persistence of black leg in 

western Oregon. 

Literature Cited 

Chen, Y., and Fernando, W. G. D. 2006. Prevalence of pathogenicity groups of Leptosphaeria 

maculans in western Canada and North Dakota, USA. Can J Plant Pathol 28:533-539. 

Innis, M. A., Gelfand, D. H., Sninsky, J. J., and White, T. J. 1989. PCR protocols: A guide to 

methods and applications. Elsevier Science. 
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Chapter 4.  Clinic Close Up : Management of Light Leaf Spot in Brassicaceae Seed Crops 

Oregon State University Extension Service               December 2016 
 

Cylindrosporium concentricum (sexual stage: Pyrenopeziza brassicae) is a fungus that 

infects Brassica crops including broccoli, Brussels sprouts, cabbage, cauliflower, canola, forage 

rape, oilseed rape, and turnip.  Light leaf spot had not been reported in North America until, 

spring of 2014, when it was observed in western Oregon.  It has since been documented in 

Oregon on the afore-mentioned Brassica crops as well as Brassica interspecific hybrids, 

Raphanus sativus (radish), and weedy species including birdsrape mustard (Brassica rapa) and 

wild radish (Raphanus raphanistrum).  Light leaf spot disease outbreaks can result from the use 

of infected seed as well as windborne and water-splashed spores from infected crop residues, 

volunteers, and weeds. 

Pyrenopeziza brassicae produces sexual reproductive structures called apothecia on 

infected crop residues and dead host tissues.  Apothecia are small (about 1/16 of an inch or 

smaller in diameter), black, disk-shaped structures containing ascospores, which are spores 

dispersed by the wind.  Ascospores are responsible for wider geographic spread of the disease as 

they may be disseminated several miles.  Once ascospores have landed on a susceptible host, the 

infection process begins.  The fungus directly penetrates the cuticle of the plant and begins to 

grow inside the plant tissues.  Infection typically occurs during the fall to early winter months, 

and infection is promoted by high humidity, extended periods of leaf wetness, and mild 

temperatures, 54-60º F daily mean temperatures are ideal but disease can occur when 

temperatures are between 40-68º F.  The disease has a long latent period, the time between initial 

infection and symptom development can take weeks to months.  Plants may remain symptomless 

during the fall and winter months in western Oregon and then develop leaf spots during late  
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January to into March, as temperatures warm to the optimal 54-60°F range.  Disease has been 

found during June on spring-planted crops.    

Leaf spots start as light green patches that turn yellow and then brown as they age (see 

photos 1A, 1B, & 2); yellow margins of older leaf spots are common on some hosts (i.e. 

birdsrape mustard) but not others (i.e. purple top white globe turnip).  Leaf spots often develop 

on the tips and edges of leaves or in areas where water collects, such as the uneven leaf surfaces 

that occur in some kale types.  Leaf spots may develop cracked centers as they dry, sometimes 

turning black.  This fungus often cohabitates with other pathogens so foliar symptoms can be 

quite variable due to the presence of other microbes.  Leaf spots can coalesce, causing death of 

leaves and severe defoliation.  As leaf spots age, they will produce small cup-like structures 

(conidiomata) beneath the surface of infected leaves.  These cup-like structures produce branch-

like formations that force the asexual spores, known as conidia, through the leaf surface (see 

photos 3A, 3B, & 4).  Once conidia penetrate through the surface of leaves, they can be spread 

by splashing water, causing local spread of the pathogenic fungus and subsequent disease within 

a field.  Equipment and workers moving through infected plantings can readily disseminate 

conidia when plants are wet. 

  The light leaf spot fungus can infect all aboveground portions of Brassica plants, 

including petioles, seeds, and stems.  Stem infections result in elongated areas of light brown to 

tan with olive-colored edges (see photos 5A-C) and are superficial compared to black leg stem 

cankers (see photo 6).  Seed pod infection from conidia moved by water onto pods causes curling 

and shriveling of seed pods; sometimes whitish spore masses can be observed with a hand lens.  

If flowers are infected, seed or pod abortion will result.  The fungus growing systematically can  
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distort young tissues, resulting in twisting and thickening of leaf blades (see photo 7).  Leaf 

distortion and other foliar symptoms can be confused with virus, frost, or herbicide injury.  Light 

leaf spot can result in severe plant stunting (see photo 8), and an associated reduction in seed 

yield.    

 Brassica and radish seed crops in Oregon should be monitored for light leaf spot 

infection during late winter through May, or until the rains end for the season.  Best management 

practices to control light leaf spot in Brassica seed crops include: 

 Avoid planting in, adjacent to, or within ¼ mile of fields that have had a light leaf spot 

infection within the past three years.   

 Treat seed with a labeled fungicide to protect against seed transmitted disease. 

 Control susceptible weeds in and around the crop production area, including birdsrape 

mustard and wild radish, as well as any volunteer Brassicas.  

 Scout fields for presence of light leaf spot. 

 Apply labeled protective fungicides.  See PNW Plant Disease Management Handbook or 

associated website for specific products and timings. 

 After harvest incorporate crop residues into the soil to expedite the breakdown of 

infectious residues.  This will help reduce the number of windblown spores that can be 

produced. 
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For confirmation of light leaf spot disease, contact a plant diagnostic clinic: 

OSU Corvallis Plant Clinic   

1089 Cordley Hall    

Corvallis, OR 97331-2903   

Tel: (541) 737-3472    

http://plant-clinic.bpp.oregonstate.edu/    

For additional information: 

PNW Plant Disease Management Handbook website - Seed Crops, Crucifers (Brassica and 

Raphanus spp.) – Light Leaf Spot: https://pnwhandbooks.org/plantdisease/host-disease/seed-

crop-crucifers-brassica-raphanus-spp-light-leaf-spot 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.1  Light leaf spot on turnip (A) and birdsrape mustard (B); note that the leaf veins are 

an olive-brownish within and immediately surrounding areas of leaf spots (image A by Ocamb; 

image B by Claassen).  
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Figure 4.2 Early stage of light       Figure 4.3 Conidia erupting through the upper surface leaf 

spot of a leaf spot                           can result in wet-looking margins of affected spots or a  

(image by Ocamb).                         powdery appearance  

                                                        (image A by Ocamb; image B by Claassen). 

 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 4.4 Conidia of C. concentricum from a sporulating leaf spot at 400X magnification        

(image by Claassen). 
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Figure 4.5 Stem lesions due to the light leaf spot fungus on canola (A) and turnip (B, C) seed 

plants (images by Ocamb). 

 

 

 

 

 
Figure 4.6 Turnip stem with light leaf spot (A) and black leg (B) (images by Ocamb). 
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Photo 4.7 Water droplets and light leaf spot on a forage Brassica seed plant (image by Ocamb).                        

  

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Photo 4.8 Stunted canola plant due to light leaf spot on left, and healthy plant on the right. 

(image by Ocamb). 
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Chapter 5. Summary 

In the course of this research black leg and light leaf spot, diseases of Brassicaceae 

plants, were investigated to gain better understanding of the respective pathogen’s population 

characteristics and geographic distribution in the Willamette Valley of Oregon.  Based on 

surveys of weed Brassicaceae plants, black leg has a widespread distribution on weeds in 

western Oregon.  Black leg populations were primarily made up of Leptosphaeria maculans but 

L. biglobosa was found as well.  Surveys also found weed populations infected with light leaf 

spot in the northern two-thirds of the western portion of the state.  Both mating types of light leaf 

spot were detected on weed hosts, signifying the potential for weed plants to be reservoirs for 

ascospore production by the light leaf spot fungus, Pyrenopeziza brassicae.  Black leg and light 

leaf spot have also been detected in Brassicaceae crops in the Willamette Valley.  Evaluations of 

crop fields after harvest for black leg incidence in the remaining portions of lower plants 

revealed that Leptosphaeria is very adept at colonizing the lower portion of plants and 

subsequently persisting on crop residues.   

Curvepod yellowcress (Rorippa curvisiliqua (Hook.) Besser ex Britton) is a recently 

described host for black leg in this thesis.  The isolate recovered from samples of curvepod 

yellowcress was determined to be L. biglobosa, this species is described as being typically less 

virulent than strains of L. maculans.  Testing on R. curvisiliqua with both Leptosphaeria species 

known to cause black leg, showed no difference in the infection rate between the two species.  

This indicates that strains of L. biglobosa in Oregon may be more virulent than previously found 

strains of this species in other countries that are described as less virulent than strains of L. 

maculans.  
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Further research is needed to better understand light leaf spot and black leg diseases in 

western Oregon.  Areas of continued research include determining periods of ascospore release 

occurrences in western Oregon and constructing predictive models for these releases for both 

light leaf spot and black leg diseases.  Also, research into the length of pathogen survival on crop 

and weed residues and how to speed up this process is needed.  Further research into the 

importance of Brassicaceae weeds in the continuation of these diseases is needed, including 

further host range studies, determining the aggressiveness of fungal strains present in weed 

populations.   
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Appendix 1. Fungicides registered during 2016 for use on Brassica crops for management of 

black leg and light leaf spot in Oregon 

Fungicide 

Resistance Action 

committee group 

designation Active ingredient 

Treatment type used 

for black leg control 

Treatment type 

used for light 

leaf spot control 

11 Azoxystrobin foliar foliar 

7 Benzovindiflupyr foliar  

7 Boscalid seed treatment  

9 Cyprodinil foliar foliar 

3 Difenoconazole seed treatment, foliar foliar 

7 Fluxapyroxad seed treatment, foliar  

2 Iprodione seed treatment, foliar seed treatment 

3 Metconazole  foliar 

11 Picoxystrobin foliar  

3 Prothioconazole foliar foliar 

11 Pyraclostrobin seed treatment, foliar  

1 Thiabendazole seed treatment seed treatment 

3 Tebuconazole foliar foliar 

3 Triflumizole  foliar 
 

 


