AN ABSTRACT OF THE DISSERTATION OF
Carmen C. Harjoe for the degree of Doctor of Philosophy in Integrative Biology presented
September 13, 2018.
Title: Amphibian Population Declines and Extinctions: Disease in Amphibian
Assemblages with Cascading Effects in Freshwater Communities

Abstract approved: ______________________________________________________
Andrew R. Blaustein

Earth is experiencing unprecedented biodiversity loss. Amphibians are at the
forefront of this biodiversity loss, with species declines estimated to be more severe than
those of birds and mammals. Amphibian population declines and extinctions are driven
by a number of factors including climate change, habitat destruction, contaminants and
disease but are often due to a combination of factors rather than any acting singularly.
The fungal pathogen, Batrachochytrium dendrobatidis (hereafter, Bd) and a strain of
Ranavirus, frog virus 3 (FV3) belonging to the family Iridoviridae, are considered
important drivers of amphibian declines worldwide and are therefore of conservation
concern. Despite the ecological importance of these two pathogens, we lack inventory
and long-term monitoring to properly address pathogen-driven amphibian declines and an
understanding of the role of each pathogen in a community context. Thus, this
dissertation employs a combination of manipulative experiments and field observations to
explore the effects of amphibian pathogens on aquatic communities and study the ability
to detect amphibians and their pathogens using molecular-based tools.

Research on the amphibian-Bd system has primarily focused on the direct effects
of the pathogen on its hosts, while few studies have investigated how the fungus affects
dynamics of the aquatic community. In Chapter 2, I experimentally manipulated the
presence of Bd and western toad (Anaxyrus boreas) larvae in outdoor mesocosms to
explore the interactions among primary producers, zooplankton and Bd-exposed or
unexposed larvae. Bd infections can cause larval mortality in some species, thus
indirectly increasing periphyton biomass (a density-mediated indirect effect). However,
Bd infections, while not always lethal, can cause oral deformities in amphibian larvae,
reducing feeding rates and indirectly increasing periphyton biomass (a trait-mediated
indirect effect). We found that Bd infections reduced amphibian larval densities, but this
only weakly benefitted periphyton. After controlling for larval densities, mesocosms with
Bd-exposed larvae had significantly more periphyton than mesocosms with unexposed
larvae. These results are consistent with the trait-mediated indirect effect of Bd-induced
mouthpart damage reducing larval feeding rates on attached algae. These results provide
evidence that Bd has the potential to cause both trait- and density- mediated indirect
effects that can alter community composition.
Although the number of amphibian populations experiencing disease-related
declines and extinctions is increasing as studies accrue, we may actually be
underestimating population declines given our lack of species inventory and long-term
monitoring. Freshwater ecosystems, home to many amphibians, are considered the most
imperiled habitats on Earth, thus are considered a conservation priority. However,
traditional aquatic surveys present a variety of challenges as they can be costly, cause
ecological disturbance or ineffective. Additionally, species with short survey windows or

small, patchy distributions may be overlooked using traditional methods. The collection
of environmental DNA (eDNA), genetic material released into the aquatic environment
from the organism, has recently become an important biodiversity assessment tool.
Although the use of eDNA surveys has promise, there are aspects of the technology that
are poorly understood and warrant further investigation before field application.
Interpretation of eDNA results for surveys of aquatic species occupancy, abundance or
biomass is limited by our lack of knowledge regarding the drivers of eDNA production,
diffusion, transport, persistence and distribution in aquatic systems. In Chapter 3, I
experimentally manipulated the presence of western toad (A. boreas) eggs, larvae and
juvenile amphibians in plastic containers, sampled for eDNA, then compared DNA
concentrations across life stages and across time. The concentration of DNA was greatest
in containers with amphibian eggs and larvae and lowest in containers with juveniles.
Degradation of eDNA was exponential with less than twenty-five percent detection on
day twenty-one across treatments. This experiment is the first to test eDNA detectability
across amphibian ontogeny. These results highlight the importance of understanding the
phenology of the target species for maximizing detectability by timing sampling efforts
thoughtfully.
Therefore, in Chapter 4, I compared detection of two amphibian species, western
toads (A. boreas) and wood frogs (Rana sylvatica) and two amphibian pathogens, Bd and
Ranavirus using traditional visual-encounter surveys and eDNA sampling. If a site was
occupied by A.boreas, detection probability was greatest using visual encounter surveys.
However, if a site was occupied by R. sylvatica, Bd or Ranavirus, detection probability
was greatest using eDNA sampling. The use of eDNA surveys for pathogens was

particularly successful, likely because both pathogens can persist in the environment, thus
could be underestimated by traditional sampling approaches. Our results illustrate the
importance of pilot testing eDNA sampling for the specific species of interest as
detection using eDNA compared to traditional survey methodologies differs across target
organisms.
In Chapter 5, we present the first documentation of Bd and Ranavirus in the
Chugach National Forest, Alaska, USA. Although this is the first documentation of Bd on
the Chugach National Forest, Alaska, USA, it is not the first documentation of Bd in
Alaska. In fact, several samples taken from wildlife refuges north of the Chugach
National Forest tested positive for Bd. This is the first documentation Ranavirus in the
state of Alaska. Although Ranavirus was recently documented at similar latitudes, our
samples represent the detection the northernmost part of the pathogen’s range.

©Copyright by Carmen C. Harjoe
September 13, 2018
All Rights Reserved

Amphibian Population Declines and Extinctions: Disease in Amphibian Assemblages
with Cascading Effects in Freshwater Communities
by
Carmen C. Harjoe

A DISSERTATION

submitted to

Oregon State University

in partial fulfillment of
the requirements for the
degree of

Doctor of Philosophy

Presented September 13, 2018
Commencement June 2019

Doctor of Philosophy dissertation of Carmen C. Harjoe presented on September 13, 2018.

APPROVED:

Major Professor, representing Integrative Biology

Chair of the Department of Integrative Biology

Dean of the Graduate School

I understand that my dissertation will become part of the permanent collection of Oregon
State University libraries. My signature below authorizes release of my dissertation to
any reader upon request.

Carmen C. Harjoe, Author

ACKNOWLEDGEMENTS
The work presented herein is the result of an enormous collaborative effort. I am
indebted to the many people involved in helping me develop as a researcher, teacher and
person. Thank you!
I’ll begin by thanking the person that first acknowledged my potential. Andy,
thank you for having faith in me as such a naïve kid straight out of college. Thank you for
dedicating your time to teaching me about amphibian conservation, disease ecology, old
movies and Yankee baseball players. You have had an incredible influence on me both
academically and personally. You lead by example in the way you teach, the way you
share science with the public and the way you think through scientific problems. Thank
you for always having my back and treating me like part of your family.
Speaking of my academic family, I’d like to thank all of the past and present
Blaustein lab. Specifically, Dr. Julia Buck, thank you for serving as a such an incredible
role model and putting in the hard work to generate protocols for studying the chytrid
fungus in a community context. I would not be here today without Dr. Trang Weitemier
and Dr. Jenny Urbina passing down all of their knowledge. Trang, thank you for all of the
impromptu conversations, silly anecdotes, fun facts and your incredible support! Jenny, I
could not have asked for a better office mate! Thank you for inspiring me, pushing me
and supporting me over the last few years. Paul Snyder, thank you for being the best
older/younger brother. I’ll always cherish our Tarn Tip Tuesdays. Thank you to all of the
talented undergraduates and friends who sorted through hundreds of zooplankton samples
(Claire Roberts), extracted DNA from thousands of filters (Emma Lustig) and romped
through bear country with me in search of toads (Brooke Rigoni and Jules Cooch).

My graduate experience and professional career would look very different if it
were not for the support and mentorship of Dr. Lori Kayes. Lori, your dedication to
teaching and student learning is truly inspiring! I am grateful for everything that you have
taught me. I would also like to thank the amazing teaching teams that I have had the
pleasure of learning from over the last few years. Special thanks to my teaching mentors
Dr. Jessica Beck and Dr. Adam Chouinard. Laura Kentnesse, Kristen Anderson, Will
Fennie and Erin Wahler, thank you all for your incredible support, hard work and
friendship.
Special thanks to the members of my graduate committee. None of this work
would have taken place without the support of Dr. Dede Olson. Dede, thank you for
mentoring me and supporting me through my triumphs and failures. I could not have
asked for a more incredible and inspiring teacher, mentor and role model. Dr. Taal Levi,
thank you for teaching me a new skill set, generously sharing your lab space and
resources and providing incredible feedback on my work. Dr. Ben Dalziel, thank you for
serving as a brilliant sounding board for my ideas and working tirelessly to help me
analyze my work. Dr. Clint Epps, thank you for serving as my graduate representative
and having my best interests at heart.
I am so lucky to have been supported by the Department of Integrative Biology
office staff including: Tara Bevandich, Traci Durrell-Khalife, Trudy Powell, and Tresa
Bolin Salleng. Thank you all for keeping our department running smoothly. Special
thanks to Tara and campus facilities for working so hard to keep our old cold rooms
going all these years.

Thanks to all of my fellow graduate students who have been a source of constant
support. Our department is so blessed to have such an amazing community of people.
Special thanks to my dear friends Vanessa Constant, Holland Elder, Miram Gleiber,
Caroline Glidden and Alissa Rickborn for all of their love and support. I could not have
done this without you!
To my husband, Tim Schrautemeier, you deserve a medal. Thank you for all of
your emotional and logistical support. Thank you for accompanying me in the field and
knowing intuitively when I needed a break or a snack. Thank you for being so
understanding and helpful during this chapter of my life. I owe you. The same goes for
my cat, Shane, my steadfast companion who stayed up with me on many occasions and
served as a constant source of joy and distraction.
Last, but certainly not least, a big thank you to my family. Thanks to my parents
for making my education a priority and fostering my inquisitive nature. Thanks to my
sisters for fostering my love of the natural world and exploring it with me. Thank you all
for believing in me! We did it!

CONTRIBUTION OF AUTHORS
Chapter 1: Dr. Andrew Blaustein helped edit the chapter.
Chapter 2: Dr. Julia Buck, Dr. Dede Olson and Dr. Andrew Blaustein helped develop the
questions and hypotheses and edited the chapter. Dr. Julia Buck provided the sampling
methodology. Dr. Jason Rohr helped conduct the statistical analyses and provided edits to
the chapter.
Chapter 3: Dr. Taal Levi helped develop the sampling methodology, provided lab space
to conduct molecular analyses and helped edit the chapter. Dr. Dede Olson and Dr.
Andrew Blaustein provided the funding that made this work possible, aided in the
development of the sampling methodology and helped edit the chapter. Emma Lustig
provided irreplaceable logistical support in my absence.
Chapter 4: Dr. Dede Olson and Dr. Andrew Blaustein provided the funding that made this
work possible, aided in the development of the sampling methodology and helped edit the
chapter. Dr. Taal Levi assisted tremendously with sample processing and interpretation.
Chapter 5: Dr. Dede Olson and Dr. Andrew Blaustein provided the funding that made this
work possible, aided in the development of the sampling methodology and helped edit the
chapter.
Chapter 6: Dr. Andrew Blaustein helped edit the chapter.

TABLE OF CONTENTS
Page
CHAPTER 1 – INTRODUCTION ............................................................................1
Parasitism .......................................................................................................2
Amphibian population declines and extinctions ............................................3
Monitoring amphibians and their pathogens..................................................5
Dissertation work ...........................................................................................7
References ......................................................................................................9
CHAPTER 2 – PATHOGENIC FUNGUS CAUSES DENSITY- AND TRAITMEDIATED TROPHIC CASCADES IN AN AQUATIC COMMUNITY..............23
Abstract ..........................................................................................................24
Introduction ....................................................................................................25
Materials and Methods ...................................................................................29
Results ............................................................................................................33
Discussion ......................................................................................................35
Acknowledgements ........................................................................................38
References ......................................................................................................38
CHAPTER 3 – ENVIRONMENTAL DNA DETECTABILITY SHIFTS
ONTOGENETICALLY .............................................................................................54
Abstract ..........................................................................................................55
Introduction ....................................................................................................56
Materials and Methods ...................................................................................58

TABLE OF CONTENTS (Continued)
Page
Results ............................................................................................................61
Discussion ......................................................................................................62
Acknowledgements ........................................................................................64
References ......................................................................................................65
CHAPTER 4 – MONITORING AMPHIBIANS AND THEIR PATHOGENS USING
ENVIRONMENTAL DNA .......................................................................................74
Abstract ..........................................................................................................75
Introduction ....................................................................................................76
Materials and Methods ...................................................................................79
Results ............................................................................................................83
Discussion ......................................................................................................84
Acknowledgements ........................................................................................85
Literature Cited ..............................................................................................86
CHAPTER 5 – FIRST RANAVIRUS DETECTION AT 60 N LATITUDE IN ALASKA,
USA............................................................................................................................106
Abstract ..........................................................................................................107
Introduction ....................................................................................................108
Materials and Methods ...................................................................................110
Results ............................................................................................................113
Discussion ......................................................................................................113

Acknowledgements ........................................................................................114
Literature Cited ..............................................................................................114
CHAPTER 6 – GENERAL CONCLUSIONS ...........................................................120
Literature Cited ..............................................................................................123

LIST OF FIGURES
Figure

Page

Figure 2.1 The conceptual model of the full path model which specified all
hypothesized interrelationships between members of the aquatic community ..........48
Figure 2.2 The final structural equation model fit with maximum likelihood and
selected by Akaike Information Criterion (AIC), and associated standardized
coefficients and probability values ............................................................................49
Figure 2.3 Interactions between amphibian larvae and Batrachochytrium
dendrobatidis (Bd) exposure on periphyton and copepod abundance .......................50
Figure 2.4 Relationships between tadpoles and cladoceran abundance and
between copepod abundance and both phytoplankton and cladoceran abundance ...51
Figure 2.5 Path model testing for the density- and trait- mediated indirect effects
of Batrachochytrium dendrobatidis (Bd) on periphyton abundance .........................52
Figure 3.1 DNA concentration detected from A. boreas eggs, larvae and juveniles
on the day of animal removal (day 0) ........................................................................70
Figure 3.2 DNA concentration of A. boreas  standard error and proportion of
positive samples on the day of animal removal, 7 days after removal and 14 days
after removal ..............................................................................................................71
Figure 4.1 Detectability of western toads (A. boreas) using visual encounter
surveys (VES) and eDNA surveys .............................................................................96
Figure 4.2 Detectability of wood frogs (R. sylvatica) using visual encounter
surveys (VES) and eDNA surveys .............................................................................97
Figure 4.3 Detectability of Ranavirus using visual encounter surveys (VES) and
eDNA surveys. ...........................................................................................................98

Figure 4.4 Detectability of Batrachochytrium dendrobatidis (Bd) using visual
encounter surveys (VES) and eDNA surveys ............................................................99

LIST OF TABLES
Table

Page

Table 2.1 Models created in the R package Lavaan with associated AIC .................53
Table 3.1 Sequences of primers and TaqMan probes used for droplet digital
PCR...72
Table 3.2 Output from a Tukey honest significant difference test. Pairwise
comparisons of DNA concentrations collected from contains with eggs, larvae
and juveniles on day 0................................................................................................53
Table 4.1 Sequences of primers and TaqMan probes used to detect target
organisms via droplet digital PCR .............................................................................100
Table 4.2 Detection histories for western toads (Anaxyrus boreas) using visual
encounter surveys and eDNA surveys. ......................................................................101
Table 4.3 Detection histories for wood frogs (Rana sylvatica) using visual
encounter surveys and eDNA surveys .......................................................................102
Table 4.4 Detection histories for Ranavirus using visual encounter surveys and
eDNA surveys ............................................................................................................103
Table 4.5 Detection histories for the amphibian chytrid fungus (Batrachochytrium
dendrobatidis) using visual encounter surveys and eDNA surveys. .........................104
Table 4.6 Detection histories for the amphibian chytrid fungus (Batrachochytrium
dendrobatidis) using visual encounter surveys and eDNA surveys. .........................105
Table 45.1 Latitudes where Ranavirus was detected using water sample
collection . ..................................................................................................................105

CHAPTER 1 – INTRODUCTION

Carmen C. Harjoe and Andrew R. Blaustein
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Parasitism
Emerging infectious diseases (hereafter, EIDs), illustrate the role that infectious
agents have in shaping both host and pathogen populations. EIDs are infectious agents
that increase in incidence, geographic range or enter a new host population (Jones et al.
2008). EIDs pose a threat to wildlife health, public health and the global economy
(Binder et al. 1999, Morens et al. 2004). The incidence of EIDs has increased since the
1940s, with over seventy-percent originating in wildlife populations (Jones et al. 2008).
For example, Ebola virus disease (EVD), which causes multi-organ failure and death in
up to nighty-percent of human cases, is a zoonotic pathogen transmitted by primates and
bats to humans (Gatherer 2014). In 2014, West Africa experienced an EVD outbreak that
had public health, wildlife health, economic and governmental ramifications (Bausch and
Schwarz 2014). Clearly, EIDs in humans, wildlife and domestic animals are inextricably
linked (Daszak et al. 2000).
EIDs in wildlife have severe consequences for biodiversity and ecosystem
function (Daszak et al. 2000, Hatcher and Dunn 2011, McCallum 2012). For example, the
loss of ungulate populations to Rinderpest indirectly affected predator populations
throughout the Serengeti (Dobson and Hudson 1986). In 2009, Blehert et al. documented
bat declines exceeding seventy-five percent caused by the fungal infection, white-nose
syndrome (Pseudogymnoascus destructans). Infection with Batrachochytrium
dendrobatidis an emerging infectious disease in amphibians has been implicated in
worldwide amphibian population declines and extinctions (Berger et al. 1998, Stuart et al.
2004, Briggs et al. 2005, Collins and Crump 2009, Vredenburg et al. 2010, Olson et al.
2013, Blaustein et al. 2018). Inhabitants of freshwater ecosystems, like amphibians, are
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considered particularly vulnerable to disease as they are also disproportionally affected
by climate change and habitat loss.
Amphibian Population Declines and Extinctions
Species losses are occurring globally at an unprecedented rate (Dirzo et al. 2014).
Amphibians are at the forefront of biodiversity loss with declines estimated to be more
severe than those of birds and mammals (Houlahan et al. 2000, Stuart et al. 2004).
Amphibian population declines and extinctions are driven by a number of factors
including climate change, habitat destruction, contaminants, invasive species and disease
(Blaustein et al. 2011). However, declines are often caused by interacting cofactors rather
than any acting singularly (Blaustein et al. 2011). For example, climate change may:
directly alter precipitation altering water levels and habitat conditions in ponds and lakes
(Pounds 2001, Lips et al. 2008); indirectly induce early breeding, facilitate disease spread
(Carey and Alexander 2003); or increase susceptibility to ultraviolet-B radiation
(Kiesecker et al. 2001). Widespread habitat destruction can be coupled with the presence
of chemical contaminants such as fertilizers and pesticides, which in certain
concentrations can have deleterious effects on amphibian survival and fitness (Blaustein
et al. 2003, Beebee and Griffiths 2005, Hayes et al. 2006, Rohr et al. 2008b, Relyea 2009,
Sparling et al. 2009). The introduction of alien species including crayfish, bullfrogs and
fish has been identified as a contributing factor of amphibian declines worldwide (Kats
and Ferrer 2003). Alien species may outcompete native species for resources, consume
native amphibians or carry disease (Kats and Ferrer 2003, Daszak et al. 2004, Garner et
al. 2006, Reeder et al. 2012). Lastly, disease is often listed as one of the leading causes of
global amphibian population declines (Daszak et al. 1999, Tompkins et al. 2015b,
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Blaustein et al. 2018). Whereas amphibians can be infected with a variety of parasites
including a variety of trematodes, cestodes, bacteria and fungi, I will specifically
highlight two that are of particular importance due to their connection with amphibian
mass mortality events and population declines and extinction events.
Infection with B. dendrobatidis, hereafter referred to as Bd, has been linked to
amphibian population declines and extinction events worldwide (Berger et al. 1998,
Wake and Vredenburg 2008, Fisher et al. 2012, Blaustein et al. 2012, Olson et al. 2013).
Since this initial discovery in 1998, Bd has been found globally on a variety of amphibian
hosts (Liu et al. 2012, Olson et al. 2013, Xie et al. 2016). However, it was not until
recently that the origin of Bd was traced to the Korean Peninsula using DNA sequencing
(O’Hanlon et al. 2018). In metamorphosed individuals, the fungus can cause
hyperkeratosis, epidermal hyperplasia, ulcers and ultimately cardiac arrest (Voyles et al.
2009). In larvae however, Bd can cause oral deformities and influence feeding kinematics
(Rachowicz and Vredenburg 2004, Blaustein et al. 2005, Venesky et al. 2010, McMahon
and Rohr 2015). Transmission can occur through direct contact with infected individuals
or indirectly through contact with contaminated substrate or water (Rachowicz and
Vredenburg 2004, Rowley and Alford 2007, Kolby et al. 2015a). Host susceptibility
depends on a variety of pathogen and host traits and varies with species (Blaustein et al.
2005, Searle et al. 2011, Gervasi et al. 2017), population (Bradley et al. 2015), life stage
(Garcia, Romansic & Blaustein, 2006; Gervasi et al., 2017) and Bd strain (Fisher et al.
2009, Dang et al. 2017, Urbina et al. 2018).
Ranaviruses (genus Ranavirus, family Irodoviridae) are another group of
pathogens implicated in amphibian mass mortality events (Cunningham et al. 1996,
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Jancovich et al. 1997, Green et al. 2002, Gray et al. 2009). Ranaviruses include a diverse
group of DNA viruses that infect a variety of vertebrate hosts including amphibians,
fishes and reptiles (De Voe et al. 2004, Williams et al. 2005, Duffus et al. 2008, Schock
et al. 2008). Ranavirus appears to be widespread as mortality events have been
documented across the Americas, Europe and Asia (Cunningham et al. 1996, Fox et al.
2006, Ariel et al. 2009, Une et al. 2009, Balseiro et al. 2009). Transmission can occur
directly through contact with infected individuals or indirectly through contact with water
or sediment (Gray et al. 2009). Infection with Ranavirus is not always lethal but those
infected with Ranavirus exhibit lethargy, erratic swimming, swelling and hemorrhaging
(Gray et al. 2009). Like Bd, Ranavirus is considered an EID as it has increased in
incidence in recent years and poses significant risk to amphibian populations worldwide.
Monitoring Amphibians and their Pathogens
Long-term studies and baseline information are critical for addressing population
declines and extinctions but few have been conducted with amphibian populations
(Blaustein 1994, Houlahan et al. 2000, Blaustein et al. 2011). As a result of deficient
information regarding the distribution and abundances of amphibians, we may be
underestimating the severity of declines (Blaustein 1994). Traditional aquatic surveys
present a variety of challenges as they can be costly, cause disturbance and require
expertise for proper identification of organisms (Thomsen and Willerslev 2015). More
specifically, species with small, patchy distributions or secretive behaviors may go
undetected by traditional sampling methodologies. These challenges have led to the
development of molecular sampling tools to compliment traditional surveys.

6

The collection of biological material from environmental samples (e.g.,
environmental DNA – hereafter, eDNA) has recently become an important biodiversity
assessment tool (Ficetola et al. 2008, Jerde et al. 2011, Goldberg et al. 2011, Thomsen et
al. 2012). Sampling for eDNA has been a successful inventory and monitoring tool for a
variety of organisms including aquatic plants (Matsuhashi et al. 2016), amphibians
(Ficetola et al. 2008, Goldberg et al. 2011, Dejean et al. 2012, Thomsen et al. 2012,
Pilliod et al. 2013, 2014), fishes (Dejean et al. 2012, Takahara et al. 2012), mammals
(Foote et al. 2012), reptiles (Piaggio et al. 2013), arthropods (Thomsen et al. 2011),
aquatic fungi and viruses (Kolby et al. 2015b). Additionally, surveys employing eDNA
are highly sensitive when DNA is present (Schultz and Lance 2015, Furlan et al. 2015).
However, false negatives can occur when DNA concentration is low (Schultz and Lance
2015). Organisms leave behind genetic material via waste or tissues, which can be
acquired by the collection of a water, soil or sediment sample. DNA can be extracted
from these environmental samples, then amplified using polymerase chain reaction
(PCR). To go one step further, DNA can be quantified using quantitative polymerase
chain reaction (qPCR) or droplet digital polymerase chain reaction (ddPCR) to ascertain
relative abundances of the target organism. Alternatively, the use of high-throughput
sequencing can reveal members of entire ecological communities (Taberlet et al. 2012,
Thomsen and Willerslev 2015, Valentini et al. 2016). The detectability and degradation
of DNA remaining in the environment is influenced by a variety of biotic and abiotic
factors. For example, DNA degrades more rapidly in warm, sun-exposed, acidic
waterbodies than in cool, shaded, alkaline water bodies (Barnes et al. 2014, Goldberg
2015, Strickler et al. 2015). Detectability is also influenced by organism traits such as the
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rate of DNA production, shedding, density, residence time and life stage (Dejean et al.
2012, Pilliod et al. 2013, Maruyama et al. 2014). Although the use of eDNA has powerful
potential as a biodiversity assessment tool, there are aspects of the technology that are
poorly understood and warrant further investigation (Díaz-Ferguson and Moyer 2014,
Thomsen and Willerslev 2015). Specifically, little is known about the temporal and
spatial distribution of DNA, how concentrations of DNA relate to relative abundances of
organisms or how specific biotic and abiotic factors influence eDNA detectability.
Dissertation Work
Research on the amphibian-Bd system has primarily focused on the direct effects
of the pathogen on its hosts, while few studies have investigated how the fungus affects
dynamics of the aquatic community (Blaustein et al. 2012). In Chapter 2, I present the
results of an experiment where I manipulated the addition of Bd and amphibian larvae to
test the direct and indirect effects of Bd on members of the aquatic community in outdoor
mesocosms. I found that infection with Bd reduced amphibian larval densities, which
indirectly increased periphyton biomass (a density-mediated indirect effect). I also found
that after controlling for larval densities, mesocosms with Bd-exposed larvae had
significantly higher periphyton biomass than mesocosms with uninfected larvae,
consistent with Bd-induced mouthpart damage (a trait-mediated indirect effect). This
chapter provides the first support for a trait-mediated indirect effect caused by Bd. It is
also the first to compare the strength of a consumptive trait-mediated indirect effect and a
consumptive density-mediated indirect effect. This chapter emphasizes the potential
cascading effects of infectious agents on community structure.
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Despite the importance of long-term studies and baseline information for
addressing population declines and extinctions, these are lacking as they relate to
amphibian populations (Blaustein 1994, Houlahan et al. 2000, Blaustein et al. 2011). The
collection of biological material from environmental samples (hereafter, eDNA) has
recently become a popularized biodiversity assessment. However, the potential benefits
of surveying aquatic species using eDNA coupled with our lack of understanding of the
abiotic and biotic drivers of eDNA detectability and degradation inspired Chapter 3. In
Chapter 3, I report the results of a controlled experiment which assessed the detectability
of amphibians at different life stages. I found that life stage had significant effects on
detectability but not degradation. This is the first to test eDNA detectability across
amphibian development. These results highlight the importance of understanding the
phenology of the target species for maximizing detectability.
Furthermore, in Chapter 4, I investigated the potential benefit of sampling for
amphibians and their pathogens using eDNA. The Chugach National Forest, Alaska was
the ideal place to compare the effectiveness of eDNA surveys and traditional surveys
because it is remote, relatively undisturbed and has not yet been invaded by many aquatic
invasive species. I sampled sites for amphibians using both traditional aquatic visual
encounter surveys and eDNA sample collection. If amphibians were found, they were
swabbed for both Bd and Ranavirus. I then compared visual encounter survey data and
swab data to eDNA samples in search of four species, two amphibians and two
amphibian pathogens: Bd, Ranavirus, the western toad (Anaxyrus boreas) and the wood
frog (Rana sylvatica). found that the effectiveness of eDNA compared to visual
encounter surveys differed across target organisms. Specifically, if a site was occupied by
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A.boreas, detection probability was greatest using visual encounter surveys. However, if
a site was occupied by R. sylvatica, Bd or Ranavirus, detection probability was greatest
using eDNA sampling. The use of eDNA surveys for pathogens was particularly
successful, likely because both pathogens can persist in the environment, thus could be
underestimated by traditional sampling approaches. This work highlights the importance
of understanding the phenology of the target organisms and pilot testing survey
approaches.
Finally, in Chapter 5, we present the first documentation of Bd and Ranavirus in
the Chugach National Forest, Alaska, USA. Although this is the first documentation of
Bd on the Chugach National Forest, Alaska, USA, it is not the first documentation of Bd
in Alaska. In fact, several samples taken from wildlife refuges north of the Chugach
National Forest tested positive for Bd. This is the first documentation Ranavirus in the
state of Alaska. Although Ranavirus was recently documented at similar latitudes, our
samples represent the detection the northernmost part of the pathogen’s range.
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Abstract
Pathogens can alter species composition and ecosystem function by causing direct
and indirect effects on communities. Zoospores of the chytrid fungus Batrachochytrium
dendrobatidis (hereafter, Bd), a pathogen implicated in worldwide amphibian declines,
can be consumed by filter-feeding zooplankton and can damage mouthparts of infected
amphibian larvae. Consequently, I hypothesized that this pathogen would affect the
abundance of zooplankton, amphibian survival and feeding abilities of larval hosts, with
cascading effects to their algal food resources, phytoplankton and periphyton. I tested
these hypotheses by manipulating the presence of western toad (Anaxyrus boreas) larvae
and Bd in outdoor mesocosms and quantifying the densities of amphibian larvae,
zooplankton, periphyton and phytoplankton. Bd infections reduced amphibian larval
densities, but this only weakly benefitted periphyton (a density-mediated indirect effect).
After controlling for larval densities, mesocosms with Bd-exposed larvae had
significantly more periphyton biomass than mesocosms with larvae but no Bd, consistent
with infection-induced mouthpart damage reducing larval feeding rates on attached algae
(a trait-mediated indirect effect). In fact, the trait-mediated effect of Bd on periphyton
biomass was larger than the density-mediated effect. The presence of Bd was positively
associated with increased copepod abundance, consistent with zooplankton consuming
chytrid zoospores. These results suggest the Bd has the potential to cause both trait- and
density-mediated indirect effects that can alter community composition and perhaps even
the primary productivity of freshwater ecosystems.
Keywords: Batrachochytrium dendrobatidis, chytrid fungus, disease-mediated,
pathogen, trophic cascade
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Introduction
Parasitism as a consumer strategy is ubiquitous. Recent estimates suggest that
parasites comprise over thirty percent of all species, although this is likely an
underestimate (de Meeûs and Renaud 2002, Dobson et al. 2008). Due to their abundance
in natural systems, parasites play critical roles in food web dynamics and trophic
interactions (Lafferty et al. 2008, Dobson et al. 2008). However, until recently, research
has focused predominately on the direct effects of parasites on their hosts and has
neglected indirect effects caused by parasites (Buck and Ripple 2017). One of the most
compelling examples of how infectious agents shape ecosystem structure and function in
a density-mediated fashion is the trophic cascade caused by rinderpest, a viral pathogen
of ungulates. Rinderpest outbreaks reduced wildebeest population density and herbivory,
ultimately contributing to tree recovery and a reduction in fire severity in the Serengeti
(Sinclair 1995, Holdo et al. 2009). Similarly, sea star wasting disease, which is caused by
an unidentified densovirus, reduced sea star population density on the U.S. Pacific coast,
causing cascading effects on sea urchin density and kelp cover in the rocky intertidal
zone (Schultz et al. 2016). Infectious agents can also trigger trait-mediated indirect
effects. For example, the digenean trematode, Cryptocotyle lingua, reduces algal grazing
by infected snails by impairing their digestive system, triggering cascading effects on
macroalgal communities on the U.S. Atlantic coast. Clearly, infectious agents can have
cascading effects on ecosystem function via their direct effects on hosts (Wood et al.
2007).
Trophic cascades are caused by changes in prey density (density-mediated
indirect effects) or prey traits (trait-mediated indirect effects). These indirect effects have
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been illustrated numerous times in the predator-prey literature. More specifically,
predators that capture and kill their prey cause numerical reductions in prey populations,
which can benefit primary producers (Schmitz et al. 2004). Alternatively, the presence of
natural enemies can trigger behavioral changes in prey, reducing herbivory, indirectly
benefitting primary producers (Schmitz et al. 2004). However, trophic cascades triggered
by infectious agents are unique because unlike predators, infectious agents (and
micropredators) can consume prey with sublethal effects (Lafferty and Kuris 2002).
Therefore, they can cause trait-mediated indirect effects through their consumptive (in
addition to nonconsumptive) effects (Buck and Ripple 2017). Despite an increase in the
recognition that infectious agents can drive community structure and function, few
studies have investigated the top-down indirect effects of infectious agents (but see Raffel
et al. 2008, 2010, Rohr et al. 2008, 2015, Venesky et al., 2014).
The fungal pathogen Batrachochytrium dendrobatidis (Bd), which causes the
emerging infectious disease chytridiomycosis, is linked to amphibian population declines
and extinctions worldwide and is therefore of conservation concern (Stuart et al. 2004,
Skerratt et al. 2007, Tompkins et al. 2015a). Bd has a global distribution and infects a
variety of amphibian hosts (Liu et al. 2012, Olson et al. 2013, Xie et al. 2016). Motile Bd
zoospores can encyst in the keratinized tissues of metamorphosed amphibians, which can
impair osmoregulation, ultimately leading to cardiac arrest (Voyles et al. 2009).
However, in larval amphibians, infection is isolated to the keratinized mouthparts and can
cause decreased growth and development, reduced feeding and smaller size at
metamorphosis, in addition to reduced survival (Parris and Cornelius 2004, Rachowicz
and Vredenburg 2004, Parris et al. 2004, Garner et al. 2009, Kilpatrick et al. 2010).

27

Larval infection with Bd also can cause oral deformities and influence feeding kinematics
(Rachowicz and Vredenburg 2004, Blaustein et al. 2005, Venesky et al. 2010, McMahon
and Rohr 2015).
Research on the amphibian-chytrid system has primarily focused on individual
and population effects of the pathogen on its hosts, while few studies have investigated
how the fungus affects dynamics of the aquatic community (Blaustein et al. 2012).
Connelly et al. (2008) found that in neotropical streams, Bd caused cascading effects on
algal composition and abundance by reducing the density of amphibian larvae. However,
no study has tested for cascading effects of Bd on aquatic communities. More
specifically, no study has tested for a trait-mediated trophic cascade triggered by Bd even
though it has been hypothesized (Buck et al. 2016). Bd zoospores are between 3-5-µm in
diameter (Longcore et al. 1999), thus within preferred food particle size of zooplankton
(Geller and Müller 1981). Consumption of Bd zoospores by zooplankton, specifically
cladocerans, has been demonstrated on numerous occasions. Daphnia have been
documented to consume Bd zoospores (Buck et al. 2011, Searle et al. 2013), reduce the
density of Bd zoospores in the water, (Woodhams et al. 2011) and subsequently reduce
Bd infections in amphibian larvae (Searle et al. 2013). Other aquatic filter-feeding
predators including amphibian larvae and odonates have also been observed consuming
Bd zoospores (Venesky et al. 2014, Rohr et al. 2015). In infected waters, Bd zoospores
can be as dense as 3 million zoospores per liter (Chestnut et al. 2014), thus possibly
serving as an important food item for filter-feeding predators.
Herein, I address the interactions among primary producers, zooplankton and Bdexposed or unexposed amphibian larvae. I conducted an experiment that manipulated Bd
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and amphibian larvae to test the direct and indirect effects of Bd on members of the
aquatic community. Given that Bd infections are well documented to cause oral
deformities (a morphological trait change) in amphibian larvae that reduce feeding rates
(Fellers et al. 2001, Rachowicz and Vredenburg 2004, Blaustein et al. 2005, Venesky et
al. 2009, 2010, McMahon and Rohr 2015), I hypothesized that Bd exposure would
indirectly increase periphyton biomass through a consumptive trait-mediated indirect
effect. Furthermore, Bd could reduce larval densities, indirectly increasing periphyton
biomass through a consumptive density-mediated effect. I also hypothesized that Bd
would increase zooplankton densities by serving as an additional prey resource through a
direct bottom-up effect. Lastly, because Bd is well documented to reduce keratin in
tadpole mouthparts that is necessary to scrape periphyton but not necessary to filter feed
phytoplankton (Fellers et al. 2001, Wassersug and Yamashita 2001, Marantelli et al.
2004, Rachowicz and Vredenburg 2004), I hypothesized that Bd would induce a switch
from larvae scraping periphyton to filter-feeding phytoplankton. Western toads were
ideal for this study for two reasons. First, members of the genus have been documented
switching from feeding on periphyton to phytoplankton (Beiswenger 1977, Seale and
Beckvar 1980). Second, western toads are highly susceptible to Bd infection (Gervasi et
al. 2013, 2017).
To better understand the relative strengths of each of these primary hypotheses, I
also incorporated all hypothesized relationships among members of the aquatic
community that could affect algal resources. More specifically, because it is well
documented that phytoplankton and periphyton compete for light, (Stevenson et al. 1985,
Hansson 1988, 1992) I hypothesized that phytoplankton abundance would decrease
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periphyton biomass through shading of periphyton by phytoplankton. Furthermore, I
hypothesized that zooplankton, which feed primarily on phytoplankton, would indirectly
benefit amphibian larvae by reducing shading of phytoplankton on periphyton (Rohr and
Crumrine 2005). Conversely, because cladocerans, copepods, and amphibian larvae
compete for algal resources, I also hypothesized that the abundance of one would
negatively affect the survival and development of the competitors (Buck et al. 2015).
Materials and Methods
Experiment
To test for cascading indirect effects of Bd infection on members of the aquatic
community, I conducted a 2 x 2 fully factorial randomized block experiment. I crossed
the presence or absence of Bd with the presence or absence of 40 western toad (Anaxyrus
boreas) larvae in outdoor mesocosms at the Oregon State University Lewis-Brown
Horticulture Farm near Corvallis, Oregon, USA. Each treatment was replicated eight
times for a total of thirty-two mesocosms. Experimental units consisted of 120-L
mesocosms. On 25 July 2016, I mounted eight standard microscope slides to the inside of
each mesocosm for removal during community sampling. On 28 July 2016, I added well
water, 30-g sterile leaf-litter and 1 L of water containing zooplankton, phytoplankton and
periphyton from laboratory stocks, then covered each with mesh lids.
Animal Husbandry
Partial clutches of western toad eggs were collected on 8 June 2016 from Todd
Lake, Oregon (44.0298N, 121.6853W). Western toads were ideal for this study because
members of the genus primarily scrape surfaces to feed on periphyton yet are also
capable of feeding on phytoplankton (Beiswenger 1977, Seale and Beckvar 1980).
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Additionally, western toads are experiencing Bd-related population declines in some
parts of their range (Carey 1993, Drost and Fellers 1996, Muths et al. 2003). Eggs were
reared in 40-L aquaria and fed a 3:1 ratio of rabbit chow and Tetramin fish flakes (Tetra,
Melle, Germany) every other day until reaching Gosner stage 25-27 (determined by the
initial development of the limb bud, Gosner, 1960). On 11 August 2016, larvae were
weighed and measured then randomly assigned to 10-L aquaria filled with 9-L of water
and allowed to acclimate for 24-h prior to exposure of a sham or actual inoculation of Bd
(see below) on 12 August 2016. On 25 August 2016, aquaria contents and larvae were
poured into 120-L mesocosms.
Bd Culture and Inoculation
Bd strain JEL 274, originally isolated from a western toad in Colorado was plated
on 1% tryptone-agar plates and incubated at 20C (Longcore et al. 1999) for eleven days.
On 12 August 2016, two plates were flooded with 10-ml of dechlorinated water and the
number of motile zoospores were counted using a hemocytometer following established
protocols (Searle et al. 2011). The broth was diluted with dechlorinated water to obtain a
concentration of 1.0 x 104 zoospores/mL. We added 68-mL of inoculum to 9-L Bd-treated
aquaria for a total dose of 6.75 x 105 zoospores/mL, and final concentration of 75
zoospores/mL. Larvae in the control aquaria were treated with a broth made from
flooding sterile agar plates.
Community
Zooplankton, phytoplankton and periphyton measurements were taken from
mesocosms on 24 August 2016 and every two weeks thereafter for the duration of the 60d experiment. Sampling methodology followed Buck et al. (2015). Water containing
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zooplankton and phytoplankton was collected from mesocosms using a 30-mL tube
sampler, which was first filtered through a 150-µm mesh to remove zooplankton, then
filtered through a 25-mm Whatman GF/F filter. Zooplankton were then stored in 30%
ethanol until being sorted and identified to order using a microscopy.
Chlorophyll-a extractions were conducted using 10-mL of 90% acetone. Samples
were agitated then incubated for 24-h at -20 C following the methods of Welschmeyer
(1994). Fluorescence was determined using a Td-700 Turner Designs fluorometer
(Sunnyvale, CA) to quantify chlorophyll-a concentration as a proxy for phytoplankton
abundance. Periphyton biomass was measured by removing and scraping previously
mounted standard microscope slides from the sides of each mesocosm, filtering the
material through a previously dried and weighed 25-mm Whatman GF/F filter, and then
weighing the dried filter paper plus the periphyton.
Infection Confirmation
At the end of the experiment, all surviving amphibian larvae were euthanized
using an overdose of MS-222. Prior to preservation in 10% formalin solution, larval
mouthparts were swabbed using sterile fine-tip swabs (Medical Wire and Equipment,
Corsham, England), which were stored in the freezer for later analysis. To quantify Bd
load, I randomly selected 10 swabs from larvae per mesocosm containing Bd-exposed
larvae and two swabs per mesocosm containing unexposed larvae for analysis using
quantitative polymerase chain reaction (qPCR). Quantification using qPCR followed
established protocols (Boyle et al. 2004) with the exception that DNA extractions
employed 60-ul of Prepman Ultra (Applied Biosystems, Foster City, CA) instead of 40ul. Each sample was run in triplicate against Bd standard titrations from 10 -1 to 102.
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Statistical Analyses
Community response variables included chlorophyll-a concentration, periphyton
biomass, cladoceran abundance and copepod abundance measured on the final day of the
experiment. Prior to analyses, all community response variables were log transformed to
meet parametric assumptions. Amphibian response variables included proportion
surviving and mass measured on the final day of the experiment. I used path analysis to
estimate the significance of hypothesized interrelationships between members of the
aquatic community. Using the Lavaan package in R version 0.5-23.1097 (2017), I
generated a full model that specified all predicted relationships. These included the
effects of: phytoplankton shading periphyton; toad larvae (exposed and unexposed)
reducing periphyton biomass and phytoplankton abundance through grazing (e.g., traitmediated effect); toad larvae (exposed and unexposed) reducing zooplankton through
possible competition for algal resources or via passive consumption; and covariances
including zooplankton reducing phytoplankton through grazing, phytoplankton
concentration driving zooplankton abundances and cladocerans and copepods driving one
another’s densities through competition (Figure 2.1). The independent variables in the
model (exposure to toad larvae and Bd) were binary as the same number of larvae and
zoospores were added to mesocosms and were not measured during the experiment. The
interaction between Bd and larvae was coded using dummy variables for Bd, larvae, and
their interaction. I compared the full model to six other hypothesized models and then
ranked the models using Akaike information criterion (AIC). I only present the final
model, which was fit with maximum likelihood and selected using AIC (but refer to
Table 1 for the other models).
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I conducted a second path analysis to compare the strength of the density- and
trait- mediated indirect effects of Bd on periphyton biomass. Unlike the previously
described path model, this path model was fit only using the mesocosms containing
amphibian larvae. The density-mediated indirect effect was modeled by including two
paths, one from Bd to larval densities at the end of the experiment and the other from
larval densities to periphyton biomass at the end of the experiment. The trait- mediated
indirect effect of Bd on periphyton biomass was assumed to be the leftover effect of Bd
on periphyton after controlling for larval density. This effect is presumed to be a product
of Bd reducing the foraging capacities of amphibian larvae. To increase the chances that I
was isolating these density- and trait- mediated effects, I controlled for potential
cofounders, which included any shading effects of phytoplankton on periphyton and
covariances between zooplankton taxa and periphyton biomass.
Results
Bd-exposed toad larvae experienced lower survival than larvae exposed to the
sham inoculate (t = -2.47, df =13.7, P = 0.02, Welch two sample t-test). On average, 75%
of larvae survived in Bd-unexposed mesocosms, but only 60% survived in Bd-exposed
mesocosms. At the end of the experiment, mesocosms that were not exposed to Bd had
an average of 30.12 ± 1.55 surviving animals out of 40, whereas mesocosms that were
exposed had an average of 24.25 ± 1.80 surviving animals out of 40. Bd exposure did not
affect the mean final mass of individual amphibian larvae (t=0.26, df=11.5, P = 0.79,
Welch two sample t-test). Individual Bd-exposed larvae had an average final mass of
0.55 ± 0.02 g, and individual Bd-unexposed larvae had an average final mass of 0.52 ±
0.02 g. Of the 80 total larvae tested for Bd infection, thirty-six (45%) of Bd-exposed
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larvae were infected with an average infection load of 4.77 ± 0.5 Bd genome equivalents,
as determined by qPCR. However, given that animals harboring heavy infections were
unlikely to survive the full length of the experiment, these are likely underestimates of
both prevalence and load. Bd was not detected in unexposed larvae.
Path analysis revealed that the effect of larvae on periphyton biomass was
mitigated by Bd, because the decline in periphyton biomass associated with larval
foraging was less when the larvae were Bd-exposed in comparison to when they were not
exposed to Bd (P = 0.04; Figure 2.2, Figure 2.3a). In fact, in the second path model, the
density-mediated indirect effect of Bd on periphyton biomass was only -0.027
(multiplying the two standardized coefficients – 0.549*0.050; Figure 2.5), which is not
surprising given that Bd only weakly reduced amphibian larval densities (from 75%
survival to 60%). In contrast, the trait-mediated indirect effect of Bd, presumably
mediated by reduced larval feeding abilities, was estimated as 0.360 (Figure 2.5). Thus,
the trait-mediated indirect effect of Bd on periphyton was >13 times larger than the
density-mediated indirect effect that was in the opposite direction.
Although Bd-exposed larvae seemed to consume less periphyton, I did not find
support for the hypothesis that Bd exposure triggered a switch to filter-feeding
phytoplankton because Bd-exposed larvae did not reduce phytoplankton abundance more
than sham-exposed larvae (path not included in Figure 2.2; P = .459). The presence of
amphibian larvae was associated with a reduction in cladoceran abundance (P = 0.003;
Figure 2.2; Figure 2.4a). Copepod abundance increased with Bd (P = 0.04; Figure 2.2;
Figure 2.3b) and decreased with phytoplankton abundance (P = 0.002; Figure 2.2; Figure
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2.4b). Finally, copepod and cladoceran abundances negatively covaried (P = 0.02; Figure
2.2; Figure 2.4c).
Discussion
I investigated the potential for the amphibian chytrid fungus, Bd to trigger both
density- and trait-mediated indirect effects on aquatic community composition. First, I
hypothesized that Bd would indirectly increase periphyton biomass because Bd 1) can be
deadly to amphibian larvae that consume periphyton (density-mediated indirect effect);
and 2) is well documented to affect the feeding abilities of surviving larval hosts by
causing mouthpart damage (trait-mediated indirect effect) (Fellers et al. 2001, Rachowicz
and Vredenburg 2004, Blaustein et al. 2005, Venesky et al. 2009, 2010, McMahon and
Rohr 2015). As predicted, these results support Bd trait-mediated indirect effects on
members of the aquatic community. Bd-exposed mesocosms had lower amphibian
densities than mesocosms without Bd. Mesocosms without larvae had significantly
higher periphyton biomass than tanks with larvae, clearly indicating that larvae can
reduce their algal resources. Bd-induced reduction in larval survival from 75% to 60%
did not detectably increase periphyton biomass. Consequently, there was no measurable
density-mediated indirect effect of Bd on periphyton biomass. After controlling for larval
densities, mesocosms with Bd-exposed larvae had significantly more periphyton biomass
than mesocosms with larvae but no Bd, consistent with infection-induced mouthpart
damage reducing larval feeding rates on attached algae (Figure 2.2a). However, the
interaction between larvae and periphyton biomass may be confounded by the unknown
direct effects of Bd on periphyton biomass or an indirect effect of Bd on zooplankton
abundances and subsequent consumption and reduction of periphyton biomass (Figure
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2.2a). The When compared, the trait-mediated indirect effect of Bd on periphyton
biomass was estimated to be > 13 times stronger than the density-mediated effect.
My second hypothesis was that Bd would increase zooplankton densities by
serving as an additional prey resource. Filter-feeding cladocerans opportunistically feed
on Bd zoospores (Buck et al. 2011), reducing the amount of Bd in the water and larval
infection load (Hamilton et al. 2012, Searle et al. 2013, Buck et al. 2015). Therefore, I
expected zooplankton abundance (specifically cladocerans) to be greater in mesocosms
containing Bd because of the additional food source. I did not find evidence that
cladoceran abundance increased in the presence of Bd, but copepod abundance did. This
might be due to a lack of power, given that cladocerans were relatively rare in
mesocosms compared to copepods. Further experimentation and direct measurement of
Bd zoospore concentration is needed to fully understand the complexities of this
relationship. In addition, these results provide further evidence that copepod and
cladoceran abundance can be negatively correlated with one another (Gliwiz 1994, Vega
1995, Chang and Hanazato 2003). Lastly, cladoceran abundance was negatively affected
by the presence of amphibian larvae. This might provide further evidence that larvae
often inadvertently graze zooplankton while feeding on algae (Hamilton et al. 2012) or
possibly compete with zooplankton for algal resources. Further experimental feeding
trials are necessary to fully understand the complex relationships among Bd, its larval
amphibian host, and algae.
Lastly, given how well documented Bd-induced mouthpart damage is, I
hypothesized that Bd exposure would trigger a switch in surviving larvae from scraping
periphyton to filter-feeding phytoplankton. Although I found evidence supporting the
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hypothesis that Bd-exposed anuran larvae fed less on periphyton than sham-exposed
larvae, I did not find evidence that Bd-exposed larvae switched to feeding on
phytoplankton because Bd-exposed larvae did not reduce phytoplankton abundance more
than sham-exposed larvae. This investigation was prompted by a previous study in which
Bd-exposed Cascades frog (Rana cascadae) larvae appeared to consume less periphyton
and more phytoplankton than unexposed larvae (Buck et al. 2012). I chose to use western
toad larvae because of their documented feeding plasticity (Beiswenger 1977, Seale and
Beckvar 1980). However, they are also highly susceptible to Bd infection (Gervasi et al.
2017). Therefore, animals with high infection loads might have died before achieving
late-stage infections with severe mouthpart damage. Future research should continue to
investigate Bd-induced feeding plasticity in other species. Importantly, the fact that
zooplankton abundances were significantly greater in mesocosms with than without Bd
made it difficult to definitively assess whether Bd-exposed larvae switched from scraping
periphyton to filter-feeding phytoplankton. This was because any increase in filterfeeding phytoplankton by Bd-infected larvae could have been partially counteracted by
greater competition for phytoplankton in these tanks because of the greater abundance of
zooplankton. To more cleanly test the hypothesis that larvae switch from scraping to
filter-feeding when infected with Bd, I recommend a laboratory study identical to the one
we conducted here but in the absence of zooplankton.
These results add to the evidence that Bd can alter species composition by causing
density- and trait-mediated indirect effects on communities. Although ecologists are
increasingly recognizing the potential for pathogens like Bd to drive community
structure, this work is the first to empirically test for cascading effects of Bd on aquatic
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communities. Furthermore, I provide the first support for a trait-mediated indirect effect
caused by the amphibian chytrid fungus and are the first to test the strength of a
consumptive trait-mediated indirect effect compared to a consumptive density-mediated
indirect effect. These conclusions highlight the direct and cascading effects that
infectious agents can have on community structure. Although ecologists are increasingly
aware that infectious agents can drive community structure via their direct and indirect
effects on hosts (Skorping and Högstedt 2001, Wood et al. 2007, Lafferty et al. 2008,
Hatcher and Dunn 2011, Hatcher et al. 2012, Lafferty and Kuris 2012, Rohr et al. 2015,
Buck et al. 2016, Preston et al. 2016, Buck and Ripple 2017), further study of
consumptive trait-mediated indirect effects is needed to advance our understanding of the
role infectious agents play in shaping community structure and function.
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Figures

Figure 2.1. The conceptual model of the full path model which specified all hypothesized
interrelationships between members of the aquatic community. These included the effects
of: phytoplankton shading periphyton; toad larvae (exposed and unexposed) reducing
periphyton biomass and phytoplankton abundance through grazing (e.g. trait-mediated
indirect effect); toad larvae (exposed and unexposed) reducing zooplankton through
possible competition for algal resources or via passive consumption; and covariances
including zooplankton reducing phytoplankton through grazing, phytoplankton
concentration driving zooplankton abundances and cladocerans and copepods driving one
another’s densities through competition. Double-headed arrows represent covariances,
whereas single-headed arrows indicate predictors.
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Figure 2.2. The final structural equation model fit with maximum likelihood and selected
by Akaike Information Criterion (AIC) and associated standardized coefficients and
probability values. Double-headed arrows represent covariances, whereas single-headed
arrows were treated as predictors. Bd, larvae and the Bd-by-larvae interactions were
modeled as dummy variables based on the presence and absence of each independent
variable. The exception was that the final biomass of amphibian larvae in a mesocosm at
the end of the experiment better predicted copepod abundance than the presence or
absence of larvae. The data fit the model well (Chi square p-value = 0.431, Comparative
Fit Index = 0.994, RMSEA = 0.023, RMSEA p-value = 0.509), and investigation of the
modification indices did not suggest that any paths were missing. Standardized
coefficients and p-values are shown next to each path. The weight of arrows is
proportional to their standard coefficient. R2 values are only available for response
variables receiving unidirectional arrows (they are not available for independent variables
or covariances).
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Figure 2.3. Interactions between amphibian larvae and Batrachochytrium dendrobatidis (Bd) exposure on periphyton (a) and
copepod abundance (b). The interaction was significant for periphyton abundance (z = 1.993, p = 0.046) and non-significant for
copepod abundance (z = -1.599, p = 0.110) in the final structural equation model.
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Figure 2.4. Relationships between amphibian larvae and cladoceran abundance (a) and between copepod abundance and both
phytoplankton (b) and cladoceran abundance (c). All relationships were significant in the final model.

52

Figure 2.5. Path model testing for the density- and trait- mediated indirect effects of Batrachochytrium dendrobatidis (Bd) on
periphyton abundance. This path model was fit only using the mesocosms containing amphibian larvae (unlike the model in Fig
2.1), and controlled for potential cofounders, such as any shading effects of phytoplankton on periphyton and any covariance
between zooplankton taxa and periphyton (not shown in diagram). The density-mediated indirect effect of Bd on periphyton
biomass is -0.027, which was estimated by multiplying the standardized coefficient for the effect of Bd on larval densities (Bd
reduced survival from 75% to 60%) by the standardized coefficient for the effect of larval densities on periphyton abundance (0.549*0.050). The trait mediated indirect effect of Bd on periphyton biomass, presumably mediated by the effects of Bd on larval
foraging abilities, was estimated as the standardized path coefficient from Bd to periphyton biomass controlling for larval densities,
which was 0.360. Hence, the trait-mediated indirect effect is considerably larger than the density-mediated indirect effect. The
weight of arrows is proportional to their standardized coefficient.

Table 2.1. In the R package Lavaan, which we used to develop our path analyses and
conduct model selection. The ~ designates a regression equation. The ~~ designates
variables that covary. In our path models, “Larvae” and “Bd” refer to the larvae and
Batrachochytrium dendrobatidis presence/absence treatments respectively and
Larvae_Bd refers to the interaction between the two treatments. “Log” indicates that a
variable was log transformed and “clad8”, “cop8”, “peri8” and “phyto8” refer to the
abundances of cladocerans, copepods, periphyton and phytoplankton at the end of the 8week experiment.
Model Number
1

2

3

4

5

6

Model
Logperi8~Logphyto8+Larvae+Bd+Larvae_Bd
Logphyto8~Larvae+Bd+Larvae_Bd
Logclad8~Larvae+Bd+Larvae_Bd
Logcop8~Larvae+Bd+Larvae_Bd
Logcop8~~Logphyto8
Logclad8~~Logcop8
Logclad8~~Logphyto8
Logcop8~~0*Logperi8
Logclad8~~0*Logperi8
Logperi8~Larvae+Bd+Larvae_Bd2
Logclad8~Larvae
Logcop8~Larvae+Bd
Logcop8~~Logphyto8
Logclad8~~0*Logphyto8
Logcop8~~0*Logperi8
Logperi8~~0*Logphyto8
Logclad8~~Logperi8
Logperi8~Larvae+Bd+Larvae_Bd2
Logclad8~Larvae
Logcop8~Larvae+Bd + Larvae_Bd2
Logcop8~~Logphyto8
Logclad8~~Logcop8
Logclad8~~0*Logphyto8
Logcop8~~0*Logperi8
Logclad8~~9*Logperi8
Logperi8~Larvae+Bd+Larvae_Bd2
Logclad8~Larvae
Logcop8~FinalMass+Bd+Larvae_Bd2
Logcop8~~Logphyto8
Logclad8~~Logcop8
Logclad8~~0*Logperi8
Logclad8~~0*Logperi8
Logperi8~FinalMass+Bd+Larvae_Bd2
Logclad8~Larvae
Logcop8~FinalMass+Bd+Larvae_Bd2
Logcop8~~Logphyto8
Logclad8~~Logcop8
Logclad8~~0*Logphyto8
Logcop8~~0*Logperi8
Logclad8~~0*Logperi8
Logperi8~Larvae+Bd+Larvae_Bd2
Logclad8~Larvae
Logcop8~FinalMass+Bd+Larvae_Bd2
Logcop8~~Logphyto8
Logclad8~~Logcop8
Logclad8~~0*Logphyto8
Logcop8~~0*Logperi8
Logclad8~~Logperi8

AIC
218.31

AIC
76.82

203.90

62.41

205.70

64.21

141.49

0.00

144.78

3.29

144.29

2.80
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Abstract
The collection of biological material from environmental samples (e.g.,
environmental DNA) has become an important tool for assessing biodiversity across
aquatic systems. Although the use of eDNA surveys has promise, there are aspects of the
technology that are poorly understood and warrant further investigation before field
application. More specifically, field estimates of aquatic species occupancy and biomass
are limited by our lack of knowledge regarding the drivers of eDNA production,
persistence and distribution in aquatic systems. Investigations thus far have focused
primarily on the environmental drivers of eDNA, yet few studies have investigated the
role of biotic factors contributing to eDNA detection and degradation. Thus, the goal of
this study was to investigate the role of organism ontogeny in eDNA detectability.
Amphibians were ideal for this study because they are threatened globally, are the target
of many eDNA survey efforts and have a complex life cycle. Using eDNA to assess
detectability of amphibians at different life stages, I experimentally manipulated the
presence of western toad (Anaxyrus boreas) eggs, larvae and newly metamorphosed
juveniles in plastic containers for 21 days. Contrary to my prediction, DNA concentration
on the day of animal removal was highest in tubs containing eggs and lowest in
containers with juveniles. However, the proportion of containers with detectable
concentrations of A. boreas DNA was greatest for those exposed to larvae and juveniles
and lowest for those exposed to eggs. DNA concentration fell precipitously with very low
detectability across life stages by day 7. Over half of the containers with larvae on day 7
had detectable A. boreas DNA compared to less than a quarter of containers exposed to
eggs and juveniles. This experiment is the first to test eDNA detectability across
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amphibian ontogeny. These results highlight the importance of understanding the
phenology of the target species for maximizing detectability by timing sampling efforts
thoughtfully.
Keywords: eDNA detection, eDNA degradation, amphibian life stage
Introduction
Global loss of biodiversity from anthropogenic factors is one of the greatest
ecological challenges of our time (Chivian et al. 2008, Dirzo et al. 2014). Climate
change, habitat loss and invasive species pose the greatest risks to inhabitants of
freshwater ecosystems as they are among the most imperiled habitats on Earth (Dudgeon
et al. 2007, Hambler et al. 2011, Penaluna et al. 2017). Conservation efforts to ascertain
species status and mitigate losses involve inventory and monitoring. However, specific
information on the distribution and abundance of many organisms is lacking due to the
multitude of rare or little-known taxa (Raphael and Molina 2007, Barnosky et al. 2011).
In freshwater ecosystems, traditional aquatic survey methods present a number of
challenges as they can be costly and damaging to the focal ecosystem or species
(Thomsen and Willerslev 2015). Additionally, traditional survey methodologies may not
be able to detect species with small populations, patchy distributions or secretive
behaviors. These challenges have generated a demand for more effective survey tools to
use in conjunction with traditional methods.
The collection of biological material from environmental samples (e.g.,
environmental DNA – hereafter, eDNA) has recently become an important tool for
assessing biodiversity (Ficetola et al. 2008, Jerde et al. 2011, Goldberg et al. 2011,
Thomsen et al. 2012). Genetic material released into the environment via an organism’s
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waste or tissues can be acquired by the simple collection of a water, soil or sediment
sample. Following sample collection, DNA can be amplified using polymerase chain
reaction (PCR). Target species can be detected and quantified using species-specific
primers and probes in conjunction with quantitative polymerase chain reaction (qPCR) or
droplet digital polymerase chain reaction (ddPCR) (Pilliod et al. 2013, Amberg et al.
2015, Wilcox et al. 2016). Alternatively, high-throughput sequencing can be used to
identify members of entire communities (Taberlet et al. 2012, Thomsen and Willerslev
2015, Valentini et al. 2016). Although the use of eDNA has powerful potential as a
biodiversity assessment tool, there are aspects of the technology that are poorly
understood and warrant further investigation (Díaz-Ferguson and Moyer 2014, Thomsen
and Willerslev 2015).
Biological interpretation of environmental DNA results for surveys of aquatic
species occupancy, abundance or biomass are limited by our lack of knowledge regarding
the drivers of eDNA production, diffusion, transport, persistence and distribution in
aquatic systems (Dejean et al. 2012, Deiner and Altermatt 2014, Eichmiller et al. 2014,
Thomsen and Willerslev 2015, Goldberg et al. 2016, Wilcox et al. 2016). Detection and
degradation of eDNA can be influenced by a variety of abiotic and biotic factors.
Environmental DNA degrades more quickly in warm, sun-exposed, acidic water bodies
than in cool, shaded, alkaline water bodies (Barnes et al. 2014, Strickler et al. 2015,
Goldberg et al. 2016). Detectability is also highly dependent on organism traits such as
species, DNA production rate, density, residence time and life stage (Dejean et al. 2012,
Pilliod et al. 2013, 2014, Maruyama et al. 2014).
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Implementing eDNA for defensible environmental management of aquatic species
requires understanding how species ontogeny through complex life cycles influences the
detectability and degradation of eDNA. Knowledge of how ontogeny influences eDNA
detectability would help optimize surveys to maximize the probability of detecting rare
species and would inform the biological interpretation of eDNA field data. This is
particularly the case for amphibians with mixed aquatic and terrestrial life stages and
potentially complex changes in eDNA shedding during metamorphosis. In particular, it is
unknown how amphibian ontogeny affects detectability and the detectability of
amphibian eggs using eDNA has not been reported. Therefore, I investigated eDNA
detection and degradation across three ontogenetic stages of amphibians: eggs, larvae and
post-metamorphic juveniles. I focused this research on amphibians because (1)
amphibian populations are in decline worldwide (Stuart et al. 2004) and their assessment
is critical for management; and (2) amphibians have uniquely complex life cycles with
metamorphosis accompanying changes in morphology, physiology and behavior. I
predicted that because metabolic activity shifts ontogenetically that eDNA detectability
and degradation would strongly depend on life stage, with eggs being the least detectable
due to their encasement within gelatinous material, buffering embryonic tissues from
aquatic environments (Salthe 1963).
Materials and methods
Experimental setup
To test for differences in detectability and degradation of eDNA across amphibian
life stages, I experimentally manipulated the presence of western toad (Anaxyrus boreas)
eggs, larvae and juveniles in laboratory containers. Experimental units consisted of
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plastic containers measuring 33 x 55 x 21 cm filled with 4.5-L dechlorinated water. Prior
to experiments, containers were sterilized using a 50% chlorine bleach solution to remove
biological material. Treatments containing A. boreas eggs, larvae, or juveniles were
replicated ten times and controls containing dechlorinated water were replicated three
times. Due to the logistical constraints of having access to eggs, larvae and juveniles in
the laboratory at the same time, I conducted two identical experiments. The first tested
larvae and juveniles and took place from 27 November 2015 to 18 December 2015. The
second tested eggs and took place from 20 June 2016 to 12 July 2016. Both experiments
were conducted in the same climate-controlled laboratory at Oregon State University in
Corvallis, Oregon.
Animal husbandry
I collected partial clutches of A. boreas from Todd Lake, Oregon (44.0290 N,
121.6854 W) on 20 June 2015 and 18 June 2016. Eggs were reared in 40-L aquaria in a
climate-controlled laboratory at Oregon State University until reaching Gosner (1960)
stages 3 (two-cell embryo), 25 (beginning of hind limb buds), and 45 (fully
metamorphosed). Ambient temperature in the laboratory remained at a constant 22 C
with a 12:12 light and dark cycle. Larvae were fed a 3:1 ratio of rabbit chow and
Tetramin fish flakes (Tetra, Melle, Germany) every other day and juveniles were fed fruit
flies ad libitum. On 27 November 2015, larvae and juveniles were weighed and measured
and then randomly assigned and added to experimental containers. All animals added on
27 November were subsequently removed from the tubs on day seven of the experiment,
3 December 2015. The eggs were treated similarly, on 20 June 2016 eggs were weighed,
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staged, randomly assigned to tubs then removed seven days after the start of the
experiment on 27 June 2016.
eDNA sample collection and analysis
I removed 500-mL water samples from each tub using a sterile 1-L Nalgene bottle
three times during the length of the experiment. The first set of samples was collected one
hour after all animals were removed from experimental containers. The second was
collected seven days after animal removal and the third was collected fourteen days after
animal removal. Water samples were refrigerated after collection and filtered within 12
hours through a 0.45 m cellulose nitrate disposable filter funnel (Sterlitech, Kent, WA,
USA) using an Alexis 12-volt peristaltic pump (Proactive Environmental Products,
Bradenton, FL, USA). Filters were then preserved in 100% molecular grade ethanol in
sterile 2-mL microcentrifuge tubes and stored at -20C until DNA extraction. Prior to
DNA extraction, filters were dried for 24 hours in a sterile UV hood in a laboratory
where no amphibian tissues had ever been handled and was dedicated to pre-PCR
product. Once dried, filters were subjected to DNA extraction using a DNeasy Blood and
Tissue Kit (Qiagen, Valencia, CA, USA) following the recommended manufacturer’s
protocol with the exception that I used 630-l of Buffer ATL and filters were incubated
in lysis buffer for 48 hours. Samples from eggs collected the day that animals were
removed initially did not yield any DNA. Therefore, to increase yield, I conducted an
additional step of ethanol precipitation. First, the samples were centrifuged at 14,000
revolutions per minute for 45 minutes. I then removed and discarded the supernatant,
dried the samples for 15 minutes to evaporate any remaining ethanol, then resuspended
the DNA in 100-l of Buffer AE.
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Droplet digital polymerase chain reaction (ddPCR) was performed with a QX200
AutoDG Droplet Digital PCR System (Bio Rad, Hercules, CA, USA) to quantify DNA.
Each reaction contained 900 nM of each primer, 250 nM of TaqMan probe, 6-l of
template, and water for a total volume of 22-l. Cycling conditions followed the
manufacturer’s protocol for ddPCR Supermix for probes (no dUTP) (Bio Rad, Hercules,
CA, USA). Species-specific primers and probes were developed by Goldberg (2015) and
validated against Pseudacris maculata, Rana luteiventris, Lithobates catesbeianus,
Ambystoma tigrinum, Pseudacris sierrae, and Ascaphus montanus (Table 3.1). Each
sample was run in triplicate against an extraction blank, no template control, and positive
control. Samples were considered positive when two or three wells tested positive above
the set threshold of an amplitude of 4000 or greater for target DNA and considered
negative when samples amplified in one well, did not amplify in any of the three wells or
fluoresced below an amplitude of 2000. I then quantified DNA concentration per l.
Statistical Analysis
I constructed generalized linear models to test for the main and interactive effects
of amphibian life stage and day since animal removal on DNA concentration and
proportion of positive samples. Models were constructed using R version 1.0.143 (2016).
Results
Linear models revealed that recovery of A. boreas eDNA differed significantly
with amphibian life stage on day 0 (Table 3.2, Figure 3.1). DNA concentration in
containers with eggs was significantly greater than containers with juveniles (P =0.02),
but not significantly different from containers with larvae (P = 0.47). DNA concentration
in containers with larvae and juveniles did not differ significantly (P = 0.24).
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DNA concentration over the length of the experiment varied significantly with
life stage and sampling day (Figure 3.2A). DNA concentration in containers with eggs
and larvae were significantly greater than control containers but containers with juveniles
were not (P < 0.01). Furthermore, sampling day significantly affected DNA concentration
in containers with eggs and larvae but not juveniles (P =0.001, P = 0.047, P = 0.81
respectively). Additionally, the proportion of containers with detectable concentrations of
A. boreas DNA differed significantly with life stage (P < 0.05) but not sampling day (P >
0.10, Figure 3.2B).
Discussion
Species detection and biomonitoring using eDNA has become a noteworthy
advancement in conservation biology. The use of eDNA sampling has been used to
circumvent the need for visual detection of organisms, thus proving advantageous for
species that may be overlooked by traditional sampling approaches. One of the most
attractive qualities of eDNA is the potential to sample pathogens, organisms found in low
densities, organisms with short survey windows, or organisms with difficult to detect life
stages (Bohman et al. 2014). Furthermore, the use of eDNA in aquatic species surveys
allows for a cost-effective, less-invasive method to sample aquatic communities.
However, more basic information regarding the limitations of this technology are needed
to understand potential constraints of eDNA sampling for aquatic species monitoring.
Specifically, we are still learning about the underlying mechanisms of eDNA
detectability and degradation in the environment. Improved understanding of these
factors would inform survey efforts and interpretation of eDNA samples taken in the
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field. Sampling for species with complex life cycles can be even more challenging as
production, detectability and degradation can shift ontogenetically.
This study is the first to investigate changes in detectability across amphibian
ontogeny and the first to test for detectability of amphibian egg masses. I predicted that
detectability would be lowest for samples taken from containers with eggs given their
encasement in gelatinous material which I hypothesized would prevent exchange of DNA
between the growing embryo and the water. Contrary to my prediction, however, I found
that DNA concentration was greatest in samples taken from containers with eggs. I also
found that DNA concentrations in containers with eggs had greater variability. The DNA
detected from containers with eggs could be from the developing embryo itself or from
biological material remaining from the parents. Furthermore, do to unforeseen issues with
the egg samples taken immediately after egg removal from containers, I was forced to
conduct an extra step to elute the DNA properly, which may have concentrated the DNA
thus contributing to this interesting result.
As predicted, DNA concentration fell precipitously following animal removal.
However, while samples taken from containers with larvae and juveniles had detectable
concentrations of DNA 14 days after animal removal, samples taken from containers with
eggs were did not have any detectable DNA on days 7 and 14. This was unexpected
given containers with eggs contained the highest DNA concentrations on day 0.
However, if the DNA detected in containers with eggs was from parent material, then the
DNA may have already been degrading prior to introduction to the containers. Future
investigations comparing thoroughly rinsed egg masses and unrinsed egg masses are
needed to fully understand detectability of amphibian eggs.
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These results highlight the importance of understanding the phenology of the
target species and scheduling surveys to maximize the probability of detection.
Specifically, for A. boreas, sampling ponds during the time of year when eggs and larvae
are expected to be present could increase maximize detectability compared to sampling
when juveniles are expected to be present. Furthermore, for species with ephemeral
phenology, eDNA sampling may increase the survey windows. This study demonstrates
that DNA can be detected in water samples up to fourteen days after the removal of
larvae and juveniles but not eggs. Although DNA degradation is affected by a variety of
abiotic and biotic factors, this finding that DNA persisted in the environment is consistent
with other studies (Dejean et al. 2011, Pilliod et al. 2014, Barnes et al. 2014, Maruyama
et al. 2014, Strickler et al. 2015). Thus, for a cryptic and ephemeral species, thoughtfully
timed eDNA sampling could improve detection and extend survey windows up to two
weeks after an animal has left the water body.
This study adds to the list of critical considerations needed prior to sampling for
eDNA. Future studies are warranted to investigate the mechanisms behind this difference
by testing for DNA production and release rate per across amphibian life history.
Furthermore, similar studies are needed to investigate the role of environmental factors
such as temperature and pH on the production, release and detectability of eDNA across
ontogeny, including across a broader subset of taxa.
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Figure 3.1: DNA concentration detected from A. boreas eggs, larvae and juveniles on the day of animal removal (day 0). Boxplots
indicate the mean DNA concentration and the inter-quartile range.
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Figure 3.2: DNA concentration of A. boreas  standard error and proportion of positive samples on the day of animal removal, 7 days
after removal and 14 days after removal.
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Table 3.1: Sequences of primers and TaqMan probes used for droplet digital PCR. Sequences
provided by Goldberg (2015). Validated against Pseudacris maculata, Rana luteiventris,
Lithobates catesbeianus, Ambystoma tigrinum, Pseudacris sierrae and Ascaphus montanus.
Developed using reference data set (Goebel et al. 2009).
Forward Primer
Reverse Primer
TaqMan Probe

GGACATACYATGTATAATCGAGCATTC
CGTGAAACGTYWGTCTTGATGA
FAM – CATGCATATCATTTCCA-MGB
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Table 3.2: Output from a Tukey honest significant differences test. Pairwise comparisons of
DNA concentrations collected from containers with eggs, larvae and juveniles on day 0.
Difference

Lower

Upper

Adjusted P-value

Juvenile-Egg

-9.95

-18.74

-1.16

0.02

Larvae-Egg

-4.16

-12.95

4.62

0.47

Larvae-Juvenile

5.78

-3.00

14.57

0.24

DNA concentration (copies/ul)
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Abstract
Understanding the distribution and abundance of organisms in their physical
environments is one of the primary goals of ecology. Assessment and monitoring are particularly
important in the face of global biodiversity loss. Amphibians are considered one of the most
threatened groups of vertebrates. Declines are driven by a variety of factors including climate
change, invasive species, habitat loss, chemical contaminants and disease. Several diseases
contribute to amphibian population worldwide and are a current focus of research and
management. Amphibians are hosts to a variety of infectious agents including trematodes,
bacteria, viruses and fungi, however the pathogens Batrachochytrium dendrobatidis and
Ranavirus are of particular conservation concern given their connection to mass mortality events
and population declines. The need for inventory and long-term monitoring is urgent given the
rapid losses of amphibians. However, traditional freshwater assessments are complicated by a
variety of challenges. Thus, the use of environmental DNA (eDNA) sampling to assess
biodiversity has become an important tool over the last decade. Although the use of eDNA as a
biodiversity assessment tool has promise, there are aspects of the method that are poorly
understood. Prior to its application in the field, it is imperative that we test the efficacy of eDNA
surveys compared to traditional sampling approaches. To compare detectability of eDNA
surveys to traditional sampling approaches, we sampled ponds in the Chugach National Forest,
Alaska for two amphibian species, Anaxyrus boreas and Rana sylvatica and two amphibian
pathogens, Batrachochytrium dendrobatidis and Ranavirus, using eDNA and traditional visual
survey methodologies. I found that detectability varied with target organism and survey
approach. Specifically, visual encounter surveys yielded a higher probability of detection than
eDNA surveys for A. boreas, but lower probability of detection for R. sylvatica. Furthermore, I
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found that eDNA sampling yielded a higher probability of detection than swabs for Bd and
Ranavirus. For Bd, which can persist in the environment, swabbing amphibians was less
effective than sampling the aquatic environment. For Ranavirus, which also has many hosts and
can persist in the environment, swabbing also underestimated prevalence. Lastly, this study is the
first to detect Ranavirus in Alaska and the first to detect B. dendrobatidis in the Chugach
National Forest, Alaska. Our results highlight the potential threat of these two virulent pathogen
at northern latitudes.
Introduction
Understanding the distribution and abundance of organisms in their physical
environments is one of the primary goals of ecology (Magurran 2004). Assessment and
monitoring are particularly important for threatened and endangered species and therefore one of
the primary initiatives of the International Union for Conservation of Nature (IUCN 2010).
Predicting species distributions has become increasingly challenging in the face of myriad threats
to biodiversity. Biota in freshwater ecosystems are among the most imperiled on Earth from
diverse stressors (Dudgeon et al. 2007, Hambler et al. 2011, Penaluna et al. 2017). In particular,
amphibians, important inhabitants of freshwater ecosystems, have been considered one of the
most threatened groups of vertebrates (Stuart et al. 2004). Amphibian population declines and
extinctions are caused by several factors including invasive species, chemical contaminants,
climate change and disease (Wake and Vredenburg 2008, Lawler et al. 2010, Blaustein et al.
2011). Although one factor may drive population declines at a local scale, it is likely a
combination of factors, rather than any one acting singularly, are driving declines and extinctions
at the landscape scale (Blaustein et al. 2011). Nevertheless, emerging infectious diseases have
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been identified as one the leading causes of amphibian declines worldwide (Daszak et al. 2000,
Tompkins et al. 2015, Blaustein et al. 2018).
Amphibians are hosts to a variety of infectious agents including trematodes, bacteria,
viruses and fungi, however there are five pathogens that are considered particularly important
given their connection to mass mortality events and population declines. The pathogenic water
mold Saprolegnia sp. has been implicated in egg mass mortality events and has been
documented to act synergistically with ultraviolet-B radiation to drive amphibian population
declines (Kiesecker and Blaustein 1995, Kiesecker et al. 2001). Ranaviruses (genus Ranavirus,
family Irodoviridae) are another group of pathogens implicated in amphibian mass mortality
events (Cunningham et al. 1996, Jancovich et al. 1997, Green et al. 2002, Gray et al. 2009).
Ranavirus causes multi-organ failure in reptiles, fishes and amphibians and is widespread (Gray
et al. 2009). The trematode parasite Ribeiroia sp. which causes limb deformities in amphibians
can lead to changes in development and reduced survival (Johnson et al. 2002). The fungal
pathogen Batrachochytrium dendrobatidis (hereafter, Bd) is considered one of the most
devastating infectious diseases of wildlife (Skerratt et al. 2007). Until recently, Bd was thought
to the be the only chytrid fungus known to infect vertebrates and cause the disease
chytridiomycosis. However, the recently discovered Batrachochytrium salamandrivorans sp.
nov., a close relative of Bd can cause similar lethal skin infections in salamanders and has been
implicated in salamander declines across Europe (Martel et al. 2013). Given the complexity of
amphibian population declines and extinctions worldwide, long-term monitoring of amphibians
and their infectious agents is needed to: (1) assess amphibian and pathogen population status; (2)
quantify amphibian and pathogen population fluctuations to categorize trends accurately; and (3)
relative to disease agents in particular, detect combined community-level effects of infectious
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agents and amphibian abundances and distributions (Blaustein 1994, Skerratt et al. 2007,
Blaustein et al. 2011).
Despite the urgent need for inventory and long-term monitoring given the rapid losses of
amphibians globally (Blaustein 1994, Skerratt et al. 2007, Blaustein et al. 2011), traditional
freshwater assessments are complicated by a variety of challenges. For example, traditional
methods including Visual Encounter Surveys (VES: Heyer 1994, Olson et al. 1997, Graeter et al.
2013) can be costly, damaging to the focal ecosystem or species, rely on expertise for proper
identification and overlook species with small, patchy populations or secretive behaviors
(Thomsen and Willerslev 2015). Since its first field application in 2008 (Ficetola et al. 2008), the
collection of environmental DNA (eDNA) to assess biodiversity has become highly popularized
due to its promise to reduce such limitations. Environmental DNA sampling has been used
successfully to detect a variety of taxa including aquatic plants (Matsuhashi et al. 2016),
amphibians (Ficetola et al. 2008, Goldberg et al. 2011, Dejean et al. 2012, Thomsen et al. 2012,
Pilliod et al. 2013, 2014), fishes (Dejean et al. 2012, Takahara et al. 2012), mammals (Foote et
al. 2012), reptiles (Piaggio et al. 2013), arthropods (Thomsen et al. 2011), aquatic fungi and
viruses (Kolby et al. 2015). Extraction of DNA from environmental samples can yield
information about the presence and relative abundance of specific target organisms or members
of entire communities (Taberlet et al. 2012, Thomsen and Willerslev 2015, Valentini et al. 2016).
Surveys employing eDNA are able to detect organisms at a lower threshold than traditional
surveys, thus are considered more sensitive (Thomsen et al. 2011). Thus, the eDNA approach
allows for reliable detection of rare species, with small, patchy populations or secretive
behaviors without direct observation (Ficetola et al. 2008). These important molecular advances
are changing the way we assess biodiversity, however, given the gaps in our knowledge
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regarding the drivers of eDNA detectability, assessing the value of eDNA surveys for additional
taxa and in various habitat conditions is critically important (Goldberg et al. 2016)
To address the effectiveness of eDNA surveys compared to traditional surveys, we tested
ponds in the Chugach National Forest, Alaska, USA for four target organisms to characterize the
regional community of amphibians and their potential key pathogens: western toads (Anaxyrus
boreas), wood frogs (Rana sylvatica), the only amphibians in the region, Ranavirus and Bd.
Prince William Sound, Alaska was the ideal location for this study as reports of amphibian
declines have increased over the last decade (personal communication with Erin Cooper) despite
ponds being relatively undisturbed and located in rural areas. Furthermore, the region is removed
from the primary drivers of disease spread in amphibians including the pet trade and bullfrog
invasion (McMahon et al. 2013, O’Hanlon et al. 2018) and on the edge of invasion by non-native
crayfish (Alaska Department of Fish and Game 2018), which can carry Bd (McMahon et al.
2013). No studies had detected Ranavirus or Bd in Prince William Sound. However, both
pathogens were predicted to expand their range northward given climate change scenarios
(Duffus et al. 2008, Xie et al. 2016). Climate change is a specific concern in the Prince William
Sound and other ecosystem components there are under study in this regard (e.g., Campbell et al.
in review, Sloat et al. 2017). The two primary goals of this study were to: 1) compare
detectability of A. boreas, R. sylvatica, Ranavirus and Bd using traditional surveys to those
employing eDNA sampling and; 2) inventory the occupancy of A. boreas, R. sylvatica, Bd and
Ranavirus in the Chugach National Forest, Alaska.
Materials and Methods
Site selection
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To compare detection using traditional surveys to eDNA surveys for western toads, wood
frogs, Ranavirus and Bd, we selected 13 sites that were considered previously occupied by
western toads. Sites were visited during the summers of 2015 and 2017. We prioritized sites
previously occupied by western toads because: 1) toad populations are declining throughout their
range (Carey 1993, Drost and Fellers 1996, Muths et al. 2003); 2) are highly susceptible to Bd
(Gervasi et al. 2013, 2017), putting them at risk of Bd-related declines; and 3) Prince William
Sound is considered the edge of their range, which has important implications for population
vulnerability given the threat of suboptimal habitat coupled with disease. Historic occupancy of
these anurans was determined using a combination of museum specimen records and local
knowledge. We compiled museum specimen records using the Arctos database
(http://arctos.database.museum), which integrates specimen collection records from across the
globe. Revisiting historically occupied sites increases detection probability, particularly for
species with narrow survey windows or small, patchy populations and allows for comparisons
between historic and current occupancy (MacKenzie 2018).
Traditional Surveys
To maximize detectability, I visited each site three times and focused my efforts in
suitable amphibian habitat (e.g. < 1 m deep riparian areas). During each visit, I conducted a
combination of area-restricted and time-restricted visual encounter surveys. Within amphibian
habitat, I randomly placed three 100-m linear transects per site following established protocols
(Olson et al. 1997). I walked the length of each transect and searched for amphibians within 1-m
on each side of the transect. Following the area-restricted survey, I walked the perimeter of each
pond for a total of thirty minutes. Upon capture, animals were swabbed for laboratory analysis of
infection with Ranavirus and Bd. To prevent cross contamination, I used a new sterile fine-tip
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swab (Medical Wire and Equipment, Corsham, UK) and pair of gloves per animal. For larvae, I
swabbed the mouthparts by twisting the swab 25 times. For metamorphosed individuals, I
followed a standard sequence of swabbing each section of the body five times, beginning with
the abdomen, legs and feet for a total of 25 passes. To test for infection with Ranavirus, I
swabbed the cloaca 25 times following established protocols (Gray et al. 2012). Swabs were then
preserved in sterile 2-mL microcentrifuge tubes and stored at -20C until DNA extraction.
eDNA surveys
To compare eDNA surveys to traditional amphibian surveys, I collected water samples in
conjunction with the field surveys. Prior to collection, field equipment was sterilized using a
50% bleach solution to remove all biological material. I collected one site blank control
consisting of distilled water per visit to ensure that no biological material remained in collection
containers following sterilization. I collected three 1-L water samples at the beginning of each
transect for a total of 9 eDNA samples per visit. Water samples were refrigerated or kept on ice
after collection then filtered within 12 hours. Two of three water samples per transect were
filtered through a 0.45 m cellulose nitrate disposable filter funnel (Sterlitech, Kent, WA, USA)
and one of three water samples was filtered through a 0.22 m cellulose nitrate disposable filter
funnel (Sterlitech, Kent, WA) using an Alexis 12-volt peristaltic pump (Proactive Environmental
Products, Bradenton, FL, USA). Filters were then preserved in 100% molecular grade ethanol in
sterile 2-mL microcentrifuge tubes and stored at -20C until DNA extraction.
Analysis of swabs
I extracted DNA from swabs following established protocols (Boyle et al. 2004, Gray et
al. 2012) with the exception that we used 60-l Prepman Ultra (Applied Biosystems, Foster City,
CA, USA) instead of 40-l. Following extraction, I quantified infection load using quantitative

82

polymerase chain reaction (qPCR) using the ABI Prism 7500 Fast Sequence Detection System
(Applied Biosystems, Foster City, CA, USA). Each sample was run in triplicate against standard
titrations from 10 -1 to 102. Samples were considered positive if the pathogen was detected in two
of the three wells and considered negative if the pathogen DNA was found in one or none of the
three wells.
Analysis of filters
Prior to DNA extraction, filters were dried for 24 hours in a sterile UV hood in a
laboratory where no amphibian tissues or pathogens had ever been handled and was dedicated to
pre-PCR product. Once dried, filters underwent DNA extraction using a DNeasy Blood and
Tissue Kit (Qiagen, Valencia, CA, USA) following the recommended manufacturer’s protocol
with the exception that I used 630-l Buffer ATL and filters were incubated in lysis buffer for 48
hours. I quantified DNA via droplet digital polymerase chain reaction (ddPCR) using the QX200
AutoDG Droplet Digital PCR System (Bio Rad, Hercules, CA, USA). I used species specific
primers and probes. Primers for A. boreas were developed by Goldberg (2015) and validated
against the amphibian species, Pseudacris maculata, Rana luteiventris, Lithobates catesbeianus,
Ambystoma tigrinum, Pseudacris sierrae, and Ascaphus montanus. Rana sylvatica primers and
probes were designed using Primer3 version 4.0.0 using sequences from the complete genome
(Ni et al. 2015). Rana sylvatica primers and probes included the following sequences: 5’
CCGCCAACGTAGTGTAATGA 3’, 3’ AGATGGTCCATGGTAGTGGA 5’, 5’
ACCTCACCTTGCGTTAAATCACGCAGACCC 3’ (Table 4.1). Ranavirus assays followed
protocols established by Gray et al. (2012) and Bd assays followed protocols established by
Boyle et al. (2004). Assays were run in multiplex using two channels (FAM and VIC). To
maximize detectability, only two targets were tested together. I paired Bd with R. sylvatica and
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A. boreas with Ranavirus. Each reaction contained a total volume of 22-l consisting of 900 nM
of each primer, 250 nM of TaqMan probe, 6-l of template, and water to 22-l. Cycling
conditions followed the manufacturer’s protocol for ddPCR Supermix for probes (no dUTP) (Bio
Rad, Hercules, CA, USA). Samples were run in duplicate against an extraction blank, no
template control and positive controls. Samples were considered positive when one of two wells
tested positive above the set threshold. Samples were considered negative when they did not
amplify in either of the two wells or fluoresced below the set threshold. I quantified DNA
concentration per l.
Calculating detection probability
Repeat visits to each site yielded detection histories. Using the detection histories, we
calculated the probability of detection when sites were occupied. We calculated detecting
probabilities by dividing the number of visits where each organism was detected by the total
number of visits to occupied sites.
Results
I detected western toads at 10 of 13 sites surveyed. I detected western toads using only
visual encounter surveys at 4 of those 10 sites. Similarly, I detected western toads using only
eDNA at 4 of 10 sites. Both survey methodologies detected western toads at 2 of 10 sites (Table
4.2; Figure 4.1). Detection probability was greatest using a combination of the two survey
methods, however, visual encounter surveys detected A. boreas at more occupied sites compared
to eDNA (Table 4.6). I detected wood frogs at 8 of 13 sites. I detected wood frogs using only
visual encounter surveys at 1 of 13 sites. However, analysis of eDNA samples yielded detection
at 7 of 13 sites. Environmental DNA samples collected at the one site where wood frogs were
found using visual encounter surveys did not yield DNA for wood frogs (Table 4.3; Figure 4.2).
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Detection probability was greatest using a combination of the two survey methods, however,
eDNA surveys detected R. sylvatica at more occupied sites than visual encounter surveys (Table
4.6).
I did not detect Ranavirus at any site using the more traditional approach of capturing and
swabbing amphibians. However, eDNA surveys detected Ranavirus in water samples at 7 of 13
sites surveyed (Table 4.4; Figure 4.3, Table 4.6). Similarly, I detected Bd at one site using the
more traditional approach of capturing and swabbing amphibians. However, I detected Bd at 11
of 13 sites using eDNA surveys. Bd was confirmed from both swabs and eDNA at one site
(Table 4.5; Figure 4.4, Table 4.6).
Discussion
Assessments and long-term monitoring of amphibians are needed to properly detect
changes in site occupancy through time to categorize trends properly (Blaustein et al. 1994,
2011, Skerratt et al. 2007). The use of eDNA surveys to streamline aquatic inventory and
monitoring is becoming widely used (Thomsen and Willerslev 2015, Valentini et al. 2016).
However, prior to field application as an environmental management tool more information
regarding the effectiveness of eDNA surveys and the factors influencing eDNA detectability are
needed (Thomsen and Willerslev 2015, Goldberg et al. 2016). Our surveys illustrate the benefit
of conducting surveys using both traditional and molecular approaches to maximize detection.
However, for A. boreas, the use of visual encounter surveys yielded the greatest detection
probability. When surveying for A. boreas, I detected juveniles and adults more often than larvae
and never detected eggs. A. boreas is highly terrestrial after metamorphosis, which may have
contributed to the lack of detection using aquatic eDNA sampling. Therefore, for A. boreas,
eDNA may be a less effective survey method unless surveys are scheduled in late spring to
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capture a signal from more aquatic life stages (e.g., eggs and larvae). Conversely, for R.
sylvatica, a more aquatic species, eDNA yielded the greatest detection probability.
This study is the first to document Ranavirus in the state of Alaska. Ranavirus was not
detected on amphibians but was detected in water samples. Collection of eDNA yielded higher
detection probabilities for Ranavirus compared to swabbing amphibians. The non-lethal
sampling method which we employed has been documented to underestimate prevalence
compared to tissue samples (Gray et al. 2012), thus in this case eDNA samples were more
sensitive. Furthermore, because Ranavirus can survive in the environment on a variety of other
vertebrate hosts (Gray et al. 2009), sampling only amphibians may also underestimate its
presence in the environment and potential infectivity. It is also possible that the amphibians
tested had undetectable infections or had recovered from previous infections. The detection of
Ranavirus in the Chugach National Forest, Alaska illustrates the potential risks to amphibians;
and this pathogen could potentially contribute to reported western toad population declines in the
region, yet we did not observe an external symptoms consistent with Ranavirus infection on
amphibians captured.
This study is also the first to detect Bd in the Chugach National Forest, Alaska. However,
samples taken north of the Chugach National Forest in the Kenai National Wildlife Refuge tested
positive for Bd (Reeves 2008). I detected Bd on amphibians at 1 of the 13 sites, and in water
samples at 11 of the 13 sites. Bd can also persist in the environment (Rachowicz and Vredenburg
2004, Kolby et al. 2015) and be transmitted by non-amphibian hosts (McMahon et al. 2013).
Therefore, sampling amphibians may underestimate the presence of Bd in the environment.
Furthermore, it is possible that Bd loads were undetectable by qPCR or that prevalence is low in
the areas tested. The detection of Bd in the Chugach National Forest could be linked to reported
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western toad declines, but we observed no evidence of chytridiomycosis, the disease caused by
Bd. Given IPCC climate change scenarios, Bd occurrences are expected to increase over time in
higher North American latitudes (Xie et al. 2016), increasing this potential threat.
Acknowledgments
This project was a collaboration between Oregon State University, the US Forest Service
of the Chugach National Forest Cordova Ranger District and the US Forest Service Pacific
Northwest Research Station. The US Forest Service Cordova Ranger District provided
considerable logistical support for sampling efforts. Cordova locals shared substantial
information regarding historical locations of western toads. Brooke Rigoni and Jules Cooch
assisted with field surveys and logistical support. Taal Levi and Jenn Allen helped considerably
with sample analysis.
References
Alford, R. A., and S. J. Richards. 1999. Global Amphibian Declines: A Problem in Applied
Ecology. Annual Review of Ecology and Systematics 30:133–165.
Blaustein, A., J. Urbina, P. Snyder, E. Reynolds, T. Dang, J. Hoverman, B. Han, D. Olson, C.
Searle, and N. Hambalek. 2018. Effects of emerging infectious diseases on amphibians: a
review of experimental studies. Diversity 10.
Blaustein, A. R. 1994. Chicken little or Nero’s fiddle? A perspective on declining amphibian
populations. Herpetologica 50:85–97.
Blaustein, A. R., B. A. Han, R. A. Relyea, P. T. J. Johnson, J. C. Buck, S. S. Gervasi, and L. B.
Kats. 2011. The complexity of amphibian population declines: understanding the role of
cofactors in driving amphibian losses: The complexity of amphibian population declines.
Annals of the New York Academy of Sciences 1223:108–119.

87

Blaustein, A. R., D. B. Wake, and W. P. Sousa. 1994. Amphibian declines: judging stability,
persistence, and susceptibility of populations to local and global extinctions.
Conservation Biology 8:60–71.
Boyle, D. G., D. B. Boyle, V. Olsen, J. A. T. Morgan, and A. D. Hyatt. 2004. Rapid quantitative
detection of chytridiomycosis (Batrachochytrium dendrobatidis) in amphibian samples
using real-time Taqman PCR assay. Diseases of Aquatic Organisms 60:141–148.
Brunner J.L., A. Storfer, M.J. Gray, J.T. Hoverman. 2015. Ranavirus ecology and Evolution:
From epidemiology to extinction. In: Gray, M., V. Chinchar (eds) Ranaviruses. Springer,
Cham.
Campbell, E. Y., J. B. Dunham, and G. H. Reeves. In Review. Linkages between temperature,
macroinvertebrates, and young-of-year Coho salmon growth in surface-water and
groundwater streams. Freshwater Science.
Carey, C. 1993. Hypothesis concerning the causes of the disappearance of boreal toads from the
mountains of Colorado. Conservation Biology 7:355–362.
Chivian, E., A. Bernstein, Secretariat of the Convention on Biological Diversity, United Nations
Development Programme, United Nations Environment Programme, and IUCN--The
World Conservation Union, editors. 2008. Sustaining life: how human health depends on
biodiversity. Oxford University Press, Oxford; New York.
Collins, J. P., and M. L. Crump. 2009. Extinction in our times: global amphibian decline. Oxford
University Press, Oxford; New York.
Collins, J. P., and A. Storfer. 2003. Global amphibian declines: sorting the hypotheses. Diversity
and Distributions 9:89–98.

88

Cunningham, A. A., T. E. S. Langton, P. M. Bennett, J. F. Lewin, S. E. N. Drury, R. E. Gough,
and S. K. Macgregor. 1996. Pathological and microbiological findings from incidents of
unusual mortality of the common frog (Rana temporaria). Philosophical Transactions:
Biological Sciences 351:1539–1557.
Daszak, P., A. A. Cunningham, and A. D. Hyatt. 2000. Emerging infectious diseases of wildlife-threats to biodiversity and human health. Science 287:443.
Dejean, T., A. Valentini, C. Miquel, P. Taberlet, E. Bellemain, and C. Miaud. 2012. Improved
detection of an alien invasive species through environmental DNA barcoding: the
example of the American bullfrog Lithobates catesbeianus. Journal of Applied Ecology
49:953–959.
Dirzo, R., H. S. Young, M. Galetti, G. Ceballos, N. J. B. Isaac, and B. Collen. 2014. Defaunation
in the Anthropocene. Science 345:401.
Drost, C. A., and G. M. Fellers. 1996. Collapse of a regional frog fauna in the Yosemite area of
the California Sierra Nevada, USA. Conservation Biology 10:414–425.
Dudgeon, D., A. H. Arthington, M. O. Gessner, Z. Kawabata, Knowler, C. Lévêque, R. J.
Naiman, A. Prieur‐Richard, D. Soto, M. L. J. Stiassny, and C. A. Sullivan. 2007.
Freshwater biodiversity: importance, threats, status and conservation challenges.
Biological Reviews 81:163–182.
Duffus, A. L. J., B. D. Pauli, K. Wozney, C. R. Brunetti, and M. Berrill. 2008. Frog virus 4-like
infections in aquatic amphibian communities. Journal of Wildlife Diseases 44:109–120.
Dunker, K. 2018. Invaders from the bayou - be careful with crawfish. Alaska Fish and Wildlife
News. Alaska Department of Fish and Game. Juneau, AK.

89

Ficetola, G. F., C. Miaud, F. Pompanon, and P. Taberlet. 2008. Species detection using
environmental DNA from water samples. Biology Letters 4:423.
Foote, A. D., P. F. Thomsen, S. Sveegaard, M. Wahlberg, J. Kielgast, L. A. Kyhn, A. B. Salling,
A. Galatius, L. Orlando, and M. T. P. Gilbert. 2012. Investigating the potential use of
environmental DNA (eDNA) for genetic monitoring of marine mammals. PLoS ONE
7:e41781.
Gervasi, S., C. Gondhalekar, D. H. Olson, and A. R. Blaustein. 2013. Host identity matters in the
amphibian-Batrachochytrium dendrobatidis system: fine-scale patterns of variation in
responses to a multi-host pathogen. PLoS ONE 8:e54490.
Gervasi, S. S., P. R. Stephens, J. Hua, C. L. Searle, G. Y. Xie, J. Urbina, D. H. Olson, B. A.
Bancroft, V. Weis, J. I. Hammond, R. A. Relyea, and A. R. Blaustein. 2017. Linking
ecology and epidemiology to understand predictors of multi-host responses to an
emerging pathogen, the amphibian chytrid fungus. PLoS ONE 12:e0167882.
Goldberg, C. S. 2015. Preliminary evaluation of environmental DNA for monitoring amphibians
in Yellowstone National Park. Unpublished report to the National Park Service.
Goldberg, C. S., D. S. Pilliod, R. S. Arkle, and L. P. Waits. 2011. Molecular detection of
vertebrates in stream water: a demonstration using rocky mountain tailed frogs and Idaho
giant salamanders. PLoS ONE 6:e22746.
Goldberg, C. S., C. R. Turner, K. Deiner, K. E. Klymus, P. F. Thomsen, M. A. Murphy, S. F.
Spear, A. McKee, S. J. Oyler-McCance, R. S. Cornman, M. B. Laramie, A. R. Mahon, R.
F. Lance, D. S. Pilliod, K. M. Strickler, L. P. Waits, A. K. Fremier, T. Takahara, J. E.
Herder, and P. Taberlet. 2016. Critical considerations for the application of

90

environmental DNA methods to detect aquatic species. Methods in Ecology and
Evolution 7:1299–1307.
Graeter, G. J., K. A. Buhlmann, L. R. Wilkinson, and J. W. Gibbons. 2013. Inventory and
monitoring: recommended techniques for reptiles and amphibians. Partners in Amphibian
and Reptile Conservation Technical Publication IM-1, Birmingham, Alabama.
Gray, M., D. Miller, and J. Hoverman. 2009. Ecology and pathology of amphibian ranaviruses.
Diseases of Aquatic Organisms 87:243–266.
Gray, M., D. Miller, and J. Hoverman. 2012. Reliability of non-lethal surveillance methods for
detecting ranavirus infection. Diseases of Aquatic Organisms 99:1–6.
Green, D. E., K. A. Converse, and A. K. Schrader. 2002. Epizootiology of sixty-four amphibian
morbidity and mortality events in the USA, 1996-2001. Annals of the New York
Academy of Sciences 969:323–339.
Hambler, C., P. Henderson, and M. Speight. 2011. Extinction rates, extinction-prone habitats,
and indicator groups in Britain and at larger scales. Biological Conservation 144:713-721
Heyer, W. R., editor. 1994. Measuring and monitoring biological diversity. Standard methods for
amphibians. Smithsonian Institution Press, Washington.
Houlahan, J. E., C. S. Findlay, B. R. Schmidt, A. H. Meyer, and S. L. Kuzmin. 2000.
Quantitative evidence for global amphibian population declines. Nature 404:752.
IUCN. 2010. An analysis of the status and distribution of freshwater biodiversity in Continental
Africa on the IUCN Red List.
Jancovich, J., E. Davidson, J. Frank Morado, B. Jacobs, and J. Collins. 1997. Isolation of a lethal
virus from the endangered tiger salamander Ambystoma tigrinum stebbinsi. Diseases of
Aquatic Organisms 31.

91

Johnson, P. T. J., K. B. Lunde, E. M. Thurman, E. G. Ritchie, S. N. Wray, D. R. Sutherland, J.
M. Kapfer, T. J. Frest, J. Bowerman, and A. R. Blaustein. 2002. Parasite (Ribeiroia
ondatrae) infection linked to amphibian malformations in the western United States.
Ecological Monographs 72:151–168.
Kiesecker, J. M., and A. R. Blaustein. 1995. Synergism between UV-B radiation and a pathogen
magnifies amphibian embryo mortality in nature. Proceedings of the National Academy
of Sciences 92:11049.
Kiesecker, J. M., A. R. Blaustein, and L. K. Belden. 2001. Complex causes of amphibian
population declines. Nature 410:681.
Kolby, J.E., S.D. Ramirez, L. Berger, K.L. Richards-Hrdlicka, M. Jocque, and L.F. Skerratt.
2015. Terrestrial dispersal and potential environmental transmission of the amphibian
chytrid fungus (Batrachochytrium dendrobatidis). PLoS ONE 10(4) e0125386.
Kolby, J. E., K. M. Smith, S. D. Ramirez, F. Rabemananjara, A. P. Pessier, J. L. Brunner, C. S.
Goldberg, L. Berger, and L. F. Skerratt. 2015. Rapid response to evaluate the presence of
amphibian chytrid fungus (Batrachochytrium dendrobatidis) and Ranavirus in wild
amphibian populations in Madagascar. PLoS ONE 10:e0125330.
Lawler, J. J., S. L. Shafer, Besty A. Bancroft, and A. R. Blaustein. 2010. Projected climate
impacts for the amphibians of the western hemisphere. Conservation Biology 24:38–50.
MacKenzie, D. I. 2018. Occupancy estimation and modeling: inferring patterns and dynamics of
species occurrence. Second edition. Academic Press, an imprint of Elsevier, London,
United Kingdom.
Magurran, A. E. 2004. Measuring biological diversity. Blackwell Publishing, Malden, MA.

92

Martel A., A. Spitzen-van der Sluijs, M. Blooi, W. Bert, R. Ducatelle, M.C. Fisher, A. Woeltjes,
W. Bosman, K. Chiers, F. Bossuyt, and F. Pasmans. 2013. Batrachochytrium
salamandrivorans sp. nov. causes lethal chytridiomycosis in amphibians. Proceedings of
the National Academy of Sciences 110: 15325.

Matsuhashi, S., H. Doi, A. Fujiwara, S. Watanabe, and T. Minamoto. 2016. Evaluation of the
environmental DNA method for estimating distribution and biomass of submerged
aquatic plants. PLoS ONE 11:e0156217.
McMahon, T. A., L. A. Brannelly, M. W. H. Chatfield, P. T. J. Johnson, M. B. Joseph, V. J.
McKenzie, C. L. Richards-Zawacki, M. D. Venesky, and J. R. Rohr. 2013. Chytrid
fungus Batrachochytrium dendrobatidis has nonamphibian hosts and releases chemicals
that cause pathology in the absence of infection. Proceedings of the National Academy of
Sciences 110:210–215.
Muths, E., P. Stephen Corn, A. P. Pessier, and D. Earl Green. 2003. Evidence for disease-related
amphibian decline in Colorado. Biological Conservation 110:357–365.
Ni, N., D. Yu, K. B. Storey, R. Zheng, and J. Zhang. 2015. The complete mitochondrial genome
of Lithobates sylvaticus (Anura: Ranidae). Mitochondrial DNA:1–2. Mitochondrial
DNA: Part A, DNA Mapping, Sequencing and Analysis 4:2460-2461.
O’Hanlon, S. J., A. Rieux, R. A. Farrer, G. M. Rosa, B. Waldman, A. Bataille, T. A. Kosch, K.
A. Murray, B. Brankovics, M. Fumagalli, M. D. Martin, N. Wales, M. Alvarado-Rybak,
K. A. Bates, L. Berger, S. Böll, L. Brookes, F. Clare, E. A. Courtois, A. A. Cunningham,
T. M. Doherty-Bone, P. Ghosh, D. J. Gower, W. E. Hintz, J. Höglund, T. S. Jenkinson,
C.-F. Lin, A. Laurila, A. Loyau, A. Martel, S. Meurling, C. Miaud, P. Minting, F.
Pasmans, D. S. Schmeller, B. R. Schmidt, J. M. G. Shelton, L. F. Skerratt, F. Smith, C.

93

Soto-Azat, M. Spagnoletti, G. Tessa, L. F. Toledo, A. Valenzuela-Sánchez, R. Verster, J.
Vörös, R. J. Webb, C. Wierzbicki, E. Wombwell, K. R. Zamudio, D. M. Aanensen, T. Y.
James, M. T. P. Gilbert, C. Weldon, J. Bosch, F. Balloux, T. W. J. Garner, and M. C.
Fisher. 2018. Recent Asian origin of chytrid fungi causing global amphibian declines.
Science 360:621.
Olson, D. H., W. P. Leonard, and B. R. Bury. 1997. Sampling amphibians in lentic habitats.
Society for Northwestern Vertebrate Biology, Olympia, Washington.
Penaluna, B. E., D. H. Olson, R. L. Flitcroft, M. A. Weber, J. R. Bellmore, S. M. Wondzell, J. B.
Dunham, S. L. Johnson, and G. H. Reeves. 2017. Aquatic biodiversity in forests: a weak
link in ecosystem services resilience. Biodiversity and Conservation 26:3125–3155.
Piaggio, A. J., R. M. Engeman, M. W. Hopken, J. S. Humphrey, K. L. Keacher, W. E. Bruce,
and M. L. Avery. 2013. Detecting an elusive invasive species: a diagnostic PCR to detect
Burmese python in Florida waters and an assessment of persistence of environmental
DNA. Molecular Ecology Resources 14:374–380.
Pilliod, D. S., C. S. Goldberg, R. S. Arkle, and L. P. Waits. 2013. Estimating occupancy and
abundance of stream amphibians using environmental DNA from filtered water samples.
Canadian Journal of Fisheries and Aquatic Sciences 70:1123–1130.
Pilliod, D. S., C. S. Goldberg, R. S. Arkle, and L. P. Waits. 2014. Factors influencing detection
of eDNA from a stream-dwelling amphibian. Molecular Ecology Resources 14:109–116.
Rachowicz L.J., and V.T. Vredenburg. 2004. Transmission of Batrachochytrium dendrobatidis
within and between amphibian life stages. Diseases of Aquatic Organisms 61:75-83.
Reeves, M. K. 2008. Batrachochytrium dendrobatidis in wood frogs (Rana sylvatica) from three
national wildlife refuges in Alaska, USA. Herpetological Review 39:68–70.

94

Skerratt, L. F., L. Berger, R. Speare, S. Cashins, K. R. McDonald, A. D. Phillott, H. B. Hines,
and N. Kenyon. 2007. Spread of chytridiomycosis has caused the rapid global decline and
extinction of frogs. EcoHealth 4:125.
Sloat, M. R., G. H. Reeves, and K. R. Christiansen. 2017. Stream network geomorphology
mediates predicted vulnerability of anadromous fish habitat to hydrologic change in
southeast Alaska. Global Change Biology 23:604–620.
Stuart, S. N., J. S. Chanson, N. A. Cox, B. E. Young, A. S. L. Rodrigues, D. L. Fischman, and R.
W. Waller. 2004. Status and trends of amphibian declines and extinctions worldwide.
Science 306:1783.
Taberlet, P., E. Coissac, F. Pompanon, C. Brochmann, and E. Willerslev. 2012. Towards nextgeneration biodiversity assessment using DNA metabarcoding. Molecular Ecology
21:2045–2050.
Takahara, T., T. Minamoto, H. Yamanaka, H. Doi, and Z. Kawabata. 2012. Estimation of fish
biomass using environmental DNA. PLoS ONE 7:e35868.
Thomsen, P. F., J. Kielgast, L. L. Iversen, P. R. Møller, M. Rasmussen, and E. Willerslev. 2012.
Detection of a diverse marine fish fauna using environmental DNA from seawater
samples. PLoS ONE 7:e41732.
Thomsen, P. F., J. Kielgast, L. L. Iversen, C. Wiuf, M. Rasmussen, M. T. P. Gilbert, L. Orlando,
and E. Willerslev. 2011. Monitoring endangered freshwater biodiversity using
environmental DNA. Molecular Ecology 21:2565–2573.
Thomsen, P. F., and E. Willerslev. 2015. Environmental DNA – an emerging tool in
conservation for monitoring past and present biodiversity. Special Issue: Environmental
DNA: A powerful new tool for biological conservation 183:4–18.

95

Tompkins, D. M., S. Carver, M. E. Jones, M. Krkošek, and L. F. Skerratt. 2015. Emerging
infectious diseases of wildlife: a critical perspective. Trends in Parasitology 31:149–159.
Valentini, A., P. Taberlet, C. Miaud, R. Civade, J. Herder, P. F. Thomsen, E. Bellemain, A.
Besnard, E. Coissac, F. Boyer, C. Gaboriaud, P. Jean, N. Poulet, N. Roset, G. H. Copp, P.
Geniez, D. Pont, C. Argillier, J.-M. Baudoin, T. Peroux, A. J. Crivelli, A. Olivier, M.
Acqueberge, M. Le Brun, P. R. Møller, E. Willerslev, and T. Dejean. 2016. Nextgeneration monitoring of aquatic biodiversity using environmental DNA metabarcoding.
Molecular Ecology 25:929–942.
Wake, D. B., and V. T. Vredenburg. 2008. Are we in the midst of the sixth mass extinction? A
view from the world of amphibians. Proceedings of the National Academy of Sciences
105:11466–11473.
Xie, G. Y., D. H. Olson, and A. R. Blaustein. 2016. Projecting the global distribution of the
emerging amphibian fungal pathogen, Batrachochytrium dendrobatidis, based on IPCC
climate futures. PLoS ONE 11:e0160746.

96

Figure 4.1: Detectability of western toads (A. boreas) using visual encounter surveys (VES) and eDNA surveys. Western toads were
detected at 10 of the 13 sites visited. We detected western toads using only visual encounter surveys at 4 of those 10 sites. Similarly,
we detected western toads using only eDNA at 4 of 10 sites. Both survey methodologies detected western toads at 2 of 10 sites.
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Figure 4.2: Detectability of wood frogs (R. sylvatica) using visual encounter surveys (VES) and eDNA surveys. Wood frogs were
detected at 8 of 13 sites. We did not detect frogs using both visual encounter surveys and eDNA surveys. Wood frogs were detected at
7 sites with eDNA, and 1 site with visual encounter surveys.
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Figure 4.3: Detectability of Ranavirus using visual encounter surveys (VES) and eDNA surveys. Ranavirus was detected at 7 of 13
sites. We did not detect Ranavirus at any site using the more traditional approach of capturing and swabbing amphibians.
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Figure 4.4: Detectability of Bd using visual encounter surveys (VES) and eDNA surveys. Bd was detected at 11 of the 13 sites
visited. Bd was detected with both visual encounter surveys and eDNA at 1 site and detected with only eDNA at 10 sites.
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Table 4.1: Sequences of primers and TaqMan probes used to detect target organisms via droplet digital PCR.
Target
Organism
A. boreas
R. sylvatica

Forward Primer (5’-3’)

Reverse Primer (5’-3’)

TaqMan Probe (5’-3’)

GGA CAT ACY ATG TAT AAT CGA GCA TTC
CCG CCA ACG TAG TGT AAT GA

CGT GAA ACG TYW GTC TTG ATG A
AGA TGG TCC ATG GTA GTG GA

Ranavirus
Bd

ACA CCA CCG CCC AAA AGT AC
AGC CAA GAG ATC CGT TGT CAA A

CCG TTC ATG ATG CGG ATA ATG
CCT TGA TAT AAT ACA GTG TGC CAT ATG TC

CAT GCA TAT CAT TTC CA
ACC TCA CCT TGC GTT AAA TCA CGC
AGA CCC
CCT CAT CGT TCT GGC CAT CAA CCA
CGA GTC GAA CAA AAT
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Table 4.2: Detection histories for western toads (Anaxyrus boreas) using visual encounter surveys and eDNA surveys.
eDNA Surveys
Site

Year

Visit 1

Visit 2

Visit 3

Visit 1

Visit 2

Visit 3

Cordova
Airport

2015

1

0

1

0

0

1

Eccles Creek

2015

0

0

0

0

1

1

Eccles
Reservoir

2015

0

0

0

0

0

1

Heney Ridge

2015

0

1

0

0

0

0

Eyak Lake

2015

0

0

0

0

0

0

McKinley
Lake

2015

0

0

0

1

1

0

Port Gravina

2015

0

0

0

1

0

0

Columbia
Glacier

2015

1

1

1

0

0

0

Stump Lake

2015

0

0

0

0

0

0

Martin Lake

2015

1

1

1

1

0

0

Olson Bay

2017

0

1

1

0

0

0

Green Island

2017

1

-

-

0

-

-

Canoe
Passage

2017

0

0

0

0

0

0
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Table 4.3: Detection histories for wood frogs (Rana sylvatica) using visual encounter surveys and eDNA surveys.
eDNA Surveys
Site

Year

Visit 1

Visit 2

Visit 3

Visit 1

Visit 2

Visit 3

Cordova
Airport

2015

0

0

1

0

0

0

Eccles Creek

2015

0

0

0

1

0

0

Eccles
Reservoir

2015

0

0

0

0

0

1

Heney Ridge

2015

0

0

0

0

1

0

Eyak Lake

2015

0

0

0

0

1

1

McKinley
Lake

2015

0

0

0

0

0

0

Port Gravina

2015

0

0

0

1

1

0

Columbia
Glacier

2015

0

0

0

0

0

0

Stump Lake

2015

0

0

0

0

0

0

Martin Lake

2015

0

0

0

1

0

0

Olson Bay

2017

0

0

0

1

0

0

Green Island

2017

0

-

-

0

-

-

Canoe
Passage

2017

0

0

0

0

0

0
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Table 4.4: Detection histories for Ranavirus using visual encounter surveys and eDNA surveys.
Site

eDNA Surveys
Year
Visit 1

Visit 2

Visit 3

Visit 1

Visit 2

Visit 3

Cordova
Airport

2015

0

0

0

0

0

1

Eccles Creek

2015

0

0

0

1

1

0

Eccles
Reservoir

2015

0

0

0

0

0

1

Heney Ridge

2015

0

0

0

0

0

0

Eyak Lake

2015

0

0

0

1

1

0

McKinley
Lake

2015

0

0

0

0

0

0

Port Gravina

2015

0

0

0

1

0

1

Columbia
Glacier

2015

0

0

0

0

0

0

Stump Lake

2015

0

0

0

0

1

0

Martin Lake

2015

0

0

0

1

0

1

Olson Bay

2017

0

0

0

0

0

0

Green Island

2017

0

-

-

0

-

-

Canoe
Passage

2017

0

0

0

0

0

0
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Table 4.5: Detection histories for the amphibian chytrid fungus (Batrachochytrium dendrobatidis) using visual encounter surveys
and eDNA surveys.
eDNA Surveys
Site
Cordova
Airport

Year
2015

Visit 1
0

Visit 2
0

Visit 3
0

Visit 1
1

Visit 2
1

Visit 3
1

Eccles Creek

2015

0

0

0

1

0

0

Eccles
Reservoir

2015

0

0

0

0

1

1

Heney Ridge

2015

0

0

0

0

1

0

Eyak Lake

2015

0

0

0

0

0

1

McKinley
Lake

2015

0

0

0

1

1

0

Port Gravina

2015

0

0

0

0

1

1

Columbia
Glacier

2015

0

0

0

0

0

0

Stump Lake

2015

0

0

0

0

0

1

Martin Lake

2015

0

1

0

1

1

0

Olson Bay

2017

0

0

0

1

0

0

Green Island

2017

0

-

-

0

-

-

Canoe
Passage

2017

0

0

0

0

1

0
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Table 4.6: Detection probabilities for each target species, A. boreas, R. sylvatica, B. dendrobatidis and Ranavirus. Detection
probabilities were calculated by dividing the number of visits where each organism was detected by the total number of visits to
occupied sites.
Target Species
A. boreas
R. sylvatica
B. dendrobatidis
Ranavirus

Number of
Occupied Sites

Total Number of
Visits

VES Detection
Probability

eDNA Detection
Probability

10
8
11
7

28
24
30
21

0.428
0.041
0.033
0.000

0.285
0.375
0.466
0.523

Cumulative
Detection
Probability
0.714
0.416
0.500
0.523
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Abstract
Earth is experiencing unprecedented biodiversity loss. Current species extinctions
are estimated to be ten thousand times that of background extinction rates. For example,
population declines and extinctions among amphibian species are greater than those for
birds and mammals. Amphibians are affected by numerous threats including climate
change, habitat loss, invasive species and disease. Disease is considered one of the
primary drivers of amphibian population declines and extinctions globally and it often
works in tandem with other cofactors. More specifically, two virulent pathogens, the
chytrid fungus, Batrachochytrium dendrobatidis and Ranavirus have been implicated in
amphibian population declines and mass mortality events across worldwide. However,
disease-related declines are challenging to assess as long-term surveys of amphibian
species and their pathogens are lacking.
The Chugach National Forest, Alaska, is the second largest national forest in the
U.S. Its remoteness and inaccessibility make it particularly challenging to survey.
However, researchers, conservation managers and community members have noticed
population declines in amphibian populations in the forest despite breeding ponds being
relatively undisturbed. Furthermore, given IPCC climate change projections, both
pathogens were predicted to increase in incidence and geographic range.
To assess the status of amphibian pathogens on the Chugach National Forest and
inform management, I sampled amphibians and the aquatic environment for B.
dendrobatidis and Ranavirus. Herein I present the first documentation of B.
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dendrobatidis in the Chugach National Forest. I also present the first documentation of
Ranavirus in the state of Alaska at latitudes just above 60N.
Keywords: Ranavirus, B. dendrobatidis, Chugach, Alaska, detection
Introduction
Earth is experiencing unprecedented biodiversity loss (Dirzo et al. 2014). Current
species extinctions are estimated to be ten thousand times that of background extinction
rates (Chivian et al. 2008, Dirzo et al. 2014). For example, population declines and
extinctions among amphibian species are greater than those of birds and mammals (Stuart
et al. 2004). Amphibians are affected by numerous threats including climate change,
habitat loss, invasive species and disease (Blaustein et al. 2011). Disease is considered
one of the primary drivers of amphibian population declines and extinctions globally as it
often works in tandem with other cofactors (Blaustein et al. 2011). More specifically, two
virulent pathogens, the chytrid fungus, Batrachochytrium dendrobatidis and Ranavirus
have been implicated in amphibian population declines and mass mortality events
worldwide (Berger et al. 1998, Stuart et al. 2004, Blaustein et al. 2011).
Batrachochytrium dendrobatidis (hereafter, Bd) is one of two chytrid fungal
species known to infect vertebrates. Motile zoospores of the fungus encyst in the
keratinized tissues of amphibians. In metamorphosed individuals, whose skin is primarily
composed of keratin, infection in some species can be lethal (Voyles et al. 2009). In
amphibian larvae, however, only the mouthparts are keratinized. Therefore although
infection can be lethal, the fungus is more likely to trigger sublethal effects in larvae
(Blaustein et al. 2005; Voyles et al. 2009). Bd has a global distribution and has been
detected on a variety of amphibian hosts (Olson et al. 2013). Bd can survive at
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temperatures ranging from 17-25C (Piotrowski et al. 2004), but optimal growing
temperatures vary with strain (Stevenson et al. 1985). Xie et al. (2016) predicted the
spread of Bd to northern latitudes given IPCC climate change scenarios.
Infection with a strain of Ranavirus can also be lethal to amphibians at any life
stage (Gray et al. 2009). Ranaviruses include a diverse group of DNA viruses which can
infect amphibians, reptiles and fishes (Gray et al. 2009, Brenes et al. 2014). Amphibians
infected with a strain of Ranavirus (frog virus 3) exhibit lethargy, erratic swimming
behavior, and multi-organ failure, ultimately leading to death (Gray et al. 2009).
Ranavirus also appears to be globally distributed, with mass mortality events documented
across the Americas, Europe and Asia (Duffus et al. 2008). In cell culture, Ranavirus
grew optimally at 24C (Ariel et al. 2009).
The Chugach National Forest, Alaska is the second largest national forest in the
U.S. The sheer size of the forest coupled with its remoteness and inaccessibility make it
particularly challenging to survey. However, researchers, conservation managers and
community members have noticed declines in amphibian populations on the forest
despite breeding ponds being relatively undisturbed (personal communication with Erin
Cooper). Given climate change projections, it is imperative to document the potential
spread of these two virulent pathogens and document disease-related declines. However,
documenting amphibian declines, particularly those that may be driven by disease, is
particularly difficult given that long-term monitoring of amphibians and their pathogens
is lacking (Blaustein et al. 1994). Therefore, the primary goal of this study was to
inventory Bd and Ranavirus in the Chugach National Forest.
Methods
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Site selection
Surveys were conducted during the summers of 2015 and 2017. I selected 13 sites
on the Chugach National Forest that had known amphibian occupancy. I selected sites
with historic occupancy to maximize detection of the Bd and Ranavirus,. Historic anuran
occupancy was determined using the Arctos database (http://arctos.database.museum),
which collates museum specimen collection records. I visited each of the 13 sites on 3
separate occasions, which was designed to maximize detection probability. Sampling
efforts were focused in suitable amphibian habitat, which was considered ~ 1 m deep
riparian areas. During each visit, I conducted a combination of visual encounter surveys
and collection of environmental samples.
Visual encounter surveys
During each visit, I randomly selected the placement of 3 100-m transects at each
site following established protocols (Olson et al. 1997). I walked the length of each
transect and searched for amphibians within 1-m on each side of the transect. After
completing the transect surveys, I conducted a time-restricted survey whereby I walked
the perimeter of each site in search of amphibians for 30 minutes.
Upon capture of an amphibian, I swabbed each animal for infection with Bd and
Ranavirus. To prevent cross contamination, I used new gloves and a new sterile swab
(Medical Wire and Equipment, Corsham, UK) for each animal. For larvae, I swabbed the
mouthparts by twisting the swab 25 times. For metamorphosed individuals, I swabbed the
abdomen 5 times, each leg 5 times, and each foot 5 times for a total of 25 passes. To test
for infection with Ranavirus, I swabbed the cloaca 25 times following established
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protocols (Gray et al. 2012). All swabs were stored in sterile 2-mL microcentrifuge tubes
at -20C until DNA extraction.
Water sample collection
In conjunction with visual encounter surveys, I also collected water samples. Prior
to collection, all equipment was sterilized in a 50% bleach solution. At each site, I
collected a 1-L site blank control, which consisted of distilled water. At the beginning of
each transect, I collected 3 1-L water samples for a total of 9 biological samples per visit.
All samples were stored on ice or in a refrigerator prior to water filtration. Two of the 3
samples collected at the beginning of each transect were filtered through a 0.45 m
cellulose nitrate disposable filter funnel and 1 of the 3 samples was filtered through a
0.22 m cellulose nitrate disposable filter funnel (Sterlitech, Kent, WA, USA) using an
Alexis 12-volt peristaltic pump (Proactive Environmental Products, Bradenton, FL,
USA). All filters were stored in 100% molecular grade ethanol in sterile 2-mL
microcentrifuge tubes at -20C until DNA extraction.
Analysis of swabs
I extracted DNA from swabs following established protocols (Boyle et al. 2004)
with the exception that I used 60 l of Prepman Ultra (Applied Biosystems, Foster City,
CA, USA) instead of 40 l. I quantified infection load using real-time quantitative
polymerase chain reaction (qPCR) using the ABI Prism 7500 Fast Sequence Detection
System (Applied Biosystems, Foster City, CA, USA). I ran each sample against a no
template control and standard titrations of Bd and Ranavirus from 10 -1 to 102. I deemed
samples positive if they amplified in 2 or more wells. I deemed samples negative if they a
amplified in one well or did not amplify in any of the 3 wells.
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Analysis of filters
All samples were dried to evaporate remaining ethanol in a sterile UV hood for 24
hours prior to DNA extraction. Once dried, I extracted the DNA from filters using a
DNeasy Blood and Tissue Kit (Qiagen, Valencia, CA, USA) following the manufacturer
protocols with the exception that I used 630-l Buffer ATL and filters were incubated in
lysis buffer for 48 hours. I quantified DNA via droplet digital polymerase chain reaction
(ddPCR) using the QX200 AutoDG Droplet Digital PCR System (Bio Rad, Hercules,
CA, USA). I used primer and probe sequences found to be effective in the literature
(Table 5.1). Bd primers and probes were established by Boyle et al. (2004) by sequencing
the I8S, ITS-1 and 5.8S regions of 4 Bd isolates (GenBank accession # AY598034). Blast
sequence alignments revealed that the ITS-1 region did not align with any existing
sequences (Boyle et al. 2004). However, the 5.8S region is considered highly conserved
across many fungal species (Boyle et al. 2004). Ranavirus primer and probe sequences
followed Gray et al. (2012). Blast sequence alignments revealed that sequences align with
all known members of the genus Ranavirus and one other organism, a sea anemone (Hall
et al. 2015).
Each reaction contained a total volume of 22-l consisting of 900 nM of each
primer, 250 nM of TaqMan probe, 6-l of template, and water to 22-l. Cycling
conditions followed the manufacturer’s protocol for ddPCR Supermix for probes (no
dUTP) (Bio Rad, Hercules, CA, USA). Samples were run in duplicate against an
extraction blank, no template control and positive controls. Samples were considered
positive when one of two wells tested positive above the set threshold. Samples were

113

considered negative when they did not amplify in either of the two wells or fluoresced
below the set threshold. I quantified DNA concentration per l.
Calculating detection probability
Repeat visits to each site yielded detection histories. Using the detection histories,
we calculated the probability of detection when sites were occupied. We calculated
detecting probabilities by dividing the number of visits where each organism was
detected by the total number of visits to occupied sites.
Results
Bd was detected at 11 of the 13 sites sampled. When the site was occupied by Bd,
the probability it would be detected via swabs was 0.03 but 0.46 via water sample
collection. When the site was occupied by Ranavirus, the probability it would be detected
via swabs was 0.00, but 0.52 via water sample collection.
Discussion
This is the first documentation of Bd on the Chugach National Forest. However,
previous samples have tested positive at more northern latitudes (Reeves 2008), therefore
its detection is not surprising. Detection probability was highest for Bd when
environmental samples were taken. Bd is known to persist in the environment (Chestnut
et al. 2014), therefore, swabs may have underestimated of the presence of Bd in the
system. Furthermore, Bd can persist on non-amphibian hosts (McMahon et al. 2013),
therefore only sampling amphibians may underestimate its presence.
This is the first documentation of Ranavirus in Alaska. Ranavirus was detected at
latitudes just above 60  N, which is slightly higher than Reshetnikov et al. 2014 (but see
Table 5.1). Again, detection probability was highest for Ranavirus when environmental
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samples were taken. Ranavirus can also persist in the environment and on non-amphibian
hosts (Gray et al. 2009, Brenes et al. 2014), therefore swabs of amphibians provided an
underestimate. Moreover, the primers employed are known to amplify all members of the
genus Ranavirus. Therefore, it is also possible that the environmental samples collected
yielded a member of the genus Ranavirus, but not necessarily the specific strain of
Ranavirus infecting amphibians.
Finding both pathogens at sites on the Chugach National Forest, Alaska may
potentially explain the reports of amphibian population declines in the area. However, we
did not find any amphibians with visible infections with Bd or Ranavirus. It is possible
that the animals swabbed for infections had undetectable infection loads or had recovered
from infection. In the case of Ranavirus, it is also possible that the strain of Ranavirus
found at these sites does not infect amphibians. Continued inventory and monitoring of
amphibians and their pathogens on the Chugach National Forest, Alaska is warranted for
understanding trends in amphibian populations and their pathogens.
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Table 5.1: Latitudes where Ranavirus was detected using water sample collection.
Site

Latitude

Cordova Airport

60.517071N

Eccles Creek

60.528867N

Eccles Reservoir

60.531258N

Eyak Lake

60.552488N

Port Gravina

60.769643N

Stump Lake

59.8733275N

Martin Lake

60.362784N
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Anthropogenically driven biodiversity loss is one of the greatest ecological
challenges of our time (Chivian et al. 2008, Dirzo et al. 2014). Population declines across
taxonomic groups are considered comparable to the magnitude of those documented in
the previous five mass extinction events (Barnosky et al. 2011). Notably, amphibians are
considered one of the most threatened groups of vertebrates (Stuart et al. 2004).
Amphibian population declines and extinctions are driven by a variety of factors
including habitat loss, climate change, invasive species, chemical contaminants and
disease (Blaustein et al. 2011). However, disease has been identified as one of the most
important drivers of amphibian population declines and extinctions worldwide (Daszak et
al. 2000, Tompkins et al. 2015, Blaustein et al. 2018). Although amphibians can be
infected by a range of infectious agents, two focal pathogens were selected for this
dissertation work because of their connection to amphibian mass mortality events and
population declines. First, Ranavirus, is a widespread Iridovirus that infects fishes,
reptiles and amphibians and causes multi-organ failure and hemorrhaging (Gray et al.
2009). Second, the fungal pathogen, Batrachochytrium dendrobatidis infects the
keratinized tissues of amphibians, which for metamorphosed amphibians can lead to
compromised osmoregulation and ultimately cardiac arrest (Voyles et al. 2009). Both
pathogens are considered emerging infectious diseases given their recent increase in
incidence and geographic range, thus important pathogens to monitor.
Research on these two pathogens has focused primarily on the direct effects of
these infectious agents on their hosts, but very little research has investigated the
cascading effects of either Ranavirus or Bd on aquatic communities. Therefore, in
Chapter 2, I experimentally manipulated the presence of Bd and A. boreas larvae in
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mesocosms to test for the indirect effects of Bd on the aquatic community. As predicted,
Bd reduced amphibian densities, which indirectly resulted in less herbivory and an
increase in periphyton biomass. However, because Bd infects the keratinized tissues of
amphibians, which in larvae is restricted to the mouthparts, Bd also triggered a reduction
in feeding on attached algae due to mouthpart damage (e.g., a trait-mediated indirect
effect). In fact, the trait-mediated effect of Bd on periphyton biomass was larger than the
density-mediated effect. These results provide the first evidence for a trait-mediated
indirect effect caused by Bd. These conclusions highlight the direct and cascading effects
that infectious agents can have on community structure.
Given the magnitude and complexity of amphibian declines worldwide (Houlahan
et al. 2000), long-term monitoring of amphibians and their pathogens is needed to: (1)
assess amphibian and pathogen population status; (2) quantify amphibian and pathogen
population fluctuations to categorize trends properly; and (3) relative to disease agents in
particular, detect combined community-level effects of infectious agents and amphibian
abundances and distributions (Blaustein 1994, Skerratt et al. 2007, Blaustein et al. 2011).
However, traditional biodiversity assessments of freshwater ecosystems can be costly,
damaging to the target species or ecosystem. Additionally, traditional surveys may
overlook populations with low densities, patchy distributions or secretive behaviors.
Thus, the collection of environmental DNA (eDNA) has been used to detect species using
a molecular approach. Given its potential to revolutionize wildlife management, we
conducted to studies to test the applicability of eDNA in this context. In Chapter 3, I
tested the ability of eDNA to detect different life stages of amphibians. Given that eggs
are encapsulated in a strong jelly, I predicted that eDNA detection of eggs would be low.
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Conversely, because larvae are growing, eating and defecating in the water regularly, I
hypothesized that eDNA detectability would be greatest for larvae. Contrary to my
predictions, water samples taken the day that animals were removed yielded the highest
DNA concentration from samples taken from eggs and lowest DNA concentration from
samples taken from metamorphosed individuals. These results highlight the importance
of understanding the phenology of the target species to maximize detectability using
eDNA. Furthermore, in Chapter 4, I took inventory of two amphibian species, R.
sylvatica and A. boreas and two of their pathogens, Bd and Ranavirus using both visual
encounter surveys and eDNA to test detectability using either approach. I found that
eDNA detected targets when visual encounter surveys did not and that visual encounter
surveys detected targets when eDNA did not. These results highlight the importance of
conducting studies on the utility of using eDNA as a monitoring alternative prior to field
application. Additionally, I conclude that the use of both eDNA and visual encounter
surveys yielded the highest detectability of all target organisms.
The experiments and observational study present here in add to the evidence that
pathogens can have cascading effects on ecological communities. Furthermore, given the
urgency of biodiversity assessment and potential applicability of eDNA as an inventory
and monitoring tool, it is imperative that we study the drivers of DNA production, release
and degradation prior to field application.
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